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Lipids are becoming an increasingly important chemical feedstock for the 
manufacture of biofuels, bioplastics, care-products and as a food source. Many of 
these consumer products are derived from petroleum resources, and therefore 
finding suitable replacements is a key engineering challenge. While first generation 
lipid feedstocks have shown potential to displace some fossil fuel use, lipids 
produced from current sources such as oil crops, cannot realistically meet the 
demand for these uses sustainably. One alternative is to produce microbial oils 
from oleaginous yeast. These have many advantages such as high growth rates, 
year-round productivity and high lipid yield.   
The fatty acid profile of the lipids is extremely important in determining their 
eventual use. Oils high in oleic acid such as rapeseed oil are the most suitable 
biodiesel feedstock and also offer the highest potential for further chemical 
upgrading to polymers, higher value chemicals or aviation fuels. Alternatively, to 
replace palm oils in the cosmetic or food industries, high levels of saturated lipids 
are necessary. Rhodotorula sp., can produce high yields of lipid and has a simple 
fatty acid profile, composed mainly of C16 and C18 fatty acids. Using Design of 
Experiments it was shown that the fatty acid profile of R. glutinis could be tailored 
towards a desired application. A high culture temperature and high nitrogen ratio 
yielded mainly unsaturated oil, whereas a low culture temperature and high 
glucose loadings gave a more saturated profile. On transesterification, the oil high 
in monounsaturated esters yielded biodiesel with fuel properties akin to rapeseed 
methyl ester (RME), whereas the oil high in saturates was found to be suitable as a 
substitute for palm oil. In contrast, the lipid profile for R. minuta showed no such 
fluctuation. 
One of the drawbacks to the commercialisation of this technology is the high 
production costs involved. Low energy ultrasound is known to have a positive effect 
on both biomass and ethanol production in S. cerevisiae. In an attempt to reduce 
processing costs, intermittent ultrasound with R. glutinis was undertaken to aim to 
improve glucose conversion efficiencies. Sonication was found to have no positive 
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effect on the biomass or lipid accumulation when applied in the exponential phase 
of R. glutinis growth. However, on applying the sonication in the stationary phase, a 
beneficial impact was observed with the lipid coefficient being increased by 24%. 
While it is unlikely to be economic to produce lipids from refined sugars, 
inexpensive carbon sources such as lignocellulosic hydrolysates or waste streams 
offer a promising alternative. Microbial growth on these feedstocks can however be 
challenging, due to the large range of sugars present in the hydrolysates as well as 
toxic compounds formed during the sugar extraction process. The potential of two 
biomass hydrolysates: depolymerised Miscanthus and household food waste were 
investigated, alongside the effects of the model inhibitory compounds and sugar 
substrates on the growth of Rhodotorula sp. While the Miscanthus hydrolysate was 
deemed unsuitable as a feedstock for lipid production, acid-hydrolysed food waste 
produced a promising feedstock for Rhodotorula sp. Biomass yields of 
approximately 10 g/L were produced for R. minuta and R. glutinis, with the 
resulting lipid profile being approximately 65% oleic acid (18:1) for both species. 
One obstacle for lipid production from oleaginous microbes are the energy costs 
associated with the extraction and subsequent conversion into biodiesel (FAME). A 
one-step method to produce FAME by combining lipid extraction from R. glutinis 
using a microwave reactor with acid-catalysed transesterification was developed. 
Over 99% of the lipid was extracted using 25 wt.% H2SO4 over 20 min at 120 °C. At 
higher catalyst loadings, similar yields were achieved at a reaction time of 30 s. 
Equivalent yields of FAME were achieved compared to the traditional method of 
Soxhlet extraction, run with the same solvent system for 4 h. Under the best 
conditions, the energy required by the microwave was less than 20% of the energy 
content of the biodiesel produced. Finally, the energetics of the conversion of 
household food waste to oil (SCO process) using Rhodotorula sp. was compared to 
that of the anaerobic digestion (AD) of food waste. Oil production alone was 
deemed energetically unfeasible. However, a coupled SCO and AD plant may have 
economic viability as a waste-to-energy route, especially for the production of bulk 
commodities such as jet fuel, in which the energy generated from the methane can 
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“You have to know the past to understand the present.”  
 
Dr. Carl Sagan  




1.1 Opening remarks 
The need to move away from our dependence on fossil fuels has been well 
documented. The finite nature, geopolitical uncertainty and negative 
environmental impacts of fossil fuels, make the replacement of petrochemical oil 
sources with sustainable alternatives one of the biggest challenges in the 21st 
century. One alternative is to produce oil from microbial oils such as yeast. This 
chapter delivers an overview of the current literature, providing background 
information on the production of single cell oils as well as their application within 
industry as a feedstock for fuels and commodity products. The literature on lipid 
production from Rhodotorula sp. is also explored. The chapter concludes with the 
aims and objectives surrounding the work conducted. The transport fuel application 
of this literature has also contributed towards a review article published in 2014 
which can be found in Appendix C (p 203): 
C. J. Chuck, F. Santomauro, L. A. Sargeant, F. Whiffin, T. Chantasuban, N.R. A. 
Ghaffer, J. L. Wagner, R. J. Scott. 2014, Liquid transport fuels from microbial yeasts 
– current and future perspectives. Biofuels. 5 (3) 293-311. 
1.2 History 
Since the first commercially-successful oil well was drilled in 1859, we have been 
aware of its finite quantities. While its discovery was initially viewed as a 
replacement for heating and lamp oil, petroleum became the dominant road 
transport fuel within 70 years of it first being extracted. In 1890, encouraged by the 
low efficiencies surrounding steam engines and the low value of waste middle-
distillates (e.g. kerosene and diesel), Rudolf Diesel (1858-1913) developed the 
diesel engine, which along with the fuel that powers it, now bears his name. Shortly 
after its development, at the 1900 World’s Fair in Paris, the use of peanut oil was 
demonstrated in a diesel engine. However, this was at the request of the French 
Government due to the plentiful supply of peanut oil in African colonies to enable 
the colonies to be self-sufficient;4 Diesel himself designed the engine to be fuelled 
by mineral oil. In later years he did however became an advocate of vegetable oils 
for use in vehicle engines.4  




During World War II, vegetable oils received considerable interest due to their 
potential as an emergency fuel supply as uncertainty surrounding petroleum oil 
increased. At the time, ships were also switching from coal-fired vessels to oil-fired 
ones, increasing the demand for oil. This meant that many nations prevented the 
export of vegetable oils to ensure supplies in the event of a fuel shortage, as well as 
the cracking of fuel to produce gasoline and kerosene fractions. A considerable 
amount of research into alternative oil sources and blending with petroleum fuels 
was also undertaken at this time. However, once oil prices stabilised after the war, 
oil quickly became a cheap and abundant supply of energy, and interest into 
renewable alternatives declined. Interest was however reignited during the energy 
crisis of the 1970s and early 1980s, when there was again uncertainty surrounding 
the supply of mineral oil. Still today, geopolitical instability is one of the major 
motivators for research into alternative energy sources. For example, it is still being 
debated as to whether the true motive of the Iraq war (2003-2011) was to secure 
global oil supplies.5 
1.3 Current outlook 
The use and production of crude oil is one of the major drivers of the modern global 
economy. It is believed that proven oil, gas, coal and uranium reserves will be 
exhausted in 60-80 years.6 Even assuming there is a stable global population of 9 
billion people after 2050, the ultimately recoverable reserves are only estimated to 
last until 2084 if the rate of economic growth is 3% per annum.7  
In a typical barrel of oil, approximately 80% is upgraded into light and middle 
distillates such as gasoline, diesel and jet fuel; with around 12% of heavy distillates 
being used in bitumen, lubricating oils and waxes. The remainder is used in many 
different chemical processes, but it is vastly dominated by the plastics industry. 
Each one of these applications requires different physical properties of the oil. 
Within a traditional oil refinery, the process involves cracking, separation and 
further hydrotreatment of crude oil. This yields fractions of differing chain lengths, 
saturation and branching, and thus varying physical properties. However, the rising 
cost and finite quantities of current oil resources, coupled with the environmental 




concerns surrounding the use of petroleum have prompted the need for 
sustainable alternatives. 
1.4 The transition to a bio-based economy  
In order to establish solutions to reduce the rapid consumption of fossil resources, 
the transition to a sustainable bio-based economy encompassing bio-based 
products, bio-energy and bio-fuels is considered to be essential.8 In the European 
Union, the Biofuels Directive (2003/30/EC) adopted in 2003 targeted 5.75% of diesel 
transport to be biomass-derived by December 2010.9 This was adapted in the 2009 
Renewable Energy Directive (2009/28/EC) in which the target is 10% use of 
renewable energy in the EU transport sector by 2020.10 The US Department of 
Energy has also  set a target of 25% of industrial organic chemical feedstocks to be 
derived from bioresources by 2025.9 Similarly, €3.7 billion is to be invested in the 
European economy between 2014 and 2024 to develop the bioeconomy sector.11 In 
order to meet these targets, it has been suggested that businesses need to be 
based around a biorefinery model, in which renewable plant material is converted 
into higher-value fuels, chemicals and materials (Figure 1.1).12 As such, considerable 
attention has been attached to raw materials that exploit the synthetic capabilities 
of nature.13  
 
Figure 1.1: A fully integrated biorefinery model providing bio-fuels, bio-materials and bio-energy 








Vegetable oils and animal fats currently make up the greatest proportion of 
renewable raw materials in the chemical industry.  Globally, around 160 billion 
tonnes of plant oils are produced per year derived from plant seeds such as 
soybean, rapeseed and palm oil.14 The increasing demand in vegetable oils to meet 
renewable targets is causing increasing pressure on the availability of these oils 
worldwide. The oils can be readily converted to suit a broad range of chemical 
applications, thus increasing the demand.13 This includes fuel molecules for the 
road transport and aviation industries, as well use in polymer applications, 
lubricants, and home & personal care products. The choice of the oil feedstock is 
paramount to the economic viability of the end product, as it can account for over 
75% of the overall cost of the process.15  
1.4.1 Lipid structure and nomenclature 
Lipids are broadly defined as fats, oils or waxes that are insoluble in water but are 
soluble in many organic solvents. Lipids that are solid or semi-solid at room 
temperature are generally classified as fats, and occur predominantly in animals.  In 
contrast, lipids that are liquid at room temperature are generally classified as oils, 
originating largely from plant seeds. Lipids are predominantly composed of 
triacylglycerides (TGs), which serve as the main storage of energy and carbon in 
plant and animal cells.  TGs consist of three fatty acid molecules (alkyl chains) 
esterified to a glycerol backbone (Figure 1.2).  
Figure 1.2: Representation of triacylglyceride found in plant oils, comprised of oleic acid (top), 
linoleic acid (middle) and linolenic acid (bottom). 
 
The chain length and degree of saturation of the fatty acid chains vary considerably, 
and depends on the source of the feedstock as well as the growth conditions of the 




animal or plant from which the lipid is obtained. In terrestrial plants, the length of 
the alkyl chain on the triacylglycerides is generally between 12-20 carbons, with up 
to 3 double bonds. It is this high level of polyunsaturation that results in the lipid 
being an oil rather than a fat. In microbial oils there is more variation with fatty acid 
chains up to 26 carbons and up to 6 double bonds being present, especially in 
microalgal oils (Table 1.1).  
The fatty acid chains are referred to with a first number depicting the number of 
carbons in the aliphatic chain and a second number, following a colon, denoting the 
number of double bonds. The double bonds are found almost exclusively in the cis 
orientation and are spaced three atoms apart (e.g. 6,9,12-linolenic acid). The most 
common lipids in nature are methyl palmitate (16:0), methyl palmitoleate (16:1), 
methyl stearate (18:0), methyl oleate (18:1), methyl linoleate (18:2) and methyl 
linolenate (18:3). 
The length and degree of unsaturation of the alkyl chain greatly influence the 
physical properties of the resulting oil. Generally, the viscosity of the oil increases 
with an increasing chain length. As the degree of saturation within the oil increases, 
so too does the viscosity. This higher degree of saturation also confers a greater 
oxidative stability. Conversely, as the amount of polyunsaturation increases, the 
oxidative stability of the oil decreases but the viscosity is much lower. This 
relationship between the length and degree of saturation on the physical properties 
of the oil, necessitates that the oil should be carefully selected for its desired 
application.  








FAME (% of total lipid)
†
 
C14:0 C16:0 C16:1 C16:2 C16:3 C18:0 C18:1 C18:2 C18:3 C20:5 Other 
Microalgae
16
             
Chlamydomonas reinhardtii  2 32 2 2 2 - 18 11 22 -  
Chaetoceros calcitrans 3-17 19 26 28 - - 3 5 Trace - 7  
Dunaliella salina 16-44 1 19 2 2 7 2 5 6 39 Trace C12:0 = 2, C15:0 = 2, C18:4 = 
0.7. Trace amounts of: C14:1, 
C20:2 
Nannochloropsis oculata 2-10 4 25 23 1 1 2 6 4 4 28 C15:0 = 2, C17:0 = 1, C20:4 = 




             
Lipomyces starkeyi 61-68 - 467 3 - - 10 38 1 Trace -  
Rhodosporidium toruloides 55-67 - 31 1 - - 12 48 4.8 Trace -  
Yarrowia lipolytica 22-43 - 13 10 - - 9 53 13 1 -  
Rhodotorula glutinis 22-72  37 - - - 3 47 8 Trace -  










 ~45 - 2 - - - 2 65 21 10 -  
Soybean (Glycine max)
18
 ~20 - 10 - - - 4 30 48 8 -  
Palm (Elaeis guineensis) ~50 - 40 - - - 5 45 10 - -  
Linseed (Linum usitatissimum)
19
 ~42 - 5 - - - 4 22 17 52 -  
Sunflower (Helianthus annuus)
19
 ~50 - 17 - - - 4 26 53 Trace -  
Cocoa (Theobroma cacao)  4 26 1 - - 30 35 4 - -  
† 
Values are indicative of a mean value, but can vary significantly depending on strain and growth conditions. 
7
 
Chapter 1: Introduction 
8 
 
1.4.2 Microbial lipids 
The current method of lipid production using feedstocks such as oil crops, waste 
cooking oil and animal fats is insufficient to satisfy the future demand for the fuel 
and chemical industries. First-generation feedstocks from edible oils such as 
rapeseed, soybean and palm oil have attracted considerable public criticism due to 
concerns surrounding land use and food security. The development of second-
generation feedstocks from non-edible resources, such as jatropha, offered 
potential as a sustainable alternative, but the technology surrounding the 
conversion of such feedstocks has not reached viability for commercial exploitation. 
To be a suitable component of a future biorefinery, the lipid feedstock must be 
economically viable and require minimal agricultural land use. The lipids should also 
demonstrate superior environmental benefits compared to crude oil whilst 
maintaining suitable properties for the application. Foremost, to make a significant 
contribution to addressing the demand, the lipids must be capable of being 
produced in substantial quantities.20 To meet these requirements, third-generation 
feedstocks using microorganisms that can produce fats and oils (oleaginous 
microorganisms) have been considered as potential alternatives. Oleaginous 
microorganisms can produce more than 20% (w/w) of microbial lipid in their dry 
cell mass and is also referred to as single cell oils.17 The term single cell oils was first 
used in the 1970s, but has attracted a huge amount of research interest in recent 
years due to the need for a sustainable oil supply (Figure 1.3). Research into 
microbial lipids can be traced back as far as 1878, when the fatty acid composition 
of Saccharomyces cerevisiae was reported.21 Interest into microbial oils were 
particularly heightened around the early 20th century, with concerns surrounding 
the disruption of vulnerable oil supplies due to the commencement of World War I 
and II, so that alternative oil sources could be produced if necessary. However, 
problems surrounding scale-up, recovery and extraction were not overcome, and 
the resulting high-energy biomass was fed only to the army horses.3 






A wide array or microorganisms can produce lipids, including microalgae, bacteria, 
fungi and yeast. However, to date only microalgae and a small number of 
oleaginous yeast have been investigated.  Similarly to plant oils, microbial oils are 
mainly composed of triacylglycerides, stored in discreet lipid bodies,22 but can also 
consist of free fatty acids, other neutral lipids  (such as mono- and di-acylglycerides 
and steryl-esters), sterols, polar lipids (e.g. phospholipids, sphingolipids, 
glycolipids), and hydrocarbons.17 The mono- and di-acylglycerides, along with the 
polar lipids are generally found in the plasma membrane.21 Compared to other 
vegetable oils the production of microbial oil has many benefits. The biomass 
doubling time within exponential growth can be as short as 40 min and the oil 
content within the cell can exceed 80% by weight of dry biomass, meaning that oil 
productivities can be considerably higher compared to oil crops. The cultivation of 
oleaginous microorganisms is also less labour intensive, less affected by location, 
season and climate, and are easier to scale up than terrestrial crops.23 For example, 
it has been estimated that the land area needed to produce the same volume of 
























Figure 1.1: Number of publications including single cell oil in the title from 1970-2014. Source: 
Web of Knowledge, 17 June 2014. The exponential increase in the number of publications from 
the late 1980’s reflects the increasing interest into alternative oil sources, underpinned by the need 
for a sustainable oil supply. 




jatropha than for microalgae; assuming the microalgae is grown in a 
photobioreactor to a concentration of 4 kg/m3 and an oil content of 50% (d.wt).24  
1.5 Oleaginous microalgae 
The majority of work into microbial lipid production has focused on autotrophic 
microalgae. Microalgae are unicellular, photosynthetic organisms that convert CO2 
into biomass and lipids. Microalgal lipids have mainly been researched for the 
production of biodiesel, with many reports and articles assessing the viability of 
biodiesel production in comparison with other available feedstocks.24-28 Microalgae 
grow in an aquatic environment, and have been shown to grow in salt water and 
wastewater.25 Microalgae also sequester CO2, biomass is produced in the process of 
CO2 fixation through photosynthesis. Whilst this also occurs in terrestrial crops, 
microalgae have been shown to exhibit 10-50 fold greater efficiency to fix CO2 than 
oil crops.29 It is due to the ability of microalgae to be able to fix CO2 using the 
energy from the sun that has resulted in a huge amount of interest in microalgae, 
with the belief that oil could be produced cheaply from free resources. However, 
while the production of algal oils and the subsequent conversion into useable fuels 
has been demonstrated repeatedly,24,30-31 the commercialisation of this technology 
still remains elusive. 
1.5.1 Heterotrophic algal growth 
By comparing fifteen published articles based on the life cycle analysis of oil 
production from microalgae, Sills et al. concluded that only high microalgal 
productivity (34-50 g∙m-2∙day-1) combined with extracting the oil from wet biomass 
would yield an economically favourable process.32 In order to achieve these yields, 
heterotrophic growth using organic carbon as an energy source has received 
considerable attention for microalgal growth. This utilises fermentation technology 
in the form of stirred tank reactors. Mixotrophic growth, using CO2 and organic 
carbon in the presence of light is also possible.  
Different species of microalgae have been reported to be able to grow 
heterotrophically, including Chlorella sp., Haematococcus sp. and Chlamydomonas 
reinhardtii. Biomass yields from heterotrophic growth are significantly higher than 




those achieved for autotrophic growth. For example, heterotrophic growth of the 
microalga Chlorella zofingiensis yielded a cell density of 10.1 g/L compared to 1.9 
g/L when grown under autotrophic growth conditions.33 For this reason, 
heterotrophic growth has been employed as an industrially viable method for lower 
value applications. By growing microalgae heterotrophically, the U.S. biotechnology 
company, Solazyme, are producing drop-in fuel replacements for the road transport 
(SoladieselRD®), marine (SoladieselHRF-76®) and aviation (Solajet®) sectors from 
microalgae.34 
While considerably better than photoautotrophic growth, the heterotrophic growth 
of microalgae still has several limitations. Firstly, most microalgae are 
photosynthetic organisms, and thus the number of heterotrophic species available 
without genetic modification is limited. Microalgae also have a broad lipid profile 
(Table 1.1), which while desirable in niche applications, could hinder economic 
development due to variations in the feedstock. Finally, the economics surrounding 
the cost of the production of algal oil is unfeasibly high. This has been estimated to 
be around US $7000/tonne compared to US $1500/tonne for rapeseed oil.35 
1.6 Yeast in industrial biotechnology 
In terms of economics and cultivation methods, the production of yeast is similar to 
growing microalgae heterotrophically.35 However, yeast exhibit several advantages 
over microalgal feedstocks for lipid production. Yeast are heterotrophic organisms, 
and as such, all of their energy for cellular respiration and division is acquired from 
an organic carbon source. Yeast do not require light, have shorter doubling times, 
and they can reach much higher cell densities (10-100 g/L in 3-7 days) when 
compared to microalgae.36 Yeast are also less susceptible to viral infection than 
microalgae and can be grown in low pH conditions which can reduce the likelihood 
of bacterial contamination.21 Yeast are particularly versatile as hosts for genetic 
modification, which has resulted in yeast being the principal model eukaryotic 
organism utilised for fundamental research.37 In addition to the oils, yeast also 
produce a range of co-products. These co-products are especially important when 
investigating the production of relatively low value commodity products such as 




fuels, as these co-products are economically attractive to a potential biorefinery 
plant. Co-products include biologically-derived surfactants (e.g. sophorolipids from 
Rhodotorula bogoreinsis)38-39 which are biodegradable, as well as high value 
carotenoids such as astaxanthin, from Phaffia rhodozyma.40 Solazyme, the 
Californian-based microbial oil producer, have also applied for several patents 
surrounding yeast oil-to-fuel; evidence of strong industrial interest in oleaginous 
yeast.21 
Yeast have been exploited for the production of beer, wine and bread for many 
centuries, but it is only in the last few decades that the extent of the 
biotechnological use of yeast has been understood. The biotechnological potential 
of yeast has been exploited for the production of food, medical, scientific and 
agricultural purposes (Figure 1.4).41 The productivity of the economic revenue 
obtained from yeast products exceeds that of any other group of industrial 
microorganism.37 51Although there are over 1600 known yeast species, the vast 
majority of research, both from an applied and fundamental perspective has been 
undertaken with yeast from the Saccharomyces genus, especially the ethanol-
producer, S. cerevisiae. This is partly due to its resilience to industrial conditions,42 
and was named the first domesticated organism for its biotechnological 
applicability.  The majority of the research into the genetic modification of S. 
cerevisiae has been to improve xylose assimilation (due to the prevalence of xylose 
in depolymerised lignocellulose feedstocks), enhancing the ethanol yields or to 
produce alternative fuel molecules such as butanol, farnesane or isoprene.42 
Perhaps the most well-known of the non-Saccharomyces yeast are of the 
ascomycetes phylum, which are particularly important for food (single cell protein) 
and bioethanol production.43 Some ascomycete yeast are also known to be 
oleaginous. These include Candida, Cyberlindnera, Geotrichum, Kodamaea, 
Lipomyces, Magnusiomyces, Metschnikowia, Trigonopsis, Wickerhamomyces, and 
Yarrowia genera.44-47 In contrast, basidiomycetes yeast have only been studied 
extensively in the last few decades, with very little industrial exploitation. A number 
of these yeasts do however have significant industrial potential especially  
regarding enzyme manufacture, bioremediation and the production of primary and 




secondary metabolites, such as lipids (Figure 1.4).41 Approximately 60% of 
oleaginous yeast species are found within the basidiomycete genera,21 and include: 
Cryptococcus, Guehomyces, Leucosporidiella, Pseudozyma, Rhodosporidium, 
Rhodotorula and Trichosporon.44,48-52 Though species-specific, most oleaginous 
yeast can produce lipids from a variety of carbon sources including glucose, xylose 
and glycerol. Work is also underway to culture some oleaginous yeast on waste 
streams such as depolymerised cellulose. The ability to grow in vitamin-free media 
is also a common trait of basidiomycete yeast, a characteristic which is of great 
benefit when looking at reducing production costs.21 
 
 









1.6.1 Oleaginous yeast 
Of over 1600 known yeast species, 70 are known to be oleaginous.21 Oleaginous 
yeasts are capable of accumulating intracellular lipids up to 80% of their dry 
biomass weight in discreet lipid bodies (Figure 1.5).  
In general, yeast lipid is composed of C16 and C18 fatty acids. Oleic acid (18:1) is the 
principal lipid accumulated in yeast cells, sometimes to higher than 70% (w/w).  
Palmitic acid (16:0) and linoleic acid (18:2) each constitute around 15-25% (w/w) of 
the total lipid, whereas stearic acid (18:0) and palmitoleic acid (16:1) are minor 
components of the oil, found in concentrations of 5-8% (w/w) and less than 5% 
(w/w), respectively.17 Polyunsaturated lipids such as α-linolenic acid (18:3) are not 
commonly synthesised in yeast oils. 17The relative composition of these lipids can 
however vary between yeast species (Table 1.2), as well as between different 
strains of the same species. On the whole, yeast oils have a similar profile to plant-
derived oils, such as rapeseed and sunflower oil, making them the ideal 
replacement for a sustainable feedstock.  








Major fatty acids (% w/w) 
16:0 18:0 18:1 18:2 
Cryptococcus curvatus 60 32 15 44 8 
Lipoyces starkeyi 65 34 5 51 3 
Rhodosporidium toruloides 66 18 3 66 - 
Rhodotorula glutinis 72 37 3 47 8 
Waltomyces lipofer 64 37 7 48 3 
†
>90% of the lipid is triacylglyceride 
 
 
Figure 1.5: Visualisation of the lipid bodies in the yeast Yarrowia lipolytica when grown in 
glucose medium (copied from Thevenieau and Nicaud).
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1.6.2 Basidiomycota phyla 
Basidiomycete yeast are most commonly found in relatively dry, nutrient-poor 
habitats such as on the surface of leaves and fruits (phylloplane), where the ability 
to survive periods of famine is essential. Because of this habitat, many 
basidiomycete yeast are able to survive on a wide variety of sugar sources, sugar 
alcohols and to a certain extent, lignin components. Generally, basidiomycete yeast 
can assimilate a broader array of carbon sources than ascomyecete yeast species.53 
By evolving to store the assimilated sugars as lipid, the yeast are able to ensure 
survival during periods of deprivation.21 Due to their habitat, basidiomycetes yeast 
also produce a range of interesting products, many of which protect against 
irradiation and reactive oxygen species, such as carotenoids. Of the basidiomycetes 
yeast genera, Cryptococcus sp., Rhodotorula sp., Rhodosporidium sp., Trichosporon 
sp., Xanthophyllomyces dendrorhous and Phaffia rhodozyme have been identified 
as species that are of biotechnological importance.41  
1.6.2.1 Rhodotorula species 
Rhodotorula sp. have been isolated from a range of habitats including plants, soil54 
and pine glacial environments.48 The ability of Rhodotorula sp. to be able to grow 
on biomass is indicative that many Rhodotorula species are involved in the natural 
biodegradation of biomass. For example, Hainal et al. demonstrated that 
Rhodotorula species are able to metabolise lignin.55 Using lignin separated from 
wheat straw and Saekanda grass at concentrations of 0.1% and 0.5% (w/v), the 
authors presented structural changes associated with lignin metabolism and 
achieved yeast biomass yields of up to 17 g/L (wet weight). The specific 
Rhodotorula species used within this study are however unknown.55 Similarly, 
Rhodotorula sp. are known to be able to assimilate compounds present in the 
breakdown of renewable resources such as furfural, acetic acid and 5-
hydroxymethylfurfural (5-HMF).56-57 This property offers exciting industrial potential 
for the remediation of biomass waste streams.  
Rhodotorula sp. have also been researched as bio-control agents. R. glutinis was 
shown to be able to metabolise patulin, a mycotoxin commonly found in apple 
products,58 as well as preventing the formation of blue-grey mould (caused by 




Botrytis cinerea and Penicillium expansum) on apples.59 R. minuta was also shown 
to be an effective biocontrol agent for mango anthracnose (fungal disease of 
plants).60 Rhodotorula sp. may also have industrial potential as bioremediation 
agents. R. glutinis has been shown to be effective at absorbing uranium from 
wastewater streams,61-63 whereas R. rubra and R. creatinivora are able to 
metabolise phenol.64-65  Furthermore, enzyme production from Rhodotorula sp. has 
also been investigated. Possibly of most interest is the production of phenylalanine 
ammonia lyase,66-67 used for the production of L-phenylalanine from R. glutinis.68  
Many Rhodotorula sp. are known to produce carotenoids including β-carotene, 
torulene and torularhodin.69 Carotenoids are lipid-soluble pigments, the majority of 
which are C40 terpenoids.
70 Carotenoids are of commercial interest due to their use 
as food colourants and nutritional supplements, but also as natural antioxidants. 
While other yeast species (such as Xanthophyllomyces) are able to convert β-
carotene into the high-value antioxidant, astaxanthin, generally Rhodotorula sp. are 
unable to do this, resulting in torularhodin being the primary end product.41 While 
the function of the carotenoids is not fully understood, in Rhodotorula 
mucilaginosa, torularhodin has been shown to protect the yeast from light 
exposure.71   
Considerable attention has also focused on the production of lipids from this genus 
of yeast. The red yeast Rhodotorula glutinis has long been known for its high lipid 
content, being identified in the 1940s for its oleaginous properties. In 1949, oil from 
R. glutinis was described as being comparable to olive oil on the basis of its physical 
properties.21 R. glutinis is able to accumulate lipid up to 72% of its dry weight when 
glucose is used as the carbon source, but R. glutinis has also been shown to grow on 
a variety of carbon sources including hexose and pentose sugars,57 and waste 
streams such as crude glycerol,72 thin stillage73 and waste whey.70 It has also been 
demonstrated that the biomass production of R. glutinis may be as high as 185 g/L 
when grown in a fed-batch culture with glucose as the substrate.74 The lipid 
accumulation within R. glutinis is however strain-specific. For example, R glutinis 
UCDFST 06-542 produced three times more lipid than R. glutinis UCDFST 50-309 
when cultured under the same conditions.75 Typically, the lipid profile obtained 




from R. glutinis contains palmitic acid (16:0), oleic acid (18:1) and linoleic acid (18:2) 
as the main lipids.  R. glutinis has also attracted research attention due to the fact 
that it can synthesise carotenoids.76-77  The combined characteristics offered by R. 
glutinis including the ability to produce oil from a wide variety of substrates, 
conferred resistance to lignocellulose degradation compounds, a suitable lipid 
profile, and the potential for high-value by-products, offers tremendous industrial 
potential for this yeast species, and hence has been selected as the organism of 
choice for this thesis. 
While not as thoroughly investigated as R. glutinis, R. minuta has also been shown 
to be of interest for a variety of industrial applications. For example, R. minuta has 
been used on several occasions as a whole-cell catalyst for the enantioselective 
bioreduction of 1,2-diketones78 and dialkyl oxoglucarates.79 Isobutene production 
from R. minuta has also been reported, with L-leucine thought to be the precursor 
of the alkene.80 To date, there are only two publications examining lipid production 
from R. minuta.46,81 Pan et al. reported a biomass yield of 8.1 g/L with a lipid 
content of 24.6% (w/w),46 whereas Saxena et al. reported a maximum lipid yield of 
48% (w/w) with the alkyl chain of the lipids in the C7 – C18 range.
81 Very few yeast 
are known to produce medium chain lipids (C7 – C14) without genetic modification 
and as such, makes the industrial significance of this yeast an exciting possibility. R. 
minuta is also commonly found growing on the skin of grapes and has been 
demonstrated to be an active biocide-producing yeast.60 In order to survive on 
grape skins, the yeast must be able to tolerate harsh acidic conditions and high 
osmotic pressure, thus it has the potential to be a highly suitable organism for 
biotechnological application. It is however currently unknown how R. minuta would 
benhave in an industrial biotechnology system. R. minuta was therefore chosen as a 
second yeast specied for research in this thesis. 
1.6.3 Industrial potential of oleaginous yeast 
Commercial production of SCO has been shown to be feasible if given an 
appropriate market and process. Current successful commercial ventures have only 
involved high-value speciality chemicals such as the antioxidant, astaxanthin from 
Phaffia rhodozyme.69 This is due to the high costs surrounding the production of 




yeast oil. In 2008, Ratledge and Cohen estimated that the cost of yeast oil was US 
$3000 per tonne,35 which was twice the cost of the equivalent plant oils. More 
recently, Huang et al., calculated the cost of SCO production from yeast grown on 
lignocellulosic waste in China to be 7500 RNB (US $1230) per tonne.82 Strain and 
process improvement is therefore essential to make the production of microbial 
commodity oleochemicals economically feasible. Improvements surrounding 
pretreatment and hydrolysis, improved utilisation of carbohydrates in 
lignocellulosic hydrolysates, faster microbial growth, increased oil accumulation, 
improved harvesting technologies and upgrading of spent yeast biomass into 
valuable co-products could all result in an economically-viable process.21 
1.6.3.1 Feedstocks for yeast cultivation 
For heterotrophic SCO production, a carbohydrate source is required. Due to the 
relatively low value of the oil-based product, the feedstock must be as cheap as 
possible to enable economic viability. Highly refined sugars such as glucose cost 
around US $550/tonne and thus are too expensive for industrial application. Sugar-
rich plant crops such as sugar cane or sugar beet can be used, but this is food-
competitive which introduces questions surrounding the sustainability of the 
feedstock. Due to much of the criticism surrounding first generation feedstocks, it is 
essential that the oil produced is not food competitive. Many efforts have therefore 
focused on using low-cost waste materials as a growth medium for SCO production. 
Waste substrates have included, amongst others, banana juice, glycerol, molasses, 
whey, as well as wastewater from monosodium glutamate and olive oil mill 
processing.82 More recently, household food waste has also attracted attention as a 
waste feedstock for lipid production.83-84 Second-generation lignocellulosic (plant 
material) feedstocks such as switchgrass, sugarcane bagasse and wheat straw have 
also attracted interest due to the high carbohydrate content contained within the 
cellulose and hemicellulose polysaccharides.85 However, because yeast lack a 
significant cellulolytic activity, the lignocellulosic material requires pretreatment 
and hydrolysis to release significant quantities of monomeric sugars. A number of 
biological, physical, chemical and physico-chemical pretreatment methods have 
been developed to extract soluble sugars from lignocellulosic biomass.21 The 




pretreatment regime must be tailored towards the lignocellulose feedstock as well 
as to the target yeast strain, as different products are generated from each regime. 
Once the pretreatment has opened-up the structure of the polysaccharides and 
degraded the crystallinity of the cellulose fibrils, enzymes such as cellulases can be 
added to cleave the polysaccharides into oligo-, di- and mono-saccharides. The 
hydrolysis of lignocellulosic material, along with the waste feedstocks for SCO 
production is discussed in more detail in Chapter 5. 
1.6.4 Lipid accumulation in yeast 
Environmental growth conditions play a large part in the amount of lipid obtained.  
For example, factors such as pH, C/N ratio, oxygen,temperature, and concentration 
of trace elements and salts have been reported to have an effect on the lipid 
accumulation in yeast.36,86 While some species of yeast, such as Cryptococcus 
terricola can produce intracellular lipid continuously,21 most species produce lipid 
as a stress response induced by environmental change.21 Nutrient limitation has 
been widely investigated as a route to enhance lipid productivity.17 Most 
commonly, nitrogen limitation has been used as the trigger for enhanced lipid 
biosynthesis, however other substrate limitations have included sulfur,87 
phosphorous88 and microelements such as zinc, iron or magnesium. In the case of 
nitrogen limitation, cell division, as well as protein and nucleic acid synthesis all 
cease once the nitrogen has been depleted from the culture medium. Meanwhile, if 
there is an excess of organic carbon such as glucose in the culture medium, this can 
be assimilated by the cells and converted into storage lipids, which leads to the 
accumulation of lipid.20  
Due to the taxonomic diversity of oleaginous yeast, it is quite possible that the 
ability to accumulate intracellular lipid bodies may have evolved multiple times 
independently, and thus there may be multiple mechanisms for lipid production.21 
Presented here is the most commonly understood mechanism for lipid biosynthesis 
in yeast, based on work undertaken with S. cerevisiae. There are however a number 
of key distinctions between oleaginous and non-oleaginous yeast species. For 
example, oleaginous microorganisms produce significantly higher quantities of 
acetyl-CoA compared to non-oleaginous microorganisms.17  




1.6.4.1 Production of acetyl Co-A from sugars 
Under steady-state conditions, when glucose is used as the energy source, glucose 
enters the glycolysis pathway where it is converted into pyruvate through a 
multistep process yielding two molecules of pyruvate per glucose molecule. 
Pyruvate can then enter the mitochondrion and the tricarboxylic acid (TCA) cycle 
through its carboxylation by pyruvate carboxylase (TC) to oxaloacetate or the 
conversion to acetyl-CoA by pyruvate dehydrogenase (PDH).  This leads to the 
accumulation of citrate within the mitochondrion, which at excess levels is exported 
from the mitochondria into the cytosol by the tricarboxylate carrier (TIC) in 
exchange with malate. The citrate is then cleaved by ATP-citrate lyase in the cytosol 
to yield oxaloacetate and acetyl-CoA (Figure 1.6).22 
1.6.4.2 Limitation-induced acetyl-CoA synthesis 
Upon nitrogen exhaustion, the intracellular concentration of AMP (adenosine 
monophosphate) rapidly decreases as the AMP is converted into IMP (inosine-
mono-phosphate) and NH4
+ by AMP-desaminase. The release of NH4
+ ions provides 
a temporary nitrogen source for DNA replication and protein synthesis.89 AMP 
allosterically activates the mitochondrial isocitrate dehydrogenase, which is 
responsible for the conversion of isocitric acid to α-ketoglutaric acid, and as such, a 
decrease in AMP leads to intracellular accumulation of isocitric acid. Isocitric acid is 
found in equilibrium with citrate. These elevated levels of citrate within the 
mitochondrion result in its export into the cytoplasm in exchange with malate 
where it is cleaved into acetyl-CoA (Figure 1.6).17 
1.6.4.3 ATP-citrate lyase (ATP-CL) and fatty acid biosynthesis 
ATP-citrate lyase is a multi-enzyme complex found only in oleaginous microbial 
strains, and catalyses the formation of acetyl-CoA and oxaloacetate from citrate. 
The presence of ATP-CL can be used as a biological marker for oleaginicity as it is 
also present in oleaginous plants and higher animals.21 In microorganisms where 
ATP-CL is not present, the elevated levels of intracellular citric acid caused by 
nitrogen limitation is generally excreted from the cell into the culture medium. This 
method of citric acid production has been observed in Aspergillus niger and 




Candida sp.90-91 This has led to yeast being classified as either lipid-accumulating or 
citric acid-producing. 
In the oleaginous strains the acetyl-CoA continues in the pathway of lipogenesis, 
whereas the remaining oxaloacetate in the cytosol is converted to pyruvate, via 
malate by a malic enzyme, which can then re-enter the TCA cycle and generate 
NADPH. The NADPH is essential for the elongation of the alkyl chain of the fatty 
acid, and thus the malic enzyme controls the level of lipid accumulation.22 Similarly 
to ATP-CL, the malic enzyme is key to providing the oleaginicity of a microorganism. 
For example, over expression of malic enzyme in E. coli in the presence of malate 
resulted in a four-fold increase in intracellular lipids.92 
 
Once acetyl-CoA has been generated in the cytoplasm of the cell, it is carboxylated 
to form malonyl-CoA in an irreversible reaction by the enzyme, acetyl-CoA-
carboxylase (ACC), requiring ATP and HCO3. From this point onwards, the lipid 
 
Figure 1.6: Triacylglyceride biosynthesis pathway from glucose to triacylglycerols in oleaginous 
yeast. AAT: ATP-ADP translocase; ACL: ATP-citrate lyase; AS: ATP synthase; DIC: dicarboxylate 
carrier; MDH: malate dehydrogenase; ME1: malic enzyme; PC: pyruvate carboxylase; PDH: pyruvate 








biosynthesis pathway is essentially a reduction of malonyl-CoA units to form the 
alkyl chain of the triacylglyceride by a multi-enzyme complex known as fatty-acid 
synthase (FAS) within the cytoplasm.93 The FAS yields C16 fatty acid molecules, 
which are released from FAS by a thioesterase. These free fatty acids are activated 
to Coenzyme A to yield palmitoyl-CoA, which are often further elongated to 
stearoyl-CoA (C18). These are then esterified to glycerol by the α-glycerol phosphate 
acylation pathway (Figure 1.7). 
In the lipid biosynthesis pathway, the activated acyl-CoA units are subsequently 
used for the acylation of glycerol-3-phosphate (3-G-P). Acylation firstly occurs at the 
sn-1 position, by G-3-P acyltransferase, to produce lysophosphatic acid before a 
second acylation at the sn-2 position to yield phosphatic acid. Following 
dephosphorylation by phosphatic acid phosphohydrolase, and subsequent acylation 
by diacylglycerol acyltransferase, the triacylglyceride is produced.17 This final 
enzymatic step has been established as an important rate limiting step in lipid 
accumulation since its overexpression in S. cerevisiae led to a 3–9-fold increase in 
triacylglyceride production.94 Similarly, overexpression of thioesterases can 
deregulate the fatty acid synthase resulting in the over-accumulation of fatty 
acids.95 
While triacylglycerides are the major component of neutral lipids within SCOs, the 
intermediates of this pathway may be hydrolysed to produce di- and mono- 
glycerides, and occasionally free fatty acids. However, high concentrations of these 
intermediates within the cell are often indicative of lipid degradation rather than 
formation. 96 





Figure 1.7: Schematic of intracellular triacylglyceride synthesis via the α-glycerol phosphate 
acylation pathway (adapted from Papanikolaou and Aggelis).
17
 Activated acyl-CoA units are used 
for the acylation of glycerol-3-phosphate at the sn-1 position by glycerol-3-phosphate acyl 
transferase to yield lysophosphatic acid. A second acylation occurs at the sn-2 position by 
lysophosphatic acid acyl transferase to produce phosphatic acid. Dephosphorylation by phosphatic 
acid phosphohydrolase, and subsequent acylation by diacylglycerol acyltransferase produces the 
triacylglycerol. 
 
1.6.4.4 Chain length and degree of saturation 
Fatty acid elongation and desaturation occur in the microsomal membrane. 
Desaturation is initiated by the introduction of a double bond at the Δ9 position of 
saturated fatty acids by a Δ9-desaturase. Most yeast contain this desaturase, which 
is capable of producing palmitoleic (C16:1) and oleic (C18:1) acids.  Some yeast also 




contain two further desaturase enzymes, namely Δ12-desaturase and Δ15-
desaturase which can introduce a second and third double bond, respectively, 
however the activity of these enzymes is species-specific. For example, the yeasts 
Candida boidinni, Lipomyces starkeyi, Cryptococcus albidus and Zygosaccharomyces 
rouxii can only produce linoleic acid as an unsaturated lipid.97 When produced, 
linolenic is only produced in small quantities (approx. 1%) and has been observed in 
the yeast Yarrowia lipolytica and Trichosporon pullulans.98 
Interestingly, the fatty acid composition of the triacylglyceride is not randomly 
distributed on the glycerol backbone, but they are stereospecifically orientated. 
Greater than 65% of the FAs at the sn-1 position are commonly 16:0 and 18:1, 
whereas 18:1, 18:2 and 18:3 are most commonly found at the sn-2 position. The 
greatest variation in the FA localisation is found at the sn-3 position, which tend to 
be composed of 16:0, 18:2 and the greatest proportion of 18:3 in the 
triacylglyceride.99 The fatty acid distribution in yeast tends to the type SUS and SUU, 
when S and U represent saturated and unsaturated fatty acids, respectively. The 
lack of saturated fatty acids in the sn-2 position of the glycerol backbone is also 
observed in most plant oils. 
1.6.5 Carbon stoichiometry and lipid co-efficient 
One of the most important metrics in the industrial production of lipid from 
oleaginous yeasts is the lipid co-efficient. This is the percentage of lipid produced 
per unit of sugar. For oleaginous yeast cultured on glucose, the maximum lipid yield 
is 22.4%. If all the glucose were directed towards lipid biosynthesis, the maximum 
stoichiometric yield would be 33% (w/w), however, some of the glucose is also used 
for cellular metabolism and biomass production. As such, 22% (w/w) has been 
proposed as the maximum productivity of oil from glucose.35 This means that 5 
tonnes of sugar is required for the production of 1 tonne of oil. As the carbon 
source is also used for the synthesis of the cell biomass that in turn holds the oil, 
there is a fine balance between oil production and the production of oil-free 
biomass. Ratledge et. al. suggested that a lipid content of 40% (w/w) is probably the 
optimum value to maximise the overall biomass yield,35 with anything over this 




value reflecting a reduction in cellular biomass rather than an increase in cellular 
lipid. 
1.7 Extraction of oils from yeast and microalgae 
Following the growth of the yeast cells and accumulation of the lipid, the yeast 
biomass first has to be harvested or separated from the culture medium. This step 
is often energy-intensive due to the large quantities of water that need to be 
removed and thus this step can contribute 20-30% of the total biomass production 
costs.26  Common harvesting methods include sedimentation, centrifugation and 
ultra-filtration.  Flocculation can be also used to aggregate cells. Once the yeast 
cells have been removed from the culture medium, the oil can be extracted from 
the cell. Whilst extraction techniques for yeast and algae are very similar, harsher 
conditions are required for algae due to the relative resilience of the cell.  
Generally, extraction methods include mechanical, organic solvent or supercritical 
fluid extraction.100 The process of oil extraction from the cell is discussed in more 
detail in Chapter 6. 
1.8 Industrially relevant products from oleaginous yeasts 
1.8.1 Value of oil-free biomass 
Current business models for SCO production view the oil as a single, valorised 
product.21 As such, following extraction of the oil, a considerable amount of 
residual, spent biomass will remain, which could be as high as 30% (w/w) of the 
starting substrate (assuming 100 g glucose produces 50 g biomass with 40% (w/w) 
lipid). In order for SCOs to be economically viable, the resulting oil should be 
viewed as one of several high-value products. For example, in the oilseed business 
models, co-products such as lecithin, sterols and texturised protein are produced 
alongside the oil.21 The remaining yeast biomass, while relatively high in protein, 
will also be rich in nucleic acids which are not desirable for human consumption as 
it can cause gout and kidney stones. In all likelihood, the biomass would be most 
suitable as an animal or fish feed supplement, however the method of extraction 
would need to be tailored for this application (e.g. no chlorinated solvents). The 
biomass could also be utilised as an energy source, either through direct 




combustion by a combined heat and power (CHP) plant, or through anaerobic 
digestion into methane.35 Either way, the value of this biomass is relatively low, 
especially in comparison to soybean meal.  
1.8.2 Lipid derived road transport biofuels  
In 2011, the UK’s total final energy consumption was 147 million tonnes of oil 
equivalent (mtoe), of which 37.5% was accounted for by the transport sector.101 
97% of the energy used by the transportation sector was derived from petroleum 
(Figure 1.8). The transport sector is therefore one of the major anthropogenic 
sources of CO2, responsible for creating 24% of the UK total  greenhouse gas (GHG) 
emissions in 2009.102 
  
Figure 1.8: Net energy consumption in the UK. Data taken from the Department of Energy and 
Climate Change, Digest of UK Energy Statistics.
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 The transportation sector accounts for 37.5% of 
the UK’s energy consumption, with 97% of the transport fuels derived from petroleum. Of the 3% of 
biofuels that are used, only 15% are produced in the UK with 85% imported. 
 
In the long term, ultra-low emission vehicles which include fully electric, plug-in 
hybrid, hydrogen and fuel cell powered cars offer an alternative to light-duty 
vehicles. However, the use of liquid fuels from renewable sources is an important 
transitional technology that is compatible with the current distribution network and 
offers a key feedstock for the production of heavy duty and aviation fuels.  




The two dominant global biofuels are biodiesel and bioethanol, which can be 
blended with mineral diesel and petrol, respectively, with little or no modification 
to the vehicle engine. Due to the type of feedstocks and tax regimes available, 
bioethanol production is largely geographically oriented within the United States 
and South America, whereas in the EU, biodiesel is the most commonly produced 
biofuel. In recent years, the use of liquid biofuels in the transportation sector has 
shown considerable growth.  In the UK, approximately 3% (v/v) of transportation 
fuel is derived from renewable feedstocks, driven mostly by an array of government 
policies focused on enhancing energy security, mitigation of GHG emissions, 
protecting fuel consumers against price increases and promoting economic growth 
in rural areas.102 
The vast majority of biodiesel (95%) is produced from first-generation edible 
feedstocks, such as rapeseed (84%), sunflower (13%), palm oil (1%), soybean and 
animal fats (2%).103 These fuels have attracted considerable public criticism, mainly 
due to concerns over land usage and food security. This has raised pertinent 
questions on the sustainability of biofuels, as the demand for biofuels could have 
devastating environmental and social repercussions due to the pressure on natural 
resources.104 Because of this, in June 2014, biofuels made from food crops were 
capped at 7% for road transport.105 Increasing public pressure coupled with the cost 
of these first generation feedstocks has driven the development of second 
generation sources, produced from non-food feedstocks. These include plant oils 
such as jatropha106 and jojoba107 which can be grown on marginal land, as well as 
waste oils including cooking oils108 or agricultural residues such as animal fats.18 
Several companies produce biofuels from these feedstocks including Argent Energy 
(UK) who produce biodiesel from waste cooking oils, fats from the food industry 
and fats that accumulate in the sewer network.109-110   
1.8.2.1 Biodiesel production 
Triacylglycerides can be used without modification as a diesel substitute. However, 
the high viscosity and low volatility lead to engine coking, carbon deposition and 
gelling of the lubricating oil.4 To convert the triacylglycerides into a suitable fuel, a 
variety of methods such as pyrolysis and cracking have been suggested,103 but 




transesterification of the triacylglycerides has been the most widely used method 
to date.15  Transesterification decreases the viscosity to around 15% of the parent 
oil, depending on the lipid profile. For transesterification, the triacylglycerides are 
reacted with a short chain alcohol (such as methanol) and a catalyst to form fatty 
acid alkyl esters (FAAEs). The reaction proceeds stepwise, in which the 
triacylglycerides are first converted to diglycerides, then to monoglycerides and 
finally to glycerol and FAAEs.  The reaction is in equilibrium, with 3 moles of alcohol 
needed to convert each mole of triacylglyceride. This yields 3 moles of FAAE 
(biodiesel) and 1 mole of glycerol (Figure 1.9).  In order to shift the reaction in 
favour of FAAE production, the alcohol is generally added in a large excess to 
produce alkyl esters of greater than 98% on a weight basis.24 
 
Figure 1.9: Transesterification of a triacylglyceride into biodiesel (FAMEs) with methanol. One 
mole of triglyceride is reacted with three moles of a short chain alcohol (in this case methanol), in 
the presence of a catalyst (e.g. sulphuric acid) to yield one mole of glycerol and three moles of Fatty 
Acid Methyl Ester (FAMEs). The reaction proceeds at equilibrium, but the alcohol is often added in 
excess to favour the formation of glycerol and FAME. 
 
The transesterification is generally base catalysed, commonly by potassium or 
sodium hydroxide, though strong acids such as sulphuric acid also have a moderate 
activity. Enzymatic transesterification using lipases have also been investigated due 
to their high selectivity, mild operating conditions and ability to transesterify 
triacylglycerides with a high free fatty acid (FFA) concentration.  However, this 
latter method is not currently commercially feasible due to the high cost and 




poisoning of the enzyme at the high concentrations of methanol necessary for high 
conversion yields.111  
Once transesterified, the biodiesel can be used as a neat fuel (B100), but it is more 
commonly used in a blend ratio with petrodiesel. In the USA, biodiesel is often used 
as a B20 blend (20% biodiesel, 80% petrodiesel), whereas in the European Union 
this value often decreases to B5-7 to comply with governmental regulations.112 
While the use of biodiesel produces less sulphurous, hydrocarbon, and particulate 
emissions, the poor low temperature properties, increased NOx emissions and low 
oxidative stability limit the applicability.112  
1.8.2.2 Biodiesel fuel properties 
The lipid profile of the biodiesel oil feedstock has a significant effect on the physical 
properties of the resulting fuel, and as such it is important to align the oleaginous 
yeast with the intended application. Other lipid-soluble components synthesised by 
yeast can also have detrimental effects on the fuel properties. These include 
terpenes, hydrocarbons, sterols and phospholipids. Sterol glucosides, which have 
limited solubility in biodiesel, have a melting point of greater than 240 °C, and can 
precipitate when stored at low temperatures.113-114 These precipitates can lead to 
fuel filter plugging if present in the fuel. The chain length, the degree of 
unsaturation and branching of the lipid all influence the physical properties of the 
oil. Therefore, the biodiesel must comply with regulatory standards, most notably 
ASTM 6751-02 and EN 14-214 in the US and EU, respectively (Table 1.3). 
Table 1.3: Current selected specifications in biodiesel standards (ASTM D6751 in the United States; 
EN 14-214 in Europe) caused by the fatty acid composition and heteroelements.
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Specification ASTM D6751 EN 14-214 
Cetane Number 47 (-) min. 51 (-) min. 











 3 h min. 6 h min. 
Cloud point Report - 
Cold filter plugging point - 
b 
Cold soak filtration test 360 s max. - 
Sulfur 0.0015 mass% (15ppm) max for ULSD 10.0 mg kg
-1
 max. 
 0.05 mass% for 500 ppm sulphur diesel  
Na + K combined 5.0 (µg g
-1
) max. 5.0 µg g
-1
 max. 
Ca + Mg 5.0 (µg g
-1





 Rancimat test per standard EN 14-214. 
b
 Depends on geographic location and time of year. 
Maximum (max.) and minimum (min.) values. 




The overall composition of the fatty acid profile of the fuel feedstock affects the 
cetane number, kinematic viscosity, oxidative stability and cold flow properties of 
the fuel.116-118  For example, feedstocks that are high in saturated esters have poor 
low temperature properties, a high viscosity but suitably high cetane numbers. 
Conversely, a feedstock rich in polyunsaturates have low melting points and low 
viscosity but also have severely reduced cetane numbers (Table 1.4).4 
Table 1.4: Properties of the fatty acid methyl esters found in yeast biodiesel. Data adapted from 
Knothe et al. and Schonborn et al.
4, 119
 
Property Fatty acid methyl ester 
 16:0 18:0 18:1 18:2 18:3 
Cetane number 81 89 62 42 22.7 
Kinematic viscosity (40°C; mm
2
/s) 4.38 5.85 4.51 3.65 3.14 
Oxidative stability (110°C; h) >24 >24 2.79 0.94 0.00 
Density (g/cm
3
) 15°C 0.867 0.868 0.877 0.890 0.902 
40°C 0.849 - 0.859 0.872 0.883 
Melting point (°C) 28.5 37.7 -20.2 -43.1 -45.5 
 
Plant-based oils, currently used for the production of biodiesel (e.g. soybean or 
rapeseed) contain primarily C16 and C18 fatty acids, with varying degrees of 
unsaturation.120 This is also similar for yeast biodiesel, but the latter lacks the 
polyunsaturated lipids found in plant oils (e.g. linolenic acid, 18:3). While the 
greater quantity of polyunsaturated lipids in plant oils vastly improves the low 
temperature properties of the fuels, it decreases the cetane value of the fuel and 
has poor oxidative stability.4 Because of this, lipids with four or more double bonds 
are limited to a maximum of 1 mol.%, and more specifically, the linolenic acid (18:3) 
content of the fuel is limited to 12  mol.% in the EU, in accordance with the 
biodiesel standard EN 14-214. Additionally, increasing the amount of unsaturated 
fatty acids also increases the NOx emissions from the fuel.
121 This is because the 
cetane number of the fuel decreases as the degree of unsaturation increases.122 
This in turn increases the ignition delay and thus more fuel is injected and mixed 
with air before ignition occurs, favouring NOx formation.
123 In contrast, the greater 
amount of oleic acid ester (18:1) generally found in yeast oils will be advantageous 
for oxidative stability without compromising on the cold flow properties.117 It was 
also demonstrated that soybean oil high in oleic acid produced less NOx emissions 




when compared to regular soybean biodiesel.124 The relationship between the lipid 
structure and the effect on the resulting biodiesel is summarised in Table 1.5. 
Table 1.5: The relationship between structure and biodiesel performance parameters.
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Chain length Longer is better Shorter is 
better 















Branching NR Branching is 
better 
NR NR NR 
NR = Not Relevant 
1.8.2.3 Fuel properties of microbial biodiesel 
It is essential that the specifications for biodiesel standards are met regardless of 
the feedstock used.  While there are several reports that have examined the fuel 
properties of biodiesel from microalgae, there are very few studies that discuss the 
properties of biodiesel produced from oleaginous yeast. In general, the lipid profile 
of algal oils is more complex compared to plant and yeast oils, with the alkyl chain 
ranging in length of C12 – C22. Microalgal lipids are also highly polyunsaturated, with 
eicosapentaenoic acid (20:5) and docosahexanoic acid (22:6) commonly found.26  
This high level of polyunsaturation will have negative effects of the oxidative 
stability of the fuel as well as increasing the likelihood of the fuel polymerising in 
the engine. Therefore, if algal oils were to be used as a biodiesel feedstock at blend 
levels greater than a few percent, the feedstock would need to be partially 
hydrogenated to improve its physical properties. Furthermore, algal oil contains the 
lipid-soluble Mg-containing chlorophyll complex. While only present in small 
quantities, if used at scale the presence of magnesium in the fuel could have 
detrimental effects on the engine performance and longevity due to inorganic ash 
formed in the combustion process.125 ASTM specifications therefore require that 
the maximum content of calcium and magnesium combined should not exceed 5 
ppm. 
Wahlen et al. compared the fuel characteristics of biodiesel from three microbial 
sources: the yeast, Cryptococcus curvatus; the bacteria, Rhodococcus opacus; and 




the green microalgae, Chaetoceros gracilis. These fuels were compared to 
petroleum diesel and soybean-derived commercial biodiesel.126 The fuel properties 
were examined and then the emissions and performance of the fuels were tested in 
a 2-cylinder research engine via a controlled engine test procedure. The lipid profile 
of the biodiesels tested are shown in Table 1.6 (lipid under 0.6% (w/w) have been 
excluded).  





 (% of total fatty acids) 
 14:0 15:0 16:0 16:1 16:2 16:3 18:0 18:1 18:2 18:3 20:5 
Soybean - - 11.0 - - - 3.9 23.7 53.9 6.8 - 
Microalgae 10.3 - 26.8 29.9 6.9 8.9 0.5 3.7 2.2 4.1 5.8 
Yeast - - 15.3 0.2 - - 18.0 59.8 5.3 0.3 - 
Bacteria 1.9 4.4 33.9 8.9 - - 3.0 23.9 - - - 
†
Fatty acid methyl ester. The oil species tested were: Soybean (Glycine max); Microalgae (Chaetoceros 
gracilis); Yeast (Cryptococcus gracilis); Bacteria (Rhodococcuc opacus). 
 
The yeast biodiesel was composed only of C16 and C18 fatty acids, containing 60% 
mono- and 6% poly-unsaturates. The kinematic viscosity of the yeast biodiesel 
measured 4.5 mm2 s-1, within the range for both ASTM D6751 and EN 14-214 
specifications. Both the energy density and heating value of the yeast-based fuel 
were similar to the commercial soybean biodiesel, whereas the biodiesel cetane 
index (using the density of the fatty acids to predict a cetane value) for the yeast 
biodiesel was considerably higher than soybean biodiesel at 67 (-). The yeast 
biodiesel cetane number is therefore comfortably above the 51 (-) minimum for EN 
14-214 specification (Table 1.3). Power output from the yeast oil was 93% and 96% 
of the output observed for petroleum diesel and soybean biodiesel, respectively. 
The yeast biodiesel fuel also produced similar levels of CO2 emissions to petroleum 
diesel, but produced less than half of the CO emissions than petroleum diesel. 
Interestingly, the levels of NOx emissions were 37% higher for the yeast biodiesel 
and 9% higher for the soybean oil compared to petroleum diesel. The bacterial 
biodiesel showed the largest increase in NOx output, being 81% higher than that 
observed for diesel. Increases in NOx emissions are known to be due to an 
increasing degree of polyunsaturation present in the oil or due to increasing chain 
length.121 The shorter chain lengths found in the microalgal oil were believed to be 
responsible for the 24% reduction in NOx emissions for microalgal oil compared to 




that of petroleum diesel. Aside from the NOx emissions, all the microbial oils tested 
were shown to have similar physical properties and engine performance to the 
soybean biodiesel, suggesting that SCOs can be effective feedstocks to displace 
both petroleum diesel and plant biodiesel. 
1.8.3 Lipid derived aviation biofuels 
Until the development of the jet turbine engine in the 1940s, aircraft engines were 
run on similar fuel blends to that used in motor vehicles. The development of the 
turbine engine during World War II led to the need for a fuel with a high flash point 
but low freezing point. As such, a separate fraction of crude oil was developed to 
fulfil this requirement. The term jet fuel covers all fuel used in gas-turbine powered 
aircraft, and is often referred to as kerosene or aviation turbine fuel. Today, around 
16,000 jet aircraft operate globally, using around 200 million tonnes of kerosene 
per annum. The fuel accounts for 10-15% of airline operating costs.127 The current 
release of CO2 from the combustion of aviation kerosene accounts for 2% of total 
anthropogenic CO2 emissions. However, due to the release of water vapour, 
sulphate and soot particles in the upper atmosphere, it has been estimated that the 
total impact of aviation on the climate is two to four times higher than the effects 
of the carbon dioxide emissions alone.128 As such, the industry has set itself a target 
to half emissions by 2050, compared to 2005 levels. 
Aviation kerosene is currently produced through the cracking and distillation of 
crude oil; the kerosene fraction being produced at 150-275 °C. It can consist of 
greater than 1000 different chemical compounds, but the main components are 
hydrocarbons, ranging between C8–C16 in length, containing both straight and 
branched isoparraffins and cycloparraffins (naphthenes).  Up to 25% of the fuel is 
composed of aromatic units as well as trace amounts of sulphur-, oxygen- nitrogen-, 
and hetero-containing hydrocarbons.129 These minor components play a large part 
in the fuel stability, lubricity, corrosivity and cooling characteristics.130 Due to 
inconsistencies within the crude oil feedstock, aviation jet fuel produced from 
different feeds and processes have vastly different ratios of these components and 
as such there is a large variation in physical properties. All jet fuel has to comply 
with strict operational standards. The major legal specifications for commercial 




aircraft are Jet A in the US and Jet A-1 used in the EU and globally. The standards 
are similar (Table 1.7) though for Jet A-1 the freezing point of the fuel is lower than 
Jet A (-47 °C and -40 °C, respectively) which makes it more suitable for long-haul 
flights, especially those on polar routes during the winter.131 Chemical additives, 
which can enhance or preserve the fuels physical properties are also added to the 
fuel and can consist of antioxidants, metal deactivators or biocides.  
Table 1.7: Standard specifications for Jet A and Jet A-1 turbine fuels and comparative properties 
for HEFA* fuels. 







Flash point °C Min. 38 Min 38.0  
Density at 15 °C kg/m
3





Freezing point °C Max. -40 Max. -47.0 -57 
Total aromatics  % v/v Max. 25 Max. 26.5  
Viscosity at -20 °C mm
2
/s Max. 8 Max. 8.000  
Specific energy MJ/kg Min. 43.0 Min. 42.80 47.4 
†
ASTM D1655. Standard specification for aviation turbine fuels. 
‡




Hydroprocessed esters and fatty acids. 
 
Currently, it is estimated that 7 million barrels of kerosene are used globally, and 
thus the challenge to create an alternative product on this scale is considerable.133 
Whilst other transportation sectors are expected to decrease their emissions by 
2050, aviation emissions are increasing – doubling since 1990. Worldwide aviation 
is expected to grow by 5% annually up to 2050.134 Consequently, UK aviation 
emissions are predicted to increase from 9% in 2005 to 29% in 2050.135 Historically, 
fuel efficiency gains have been achieved by operational improvements (e.g. higher 
load factors, utilisation of larger aircraft) or technical progression (e.g. more 
efficient engines, lighter aircraft). While this is set to continue, the efficiency gains 
will not off-set the increase in aviation traffic and fuel consumption is predicted to 
increase by 3% annually.134  
Therefore, changing the fuel source is one of the few options available to the 
aviation industry in order to reduce its carbon footprint, due to the long life of 
commercial jet planes.  A number of government initiatives have sought to increase 
activity in this area. Firstly, the renewable energy directive issued in 2009 set a 
mandatory target that 20% of energy should come from renewable energy sources 




by 2020. In 2011, the European Commission, in partnership with several European 
airlines and biofuel producers, launched an initiative to speed-up the 
commercialisation of aviation biofuels in Europe. The European Advanced Biofuels 
Flight path Initiative set-out to achieve an annual production of two million tonnes 
of sustainably produced aviation biofuel by 2020.136 Furthermore, in 2012, the 
European Union introduced legislation for the aviation sector to join the EU 
Emissions Trading Scheme (EU ETS), meaning that emissions will be capped to 
ensure that any increases in aviation emissions are offset by reductions elsewhere 
in the EU economy, or internationally.  For aviation, emissions will be capped at 
95% of historical emissions (the estimated average emissions for the years 2004–
2006). The transition to biofuels is one of the few options available to aviation to be 
able to achieve the reduction in GHG emissions. This aims to allow the aviation 
industry to find cost-effective solutions for CO2 reduction without significant 
governmental intervention. In the scheme biofuels have an emission factor of zero, 
whereas petroleum-derived jet fuel corresponds to 3.15 kg of CO2 per kg of jet fuel. 
Due to the global nature of the aviation fuelling infrastructure, the characteristics of 
airport fuelling systems (which tend to have a single storage and distribution for all 
vehicles) and the slow and costly replacement of aircraft fleet, the aviation 
community is focused on drop-in replacements that have been shown to be 
functionally identical to petroleum-derived jet fuel. The Jet A and Jet A-1 fuel 
specifications are extremely stringent, making it more challenging to produce an 
alternative aviation fuel than a road transport replacement.137  The alternative jet 
fuel must be able to meet recognised fuel properties such as a high energy density, 
a freezing point below -47 °C and a low viscosity of below 8 mm2 s-1 at -20 °C (Table 
1.7).133 Beyond the specification, an alternative jet fuel must also be compatible 
with the existing infrastructure, including the fuel delivery system, components and 
demonstrate material compatibility. It must also be able to combust safely and 
reliably within extreme operating conditions.  Over recent years there have been a 
number of commercial ventures to produce economically-viable drop-in 
replacements for petroleum-derived jet fuel. 




1.8.3.1 Lipid derived fuels for the aviation sector by hydroprocessing 
Due to the poor low temperature properties of biodiesel, the lipid must be 
hydroprocessed to remove the oxygen group before cracking and isomerisation to 
produce a suitable jet fuel (Figure 1.10).   
 
Figure 1.10: Representation of the production of hydroprocessed esters and fatty acid (HEFA) jet 
fuel via hydrogenation and isomerisation. H2 = hydrogen; cat. = catalyst. 
 
The process firstly involves hydrogenation to completely saturate the lipid followed 
by the catalytic removal of oxygen. Hydrogen demand for hydroprocessing of 
different feedstocks varies, due to the variation in saturation in the oil feedstock. 
Highly saturated oils such as palm oil or animal fats will require less hydrogen and 
therefore incur cost savings compared to highly polyunsaturated oils (such as those 
from microalgae). Following hydrogenation, the oils are then isomerised or cracked 
and isomerised  to produce parraffins within the jet-fuel range that have improved 
low temperature properties compared to the feedstock. This process yields a jet-
fuel containing predominantly branched parraffins that can be blended up to 50% 
(v/v) with petroleum-derived jet fuel.138 Hydroprocessed esters and fatty acids 
(HEFA) jet fuels therefore tend to be shorter chained branched alkanes (C7-C16). 
HEFA are a highly attractive fuel substitute due to the low aromatic and very low 
sulphur content. Neste Oil is currently operating several plants at full commercial 
scale using this process. Two, 190,000 tonnes/annum HEFA plants are operational 
in Finland, alongside an 800,000 tonnes/annum plant in Singapore.139 This process 
(NExBTL) yields fuel fractions for both the road transport and aviation sectors. 
Recently, high yields (77%) of hydrocarbons suitable as a blending agent with jet-
fuel (C9 – C16) have been produced through the catalytic conversion of algal oil using 
mesoporous zeolites in a single-step process.137 




Table 1.8: Chemical composition of jet fuel.
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Composition (%) Jet-A1 HEFA
†
 
n-alkanes 19.6 ~10 
Iso-alkanes 29.9 ~90 
Monocyclic alkanes 20.3 Trace 
Polycyclic alkanes 7.3 Trace 
Alkyl benzenes 14.1 0 
Other hydrocarbons 8.7 0 
†
Hydroprocessed esters and fatty acids. 
1.8.3.2 Application of HEFA fuels in flight 
Since 2008, a variety of demonstration and commercial flights have taken place 
using HEFA biofuels. These fuels have generally been produced from vegetable oil 
feedstocks such as jatropha, camelina and waste cooking oil, used at low blend 
levels. The fuel produced from these second-generation sources reduced the 
carbon footprint of the fuel by up to 80% relative to petroleum-derived jet fuel.140 
The worlds’ first commercial flight using biofuels, a Boeing 737-800 operated by 
KLM Royal Dutch Airlines occurred in July 2011, with the UK’s first commercial flight 
occurring in October 2011.  Airbus Group (formerly known as EADS) were the first 
to demonstrate an aircraft flight using 100% algal-derived HEFA fuel (on one 
engine) at the ILA (International Luft- und Raumfahtausstellung) air show in Berlin 
in June 2010,141 with the first commercial flight using 40% algal fuel taking place in 
November 2011 operated by Continental Airlines.  In September 2012, the 
Australian biofuel company, Algae. Tec, signed a collaboration agreement with the 
German airline Lufthansa, for the construction of a large-scale pilot plant to 
produce aviation biofuels from microalgae.142 Since then, many other companies 
such as Solazyme, Dynamic fuels, Sapphire, Honeywell UOP, ARA, Chevron, Lummus 
global and JetBio have been developing lipid-derived HEFA jet fuel,143-145 thus 
demonstrating the potential of HEFA as a commercially-viable process. While yeast 
oil-jet fuel has not yet been attempted on an industrial scale, the technology 
surrounding the upgrading of this feedstock has been demonstrated repeatedly for 
similar feedstocks and thus offers high potential. 
1.8.4 Alternative industrial uses of lipids 
While the technology exists to convert lipids into various types of fuel, there are 
many concerns surrounding the economic viability of this route to produce bulk 




equivalents of major commodity fuels. For example, the biodiesel fatty acids esters 
could be used as biodegradable lubricants for use in chainsaw oil, gearbox oils and 
hydraulic oils.146 Indeed, many companies have changed their business strategy in 
the last few years in favour of a broader product portfolio, especially surrounding 
microalgal oils. For instance, Aurora Biofuels is now Aurora Microalgae, Solix 
Biofuels is now Solix Biosystems and Solazyme, once focused entirely on fuels now 
describes itself as a  renewable oils company.147 An alternative is to exploit the 
differing structures and thus properties of the oils that can be produced, and tailor 
the oil towards the higher-value applications. These include (1) palm oil; (2) cocoa 
butter; (3) γ-linolenic acid (18:3); and (4) polyunsaturated fatty acids (PUFAs).3  
Palm oil is a saturate-rich oil extracted from the seed and mesocarp of the oil palm 
fruit, and it is used widely in food and personal care products. Due to the high 
proportion of saturated oils, it is mainly used in the production of surfactants. 
These include the non-ionic surfactants, alkyl polyglycoside and fatty alcohol 
ethoxylate, and the anionic surfactant fatty acid sulphate.146 The production of 
palm oil has received substantial criticism in recent years, particularly due to large 
areas of rainforest in Malaysia and Indonesia being cleared for its cultivation. As 
such, companies that currently use significant amounts of palm oil in their products 
are seeking sustainable alternatives. In March 2010, Unilever formed a partnership 
with Solazyme to develop their tailored™ algal oils, to be used in its Brylcreem, Lux 
and Dove products.148 Similarly, in 2014 Ecover launched it new range of 
sustainable cleaning products using algal-derived surfactants rather than palm 
oil.149 Similarly to palm oil, cocoa butter is used in many food and cosmetic 
applications, though it has a slightly different lipid profile. Cocoa butter substitutes 
require approximately equal concentrations of steric acid (18:0), palmitic acid (16:0) 
and oleic acid (18:1). A microbial cocoa butter substitute was produced by 
inhibition of the Δ9-desaturase in Candida curvata,150-151 though the full-scale 
deployment is reliant on its economic competitiveness with terrestrial cocoa butter.  
Another high value lipid derivative is γ-linolenic acid (18:3), which cannot be 
synthesised by the human body, but it has received significant attention from the 
homeopathic community due to the range of health benefits linked to its 




consumption. Linolenic acids are found in fish oils, but concerns surrounding 
increased fish consumption, marine pollution and decreasing fish populations 
require an alternative, sustainable source.98 One alternative is evening primrose oil 
which contains approximately 9% γ-linolenic acid, and has been sold as an over-the-
counter supplement for the last 40 years.3 Linseed oil is also particularly distinctive 
for its large quantity of linolenic acid (~55%), but it is less common for human 
consumption due to its susceptibility to polymerise with exposure to air. The 
filamentous fungi, Mucor circinelloides has also been used for its production.21 In 
most yeast, linolenic acid is found in concentrations of approximately 1%, however 
expression of an ω-3 desaturase from F. moniliforme within Y. lipolytica yielded 
more than 28% of the total fatty acids as α-linolenic acid.152 Long-chain PUFAs are 
also of considerable interest, again due to the potential health benefits that they 
may provide as a dietary supplement. More specifically, arachidonic acid (20:4), 
eicosapentaenoid acid (20:5) and docasahexanoic acid (22:6) are actively being 
pursued as they are essential fatty acids found in brain tissue.98 Alkyl chains of this 
length are not generally found in yeast, however they can be found in several 
species of microalgae.153  
1.8.4.1 Lipids as a feedstock for the chemical industry 
Various types of polymers, including polyesters, polyurethanes, polyamides, 
epoxides and vinyl polymers can be produced from lipid feedstocks utilising 
different polymerisation reactions.19 For example, polyesters can be produced 
through the condensation of the hydroxyl group (-OH) of the fatty acids. More 
novel polymers based on dicarboxylic acids and reactions surrounding the double 
bond on the alkyl chain can also be produced from oils. Through ozonolysis, azelic 
acid can be formed from which polyamides such as nylon 6,9 can be produced. 
Similarly, dimerization of fatty acids can yield polyamido amines such as epoxy 
curing agents as well as non-nylon polyamides. Epoxidation of the double bonds 
can produce polyols such as polyurethanes and linoleum. Epoxidised soybean oil 
can also be used as a plasticiser.146  
Palm, soybean, rapeseed, sunflower and animal fats have been used as feedstocks 
for polymer and lubricant applications.146 These polymers generally have a positive 




public perception and they can also display enhanced physical properties.19 Oils 
such as linseed oil and soybean oil, with a high degree of unsaturation have been 
used in oil-based paint surface-coating materials due to the solid film-like material 
that forms upon crosslinking with atmospheric oxygen molecules.146 Polymerised 
linseed oil has also been used in linoleum manufacture. The variation in the fatty 
acid profile and their relative percentages will affect the polymeric properties. For 
example, polymers produced form an oil rich in oleic acid (18:1) resulted in a higher 
quantity of flexible side chains and thus a less compact polymer.154 The degree of 
unsaturation within a particular oil feedstock can be compared using the iodine 
value of the oil, with a greater value conferring a greater degree of unsaturation 
(Table 1.9). Whereas a low iodine value is required for biodiesel replacements, high 
iodine values are often beneficial for polymer production.  
Table 1.9: Iodine value of common vegetable oils.
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Oil Iodine Value (g of I2/100 g) 
Castor (Ricinus communis) 102.2 
Coconut (Cocos nucifera) 15.1 
Corn/Maize (Zea mays) 123.5 
Linseed (Linum usitatissimum) 180.0 
Palm (Elaeis guineensis) 43.3 
Soybean (Glycine max) 128.7 
Sunflower (Helianthus annuus) 120.0 
 
1.9 Summary 
Consumer products derived from crude oil are present everywhere in modern 
society. Similarly, the use of petroleum as an energy source far outweighs the use 
of coal, natural gas, nuclear and renewable energy supplies.23 The unsustainable 
consumption of petro-products, coupled with concerns surrounding the 
environment, energy security, and soaring oil prices have however directed 
policymakers and scientists towards other, renewable alternatives. In the near-
term, drop-in replacements, compatible with current infrastructure and processes 
are one of the best options available in the transition away from fossil fuels. While 
oil-rich terrestrial crops such as rapeseed or palm oil offer a suitable alternative, it is 
becoming increasingly clear that fuels and chemicals produced from these 
feedstocks are causing large ecological damage, have a negative public image and 




are in too small supply to meet demand. Therefore, oleaginous microorganisms 
such as yeast and microalgae which can produce up to 80% of their dry cell weight 
as oil are being actively researched as a promising source of lipids. While there is 
the tendency to group all species and strains of oleaginous yeast into a single entity 
of biotechnological significance, the yeast species should be carefully selected 
towards the target product. Oleaginous yeast, as a group, do however offer great 
potential for commercialising a variety of products. In order to achieve this, firstly, 
the lipid profile should be compatible with the desired application. Oils that are 
high in saturated fatty acids would make an ideal replacement for palm oil, used 
primarily in foodstuffs and cosmetics; whereas oils rich in monounsaturates, such as 
oleic acid (18:1) upon transesterification, would make an ideal replacement for 
diesel transport fuel. Conversely, highly polyunsaturated oils, such as linolenic acid 
(18:3), which is not suitable as a road transport fuel, but instead would be ideal as a 
healthcare supplement or for chemical upgrading within polymer applications. 
Regardless of the end application, the desired yeast should also confer suitable 
characteristics that enable the use of different hydrolysates, as well as offering high 
growth rates and lipid productivities. 
1.10 Aims and objectives 
The overarching aim of this thesis is to progress understanding into the production 
of commercially-viable yeast oil for fuel and commodity application. The yeast 
Rhodotorula glutinis was selected due to its high growth rate and lipid productivity, 
simple lipid profile and the ability to grow on both hexose and pentose sugars. It 
has also been shown to produce mainly oleic acid (18:1) and palmitic acid (16:0) 
which offer commercial potential for biodiesel and cosmetic applications, 
respectively. Similarly, the yeast Rhodotorula minuta has been shown to produce a 
lipid profile that is high is medium-chain lipids (C7 - C14) which offer the physical 
properties desired by the aviation fuel industry. However, the lipid profile of 
oleaginous yeast can be highly variable and sensitive to changes in the 
environmental growth conditions. To assess the extent to which the environmental 
growth conditions can affect the resulting oil, in Chapter 3, R. glutinis and R. minuta 
will be grown under a variety of different temperatures and C/N ratios, as designed 




using a response surface methodology. Chapter 3 will also explore the extent to 
which the lipid profile can be tailored towards a desired application, and how the 
microbial lipid can slot into current legislation. 
In order to address some of the problems surrounding commercial viability, several 
different routes will be explored. Firstly, to achieve the highest possible efficiencies 
from a glucose feedstock, in Chapter 4, technologies adapted from the bioethanol 
research field will be studied to enhance glucose conversion to oil using 
Rhodotorula sp. Secondly, due to the large cost surrounding the feedstock for yeast 
growth, the transition to waste feedstocks will be explored in Chapter 5. This 
exploration will be achieved by growing Rhodotorula sp. on mixed-sugar media, as 
well as in the presence of common microbial inhibitors present in depolymerised 
feedstocks.  Using real-life scenarios, Rhodotorula sp. will also be grown on two low 
cost substrates: depolymerised Miscanthus and waste food.  
To reduce the cost surrounding the energy consumption of the extraction of the oil 
from the yeast cell, Chapter 6 will use an energy return on investment methodology 
to assess the feasibility of microwave extraction for this application. Finally, the 
economics of the microbial oil route as a whole will be assessed. This will be 
achieved by producing an energy balance of the microbial oil process from food 
waste and comparing it to that of using anaerobic digestion of food waste to 
produce methane. 
 













“Though this be madness, there is method in it.”  
 
William Shakespeare 
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2.1 Materials and methods: Chapter 3 
2.1.1 Materials 
All chemicals were purchased from Sigma-Aldrich (UK), aside from yeast extract [10-
12% total nitrogen, 5-6% amino nitrogen, <0.5% NaCl] (Melford Laboratories, 
Ipswich, UK) and peptone (Fisher Bioreagents, Loughborough, UK). All reactants 
were used as received with no additional purification. 
2.1.2 Microorganisms and medium 
Rhodotorula glutinis 2439 and Rhodotorula minuta 62 were purchased from the 
National Collection of Yeast Cultures (NCYC, Norwich, UK) and were used 
throughout the investigation.  The yeast strains were maintained on yeast peptone 
dextrose (YPD) agar plates [10 g/L yeast extract, 20 g/L peptone, 20 g/L glucose, 15 
g/L agar] at 4 °C until used and sub-cultured monthly.  For the seed culture, 25 ml of 
YM medium [3 g/L yeast extract, 3 g/L malt extract, 5 g/L peptone, 10 g/L glucose, 
pH 6.5] was inoculated with a single yeast colony in a sterile 50 ml falcon tube and 
was incubated at 28 °C and 180 rpm for 25 h.  After the specified incubation period, 
the inoculum contained ~1 x 108 c.f.u/ml. All media was made using deionised 
water and sterilised by autoclaving (121 °C, 15 min). 
2.1.3 Culture conditions 
Experiments were carried out in 250 ml un-baffled conical flasks with a working 
volume of 100 ml. The cultures were initiated with 10% (v/v) of the 25-h-old 
seeding culture medium. The original RSM medium was used throughout [1 g/L 
yeast extract, 0.1 g/L NaCl, 0.4 g/L KH2PO4, 0.5 g/L MgSO4.7H2O, 0.1 g/L CaCl2], 
supplemented with the desired quantity of glucose and (NH4)2SO4, and incubated at 
the temperature according to the experimental design in a rotary shaker at the 180 
rpm for 120 h. 
2.1.4 Design of experiments 
A response surface methodology (RSM) using a 33 full factorial design155 was 
performed to develop mathematical correlations between three independent 
variables and to approach the optimum response region. The range of the variables 
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tested was: glucose, 10-30 g/L; (NH4)2SO4, 0.5-1.5 g/L and temperature, 25-35 °C. 
According to this design, 30 runs were conducted including three replications at the 
central point for understanding experimental variance. The actual design of the 27 
experiments is given in From this, the coefficient of determination (R2) of the model 
for Y1, Y2, Y3 and Y4 were 0.979, 0.987, 1 and 0.999, respectively, indicating that the 
model explains between 97.9 – 100% of the variability in the response.  The root 
mean squared errors (RMSE) of the models for Y1, Y2, Y3 and Y4 were 0.06 g/L, 
1.868% d.wt., 0.632% and 0.487%, respectively, with the predicted sum square 
error (PRESS) RMSE, a measure of the RMSE calculated after the omission of each 
data point sequentially to provide an indication of model over-fitting, was 
acceptable with values of 0.069 g/L, 2.548% d.wt., 1.169% and 0.64% respectively 
(Table 3.2). 
The relationship of the variables was determined by analysing the response surface 
contour plots using the MATLAB model-based calibration, design of experiments 
software to fit a radial basis function – multiquadratic (qRBF) regression analysis to 
the experimental data. The adequacy of the model and statistical significance of the 
regression coefficients were tested using the analysis of variance (ANOVA). MATLAB 
SIMULINK model was then used to construct a process flow model to predict the 
outcome of lipid production for different growth conditions. 
2.1.5 Analytical methods 
2.1.5.1 Biomass harvesting 
Cultures were centrifuged (6000 rpm; 10 min; RT) to pellet the microorganisms.  
The supernatant was removed and a sample kept for analysis if required. The pellet 
was washed with deionised water to remove any residual sugar and centrifuged as 
before.  The biomass was resuspended in a minimal volume of deionised water 
before being added drop-wise to liquid nitrogen to snap-freeze the culture. Finally, 
the samples were freeze-dried under vacuum overnight at -40 °C (Mini lyotrap, LTE 
Scientific, UK), before the resulting powder was stored in an air-tight container at -
20 °C prior to use. 
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2.1.5.2 Glucose quantification 
Residual glucose within the supernatant following the culture of Rhodotorula sp. 
was determined by means of reverse phase HPLC using a Shimadzu 10AVP HPLC 
system (Shimadzu corp., Japan) equipped with a RID-10A refractive index detector. 
All samples were filtered through a 0.20 μm filter membrane (Millipore, UK) before 
analysis. 20 µl of the sample (diluted accordingly) was injected onto an Aminex 
HPX-87H column (BioRad, CA, USA) and eluted isochratically over a 15 min period 
with 0.6 ml/min of 0.2 µm-filtered and degassed 5 mM H2SO4 at 65 °C. Glucose was 
quantified using the integration of the peak at 8.9 min and compared to previously 
developed standard curves within in the range 0.5 – 50 g/L (Appendix A). 
2.1.5.3 Lipid extraction 
The lipid content of the cells was quantified according to a modified method of 
Bligh and Dyer.156 Lipid from 0.1 g of the freeze-dried biomass was extracted using a 
2:1 mixture of chloroform : methanol (approximately 20 ml), under reflux at 80 °C 
for 16 h. 100 µl of concentrated H2SO4 was also added to catalyse the 
transesterification of the lipid into the corresponding fatty acid methyl esters 
(FAMEs). Following the extraction of the lipid, the remaining biomass was 
separated from the organic fraction using a Whatman filter (Whatman, UK), before 
the organic solvent was quenched with distilled water to remove the methanol and 
acid catalyst, and the microbial lipids extracted into the chloroform layer. This was 
repeated three times to ensure all available lipid was removed before the 
chloroform was finally removed under vacuum prior to analysis.  
2.1.5.4 Lipid quantification 
The lipid content and FAME profile were calculated by gas chromatography mass 
spectrometry (GC-MS) calibrated to known standards. The GC-MS analysis was 
carried out using an Agilent 7890A Gas Chromatograph equipped with a capillary 
column (60 m × 0.250 mm internal diameter) coated with DB-23 ([50%-cyanpropyl]-
methylpolysiloxane) stationary phase (0.25μm film thickness) and a helium mobile 
phase (flow rate: 1.2 ml/min) coupled with an Agilent 5975C inert MSD with Triple 
Axis Detector. A portion of the biodiesel samples (approximately 50 mg) was 
initially dissolved in 10 ml 1,4-dioxane and 1 μl of this solution was loaded onto the 
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column, pre-heated to 150 °C. This temperature was held for 5 minutes and then 
heated to 250 °C at a rate of 4 °C min-1 and then held for 2 minutes. The FAME 
concentration within the samples was determined using the integration values 
resulting from the flame ionisation detector and previously calibrated FAME 
standards (FAME mix C8 – C24, Supelco, Bellefonte, USA). 
2.1.5.5 Biomass and lipid coefficients 
Final lipid yield on substrate, 𝑌𝑙
𝑠⁄
 was calculated according to Equation 2.1 where Δl 







      (Eqn. 2.1) 
Final biomass yield on substrate, 𝑌𝑏
𝑠⁄
 was calculated according to Equation 2.2 
where Δb and ΔS was the change in biomass concentration and substrate, 






      (Eqn. 2.2) 
2.1.6 Fuel analysis 
2.1.6.1 Viscosity 
The kinematic viscosity was measured with Cannon-Fenske routine viscometers No. 
75 and 150 (Cannon Instrument company, Pennsylvania, USA), in accordance with 
standard test methods set out in ASTM D445 and ISO 3104 at 40 °C. Dynamic 
viscosity was selected over kinematic viscosity when the viscosity of the oil was very 
high. The dynamic viscosity of the samples were measured using a Bohlin C-VOR 
torque rebalance rotating disc rheometer (Malvern instruments, Malvern, UK) at 40 
°C and the resulting viscosity was converted into kinematic viscosity (Equation 2.3). 
𝐾𝑖𝑛𝑒𝑚𝑎𝑡𝑖𝑐 𝑣𝑖𝑠𝑜𝑠𝑖𝑡𝑦 (𝑚𝑚2𝑠−1) =  
𝐷𝑦𝑛𝑎𝑚𝑖𝑐 𝑣𝑖𝑠𝑐𝑜𝑠𝑖𝑡𝑦 (𝑐𝑃)
𝑑𝑒𝑛𝑠𝑖𝑡𝑦 (𝑔.𝑐𝑚−3)
   (Eqn. 2.3) 
2.1.6.2 Cloud point and density 
Cloud points were measured by cooling the samples by 1 °C min-1, holding at each 
temperature for 10 min and observing any solid formation by eye. Density was 
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calculated by measuring the mass of 1 ml of the oil on a benchtop scale to an 
accuracy of 0.5x10-4 g. 
2.1.6.3 Energy Density 
The energy content of the oil and biodiesel were determined using a Parr 1341 
plain jacket non-adiabatic bomb calorimeter using a Parr 1108 oxygen combustion 
bomb (Parr Instrument Company, Illinois, USA). Approximately 0.3 g of each sample 
was placed in the crucible within the bomb and then the bomb filled with oxygen to 
a pressure of approximately 25 bar. The oil was ignited using an electronic fuse of 
standard length and the temperature change of the water within the stirred 
calorimeter was determined to an accuracy of 0.5x10-3 °C. 
2.2 Materials and methods: Chapter 4 
2.2.1 Materials 
All reagents used within Chapter 4 were purchased from Sigma Aldrich (UK), except 
for D-glucose (Alfa Aesar, Heysham, UK ), sodium chloride (VWR, Lutterworth, UK), 
and the colourimetric ammonium test kits (Randox Laboratories, Crumlin, UK). 
2.2.2 Inoculating culture and growth medium 
Inoculating cultures of Rhodotorula glutinis 2439 and Rhodotorula minuta 62 were 
prepared as described previously (Section 2.1.2). The previously defined RSM 
medium (Section 2.1.3) was used as the culture medium, supplemented with 0.5 
g/L (NH4)2SO4 and 30 g/L glucose. 
2.2.3 Bioreactor fermentation conditions 
A 2.5 L stirred bioreactor (Bioflow/CelliGen, New Brunswick Scientific, East 
Brunswick, NJ, USA) was used, with a working volume of 1.5 L.  The vessel was 
constructed with vertical baffles, equally spaced around the periphery of the vessel. 
The central shaft supported two, 6 bladed disc turbine agitators.  
The fermentations were run as aseptic batch cultures. The air inlet port was 
installed with a sterile hydrophobic membrane air filter (0.2 µm; Millipore, MA, 
USA). The assembled bioreactor was filled with 1.5 L of the RSM medium with 30 
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g/L glucose and 0.5 g/L (NH4)2SO4, and autoclaved (121 °C, 15 min) with the pH and 
dissolved oxygen probes installed. The pH probe (405-DPS, Metter Toledo, 
Switzerland) was calibrated using pH 7.0 and 4.0 at room temperature prior to 
autoclaving. The concentration of the dissolved oxygen (DO) in the culture medium 
was measured online using an InPro® 6000 O2 sensor (Mettler Toledo, Switzerland). 
The DO probe was calibrated at 28 °C in the sterilised culture medium. For the 
calibration, the air flow was set to 2.5 vvm, with the impellor rotating at 800 rpm. 
Once the measured concentration of dissolved oxygen had stabilised, the DO 
readout was adjusted to an air saturation value of 100%. For the 0% readout, the 
DO electrode was disconnected from the bioreactor control unit and set at 0% once 
the system had stabilised. 
The sterile bioreactor was inoculated with 50 ml (3.2% by vol) of the previously 
specified inoculum though the media port.  The final volume of the broth in the 
fermenter after inoculation was 1550 ml. The fermenter was controlled at 28 °C 
automatically using an electronic heating jacket and cooling recirculating water. 
Depending on the conditions used the agitation speed was set at: a. 800 rpm, with 
an aeration rate of 2.5 vvm; or b. Cascading agitation with a minimum dissolved 
oxygen content of 25% (maximum and minimum agitation of 700 and 200 rpm, 
respectively). 1ml of sterile (121 °C, 15 min) polypropylene glycol antifoam was 
added at the beginning of the fermentation to prevent foam formation. Data was 
logged every 15 min using Biocommand track and trend software. 
Each batch fermentation was run for 140-160 h and 10 ml samples were taken 
periodically. The optical density was measured immediately after sampling at 590 
nm (Colorimetric model 45, Fisher, Loughborough, UK). The samples were 
centrifuged at 8000 rpm (7600 g) for 10 min (Sorvall™ RC 6 Plus Centrifuge, Thermo 
Scientific, Loughborough, UK) to pellet the cells. The supernatant was removed and 
the cell pellet and supernatant stored at -18 °C for further analysis. 
2.2.3.1 pH controlled experiments 
To understand the effects of pH control on the growth and lipid productivity of R. 
glutinis, for the pH-controlled condition, the pH was maintained at 5.5 ±0.2 
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automatically with the addition of 2M potassium hydroxide and 2M phosphoric 
acid.  For the non-pH controlled fermentation, the pH was measured throughout 
but not controlled. In both fermentations, the starting pH was 5.6 and the dissolved 
oxygen was measured throughout but not controlled. 
2.2.3.2 Sonication experiments 
A 2.75 L USC300TH ultrasonic cleaning bath (VWR, Lutterworth, UK) with a 
frequency of 45 kHz and maximum power input of 80 W was used throughout the 
study. The sonication cell had a cell volume of 157 ml and was autoclaved (121 °C, 
15 min), before being connected to the bioreactor aseptically using sterile silicon 
tubing (Figure 4.21). The sonication chamber was immersed into the ultrasonic 
water bath and held approximately 2 cm from the base of the water bath. Several 
drops of liquid detergent were also added into the water of the ultrasonic bath to 
decrease the surface tension and thus to provide efficient transfer of the ultrasonic 
waves. The medium from the bioreactor was recirculated continuously from the 
point of starting the sonication through the sonication chamber through the use of 
a peristaltic pump (Watson Marlow 323 bench top pump, Falmouth, UK). The 
recirculation flow rate was 0.9 L/min (400 rpm) with a residence time in the 
sonication cell of 10.46 sec.  
2.2.4 Analyses  
Biomass, glucose concentration and lipid concentration along with the biomass and 
lipid coefficients were measured and calculated as described in Section 2.1.5. 
Specific growth rate, µ, determining the increase in cell mass per unit time was 
calculated according to Equation 2.4 where X1 is the biomass at t1 and X2 is the 
biomass concentration at time t2 during exponential growth. 






    (Eqn 2.4) 
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2.3 Materials and methods: Chapter 5 
2.3.1 Microbial cultivation 
R. glutinis 2439 and R. minuta 62 was maintained on YPD agar, with seed cultures 
cultivated in YM medium as per Section 2.1.1. 
2.3.2 Diauxic growth studies 
The 26-hour-old seed cultures were centrifuged to pellet the cells (6000 rpm, 10 
min) and the supernatant discarded to prevent the transfer of residual sugar. The 
cell pellet was resuspended in 25 ml RSM medium containing 1 g/L (NH4)2SO4 but 
without sugar. 5 ml of this cell suspension was inoculate into 45 ml RSM medium 
containing 1 g/L (NH4)2SO4 and 30 g/L of sugar (glucose and xylose) at the ratios 
given in Table 5.18, in 100 ml Erlenmeyer flasks. The cultures were incubated at 28 
°C, 180 rpm for 120 h. 1 ml samples were removed every 24 h and the O.D.600 
measured using a spectrophotometer (Spectronic 200, Thermo Scientific UK). The 
yeast biomass was removed by centrifugation (14000 rpm, 2 min) and the sugar 
uptake was assessed using HPLC (detailed in Section 2.1.5.1). All cultures were 
repeated in triplicate. 
2.3.2.1 Kinetic analysis of glucose and xylose assimilation 
Based on first-order kinetics, Equation 2.5 was used to analyse the relationship 
between the reactant rate and the reactant concentration. 𝑟𝐴 is the volumetric rate 
of reaction, k is the first-order rate constant and 𝐶𝐴 is the concentration of the 
reactant; in this case the concentration of glucose or xylose.157 
     𝑟𝐴 =  𝑘𝐶𝐴      (Eqn. 2.5) 
Given that the system was closed and of a constant volume, the sugar 
concentration as a function of time in relation to 𝑟𝐴 can be expressed as Equation 
2.6. 
     𝑟𝐴 =  
−𝑑𝐶𝐴
𝑑𝑡⁄       (Eqn. 2.6) 
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By integrating Equations 2.5 and 2.6 with initial concentrations of 𝐶𝐴 =  𝐶𝐴0 at 
𝑡 = 0, and taking the natural log of both sides, produces Equation 2.7.  
ln 𝐶𝐴 = ln 𝐶𝐴0 −  𝑘𝑡     (Eqn. 2.7) 
This was plotted with respect to time in order to determine the rate constant, k, for 
the reaction. 
2.3.3 Alternative sugar studies 
The ability of Rhodotorula sp. to assimilate a variety of simple sugars commonly 
present in lignocellulose hydrolysates (glucose, xylose, arabinose, cellobiose, 
lactose and sucrose) was assessed using a 96-well microtitre plate system. 5 µl of a 
26-hour old seed culture in YM was added to 195 µl of RSM medium containing 30 
g/L glucose and 1 g/L (NH4)2SO4 in the 96-well plates. After 120 h at 28°C, 180 rpm, 
the increase in O.D.600 was measured using a plate reader (Versamax, Molecular 
devices UK). The sugars were tested individually, and in a 50:50 (w/w) combination 
with glucose and xylose. Each combination was tested using six repeats. 
2.3.4 Microbial inhibitor studies 
The growth of Rhodotorula sp. when single inhibitor compounds were present 
(furfural, 5-HMF, acetic acid, formic acid, levulinic acid) were examined under 
aseptic conditions using a 96-well microtitre plate system. 200 μl of culture were 
made up in 96-well plates in RSM medium containing 30 g/L  glucose, 1 g/L 
(NH4)2SO4 and either a low, medium or high level of inhibitor (Table 5.20) sterilised 
by UV for 1 hour prior to inoculation. The cultures were incubated at 28 °C, 180 rpm 
the increase in the O.D.600nm was measured after 7 days using a plate reader 
(Versamax, Molecular devices UK). 
2.3.5 Miscanthus hydrolysate 
The Miscanthus giganteus grass was depolymerised using five separate methods. 
This was kindly provided by Hussein et al. in the Department of Biology and 
Biochemistry, University of Bath. Method one (hydrolysate #1); 5% (w/v) of 
Miscanthus was autoclaved for 2 hours in 0.8% sodium sulphate solution (Na2SO4), 
and the pH was then adjusted to 5.5. The insoluble biomass was dried at 100 °C for 
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1.5 days, and then hydrolysed with the enzyme CTEC-2, in 5 mM of Na2OOCH3 
buffer at pH 5, for 3 days. Hydrolysate #2 was prepared using a 5% (w/v) of 
Miscanthus, which was autoclaved for 2 hours in 0.8% sodium sulphate solution 
(Na2SO4), and the pH was then adjusted to 5.5.  The soluble fraction was then 
hydrolysed with the enzyme CTEC-2 for 3 days. Hydrolysate #3 was prepared by 
soaking Miscanthus in ammonium hydroxide for 24 hours prior to the 
depolymerisation. After the 24 hours the Miscanthus was autoclaved (5% (w/v)) for 
2 hours in 0.8% sodium sulphate solution (Na2SO4), and the pH adjusted to 5.5. The 
insoluble biomass was dried at 100 °C for 1.5 days, and then hydrolysed with the 
enzyme CTEC-2, in 5 mM of Na2OOCH3 buffer at pH 5, for 3 days. Hydrolysate #4 
was prepared by soaking Miscanthus in ammonium hydroxide for 24 hours prior to 
the depolymerisation. After the 24 hours the Miscanthus was autoclaved (5% (w/v)) 
for 2 hours in 0.8% sodium sulphate solution (Na2SO4), and the pH adjusted to 5.5. 
The soluble fraction was then hydrolysed with the enzyme CTEC-2 for 3 days. 
Hydrolysate #5 was prepared by soaking Miscanthus in ammonium hydroxide for 24 
hours, then treating with the enzyme CTEC-2 in 5 mM of Na2OOCH3 buffer at pH 5, 
for 3 days. The hydrolysates 1-5 were then autoclaved (121 °C, 15 min.) to ensure 
sterility prior to inoculation.  
2.3.5.1 Cultures on depolymerised Miscanthus 
A 26-hour-old seed culture of R. minuta grown in YM medium (28 °C, 180 rpm) was 
used to inoculate 20 ml of each of the five hydrolysates (10% (v/v)). The cultures 
were grown at 28 °C, 180 rpm for 168 h in duplicate. 0.5 ml samples were taken 
every 24 h to measure the O.D.600. Residual sugar concentrations were measured by 
HPLC analysis (Section 2.1.5). 
2.3.6 Preparation of food waste 
 Using the data available from Wrap,158 a standard food waste was developed (drink 
waste excluded), with consumables purchased from a Sainsbury’s supermarket 
consisting of: 263 g of boiled Sainsbury’s carrot, broccoli and cauliflower mix, 357 g 
of boiled baking potato (skin on), 95 g apple, 65 g orange peel, 150 g banana, 100 g 
slices white bread, 100 g Sainsbury’s basics sliced cooked chicken, 50 g Sainsbury’s 
basics crunchy salad, 160 g used tea bags and 90 g Sainsbury’s basics ready-
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prepared chilled lasagne. These were macerated using a conventional food 
processor, until a homogenised substrate was obtained. This mix was blended 1:1 
(w/w) with deionised water using a household blender. This mix was then subjected 
to different hydrolysis techniques (see below). 
2.3.6.1 Enzymatic hydrolysis 
The food waste mixture was adjusted to the desired pH according to the 
experimental design using sodium hydroxide and hydrochloric acid. The blends 
were stored at 4 °C until use, but for no longer than one week. Celluclast® 1.5L 
cellulase mix (Novozymes, Bagsværd, Denmark), derived from Trichoderma reesei 
cellulase is widely utilised for the hydrolysis of lignocellulostic biomass 
feedstocks,159 and thus was used to hydrolyses the carbohydrate present in the 
food waste.  The enzyme mixture, consisting predominantly of cellobiohydrolases 
(CBHs) and endo-1,4-β-glucanases (EGs) catalyses the breakdown of cellulose into 
glucose, cellobiose and other glucose polymers. Originally isolated from decaying 
canvas during World War II, T. reesei is now one of the most well-known and 
researched cellulose-producing fungi.160 The optimum conditions for activity of this 
enzyme preparation are in the range pH 4.5 – 6.0 and 50 – 60 °C. 
Enzymatic hydrolysis experiments were conducted in 100 ml Erlenmeyer flasks each 
containing 50 ml minced food waste, in a shaking incubator at 200 rpm. Enzyme 
loading, pH, incubation temperature and time were done according to the 
experimental design. Following incubation, the food waste mixture was centrifuged 
(4000 rpm, 20 min) to remove the solid biomass and the supernatant removed. 
Enzymatic activity was stopped by autoclaving the supernatant (121 °C, 15 min). 
The resulting solids were removed by centrifugation (4000 rpm, 20 min) before the 
supernatant was filtered through Whatman No.1 filter paper (Whatman, 
Maidstone, UK). This final translucent hydrolysate was autoclaved again (121 °C, 15 
min) to ensure sterility of the culture medium. 
2.3.6.2 Thermochemical hydrolysis 
Acid hydrolysis was performed according to a modified method of Chi et al.,84 in 
which 3% (v/v) concentrated sulphuric acid was added to the blended food mixture 
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and autoclaved (121 °C, 15 min) to hydrolyse the polysaccharides within the food 
waste. The autoclaved mixture was filtered twice through a Whatman No. 1 filter 
paper (Whatman, Maidstone, UK) before being neutralised with sodium hydroxide 
to pH 6.5. The resulting precipitate was again filtered twice through Whatman filter 
paper to yield a translucent food waste hydrolysate (FWH), which was autoclaved 
(121 °C, 15 min) to ensure sterility. 
2.3.7 Analyses 
Biomass, glucose concentration and lipid concentration, alongside the lipid and 
biomass coefficients were analysed according to Section 2.1.5.  
2.4 Materials and methods: Chapter 6 
2.4.1 Materials 
All materials were purchased from Sigma-Aldrich (UK) aside from the deuterated 
chloroform (Flurochem, Hadfield, UK). 
2.4.2 Microbial cultivation 
R. glutinis 2439 was cultured aerobically in a 1.5 L jacketed airlift fermenter, with a 
working volume of 1 L at 30 °C.  The previously defined YM medium was used 
throughout (Section 2.1.1), and the culture was initiated with 10% (v/v) of an 
overnight seeding culture. After 168 h of culture, the yeast biomass was 
concentrated though settling, the supernatant removed and replaced with a sterile 
2% (w/v) glucose solution to promote lipid accumulation. This second stage of the 
fermentation was maintained for 120 h. On completion, the yeast biomass was 
removed by centrifugation (6000 rpm, 10 min), the supernatant removed, and the 
biomass washed with deionised water to remove any residual sugar. The biomass 
was pelleted into liquid nitrogen before being freeze dried (-40 °C) overnight. The 
resulting powder (9.1 g) was stored in an air-tight vial at -20 °C prior to use. 
2.4.3 Oil Extraction 
2.4.3.1 Soxhlet extraction  
0.1 g of the freeze-dried microbial biomass was placed inside a cellulose thimble 
(Whatman, Maidstone, UK) within the Soxhlet apparatus. Using an adapted method 
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from Bligh & Dyer,156 a 2:1 mixture of chloroform and methanol (total 50 ml) was 
set to reflux at 85 °C for the desired amount of time (0.5, 1, 2, 4, 8, 12, 24 or 48 h). 
The volatile solvent was removed under vacuum, before 20 ml methanol and 0.1 g 
conc. sulphuric acid (catalyst) was added to the resulting oil and set to reflux at 85 
°C for 8 h. The excess methanol was removed under vacuum and the lipid extracted 
into chloroform. The organic layer was washed with water to remove the acid 
catalyst, glycerol and methanol, before the volatiles were removed under reduced 
pressure prior to analysis. 
2.4.3.2 Microwave extraction 
Microwave extraction was performed using an Anton Paar monowave 300 
microwave reactor equipped with a MAS 24 autosampler (Anton Paar Ltd., St 
Albans, UK). 0.1 g of the microbial biomass was extracted into a 2:1 mixture of 
chloroform:methanol (6 ml total) within a 10 ml sealed, stirred microwave vial, 
capable of withstanding a pressure of 30 bar. Concentrated sulphuric acid was used 
as the catalyst at 1 wt.% (0.001 g), 10 wt.% (0.01 g), 25 wt.% (0.025 g) or 100 wt.% 
(0.1 g). The microwave was set on an automated cycle comprising three steps: 1. 
Heating to the desired temperature and pressure (typically lasting < 1 min) with 
1000 rpm stirring; 2. The reaction (0.5 – 20 min, 1000 rpm stirring); 3. Fast cooling 
using compressed N2 (typically < 2 min.). The biomass was separated with filter 
paper (Whatman, UK) and the organic mixture quenched with water. The 
chloroform was washed three times with water before the chloroform was 
removed under vacuum prior to analysis. 
2.4.4 1H NMR spectroscopy 
The FAME conversion was calculated by dissolving a fraction of the sample in CDCl3 
and analysing by 1H NMR spectroscopy in an adapted method by Knothe.161 This 
method uses the integration of the peaks assignable to the reactants and products. 
The peak assignable to the methoxy group of the FAME (δ 3.6 ppm) was compared 
to the glyceride backbone (δ 4.0 – 4.5 ppm) of the triacylglyceride (Equation 2.8). 
𝐹𝐴𝑀𝐸 𝑐𝑜𝑛𝑣𝑒𝑟𝑠𝑖𝑜𝑛 (%) = ⌊
5𝑎
5𝑎+9𝑏
⌋  ×  100   (Eqn. 2.8) 
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Where a is the integration of the methoxy peak at δ 3.6 ppm, and b is the 
integration of the glyceride peak at δ 4.0  - 4.5 ppm. This method is capable of 
quantification of products with an accuracy of ±2%.162 NMR spectroscopic 
measurements were carried out at 298 K using a Bruker AV300 spectrometer, 
operating at 300 MHz.  The lipid content and FAME profile were calculated by GC-
MS, as described in Section 2.1.5.4. 
2.4.5 Energy return on investment 
The power used for the microwave was calculated by integrating the energy output 




[𝑦0 + 2(𝑦1 +  𝑦2  ⋯ +  𝑦𝑛−1) + 𝑦𝑛]   (Eqn. 2.9) 
Where: h is 0.05 (step size), 𝑦0 is the power at time 0, 𝑦1 is the power at 0.0.5 sec. 
𝑦2 is the power at 0.1 sec., etc. and n is the number of steps. 
The experimental data from the microwave extractions was used to calculate the 
EROI based on both lipid extraction and the biodiesel produced.  
𝐸𝑛𝑒𝑟𝑔𝑦 𝑓𝑟𝑜𝑚 𝑜𝑖𝑙 (𝑀𝐽) = 𝑀𝑎𝑠𝑠 𝑜𝑓 𝑜𝑖𝑙 (𝑘𝑔)  × 𝐸𝑛𝑒𝑟𝑔𝑦 𝑑𝑒𝑛𝑠𝑖𝑡𝑦 (𝑀𝐽 𝑘𝑔−1)  
                     (Eqn. 2.10) 
𝑀𝑎𝑠𝑠 𝑜𝑓 𝑜𝑖𝑙 (𝑘𝑔) = 𝑀𝑎𝑠𝑠 𝑜𝑓 𝑦𝑒𝑎𝑠𝑡 (𝑘𝑔) × 𝐿𝑖𝑝𝑖𝑑 𝑟𝑒𝑐𝑜𝑣𝑒𝑟𝑒𝑑 (%)         (Eqn. 2.11) 
In which the energy density of the oil was 39.99 MJ/kg and the mass of yeast was 
maintained at 1 x 10-4 kg. The EROI was then determined using the relationship 
between the usable energy in the oil compared to the energy expended during the 
extraction process (Equation 2.12). 
𝐸𝑅𝑂𝐼 (%) =  [
𝐸𝑛𝑒𝑟𝑔𝑦 𝑓𝑟𝑜𝑚 𝑡ℎ𝑒 𝑜𝑖𝑙
𝐸𝑛𝑒𝑟𝑔𝑦 𝑖𝑛𝑝𝑢𝑡 𝑖𝑛𝑡𝑜 𝑚𝑖𝑐𝑟𝑜𝑤𝑎𝑣𝑒
]  × 100   (Eqn. 2.12) 
Calculations for an increased amount of lipid were undertaken assuming the same 
power output, irrespective of the level of lipid extracted. 








TAILORING THE LIPID PROFILE OF RHODOTORULA SPECIES 













This chapter describes the growth of Rhodotorula species on refined glucose. This 
also includes an understanding of how the environmental growth conditions 
(temperature and C/N ratio) can affect the resulting oil and how this can be tailored 
to suit the desired application. The results from this chapter have been presented 
as a publication which can be found in the appendix: 
L. A. Sargeant, C. J. Chuck, J. Donnelly,  C. D. Bannister,  R. J. Scott, 2014, Optimizing 
the lipid profile, to produce either a palm oil or biodiesel substitute, by 
manipulation of the culture conditions for Rhodotorula glutinis. Biofuels, 5 (1), 33-
34. 
3.1 Introduction 
The majority of research into microbial lipids has focussed on improving the 
economic competitiveness of the lipids compared to plant- and animal-derived 
oils.20 As the molecular toolkit within biochemistry and molecular biology has 
developed, the potential to genetically modify microorganisms has received ever-
growing attention to improve lipid yields or to generate oils with tailored fatty acid 
profiles.163 However, public concern about the use of genetically modified 
organisms (GMOs) and the stability of engineered strains within industrial microbial 
processes are important considerations. The cost surrounding the development of 
these GMOs is also a significant factor. Therefore, another promising approach to 
deliver tailored lipids for application is to direct the production of suitable lipids 
through the manipulation of the growth conditions.  
3.1.2 Improvement of microbial lipid production 
For a given yeast strain, the total lipid yield and composition of the accumulated 
fatty acids are strongly influenced by growth parameters including the carbon 
source, C/N molar ratio, other nutrients, oxygen level, pH and temperature.164 One 
of the most important factors for lipid accumulation in oleaginous microorganisms 
is the change in the intracellular concentration of various metabolites, due to the 
exhaustion of some nutrients in the culture medium.17 For non-oleaginous yeast, 
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nitrogen limitation hinders cell growth and the excess carbon is channelled into 
polysaccharide synthesis, such as starch and β-glucan.165 In oleaginous yeast, 
nitrogen exhaustion initiates a series of metabolic steps leading to de novo lipid 
biosynthesis in which the carbon source is used for lipid accumulation rather than 
cell proliferation processes. 22,47,164-165 Lipid accumulation is influenced by the C/N 
ratio, with lipid accumulation induced at molar ratio C/N > 20,86 but with an 
optimum being close to 100.38 Indeed, the lipid yield from R. glutinis more than 
doubled when the C/N ratio was increased from 20 to 70, but a further increase to 
C/N 120 did not lead to higher lipid yields.76 One exception is the yeast, 
Cryptococcus terricola which has been shown to accumulate intracellular lipids 
during the logarithmic growth phase under nitrogen-rich conditions.51 Nitrogen 
limitation is not the sole factor which can trigger the accumulation of lipids in 
oleaginous microorganisms. For example, lipid accumulation in Rhodosporidium 
toruloides was induced in nitrogen-rich medium when sulfate or phosphate became 
the limiting factor of cell growth.87,166  
3.1.3 The need for tailored lipids 
The most common fatty acids contained within yeast and plant oils are palmitic acid 
(16:0), steric acid (18:0), oleic acid (18:1), linoleic acid (18:2) and linolenic acid 
(18:3). The relative proportion of these lipids does, however, depend on the 
feedstock used. For example, palm oil contains approximately 55% saturated lipids 
and thus the resulting oil offers a high viscosity and melting point which is ideal for 
applications within the healthcare and food industries.167 It is also ideal for 
upgrading into surfactants. For the automotive industry, saturate-rich esters 
enhance oxidative stability and the cetane number of the fuel (providing better 
ignition quality) but they also possess poor cold-flow properties.117 For the aviation 
industry, the high level of saturation within this type of feedstock would require 
less hydrogen to fully saturate the oil in order to produce a HEFA fuel 
(hydroprocessed esters and fatty acids). This would in turn reduce the processing 
cost. Conversely, an oil rich in polyunsaturated fatty acids, such as that from linseed 
oil, which is rich in linolenic acid (18:3) would offer a lower melting point, thus 
enhancing the low-temperature properties if the oil were transesterified into 
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biodiesel. However, this biodiesel would also have reduced oxidative stability and a 
poor cetane number, and thus the 18:3 fatty acid component within biodiesel is 
limited to 12 mol.% according to EN 14-214 specification. Similarly, fatty acids with 
four or more double bonds are limited to 1 mol.% for the same reasons. Oils rich in 
polyunsaturates are however highly desirable in the polymer industries as the 
double bonds are easily cross-linked. Linolenic acid is also used within the 
homeopathic community as a dietary supplement due to alleged health benefits 
linked to its consumption.  
One of the most desirable fatty acids for the transport industry is oleic acid (18:1), 
which is found in concentrations of approximately 60% in rapeseed oil,117 and as 
such it is the main feedstock for biodiesel production in the EU and China.168 Methyl 
oleate has a melting point and kinematic viscosity (at 40 °C) of -20 °C and 4.51 
mm2/s, respectively,117 which sits comfortably within EN 14-214 biodiesel 
specification. Methyl oleate also offers a high energy density (40.01 MJ/kg), 
superior ignition quality as well as improved oxidative stability.116 Oleic acid is also 
of interest for the production of platform chemicals and potential fuel molecules as 
the cross metathesis of methyl oleate with ethene yields methyl 9-decanoate and 
1-decene.169 1-decene has been recently explored as a drop-in fuel replacement for 
the aviation industry as it is one of the few uni-molecular fuels obtainable from 
biomass that meets the fuel properties outlined for Jet A-1 (DEFSTAN 91-91). A 
further benefit is that 1-decene offers an energy density 10% higher than that of Jet 
A-1.170 Methyl decanoate offers the potential as a suitable blend agent within 
biodiesel, and it can also be used in the manufacture of surfactants, lubricants and 
polymers.169 
3.1.3.1 Tailored lipids from yeast 
Due to the inherent physical differences resulting from the varying oil feedstocks, it 
is imperative that the replacement yeast oil has a fatty acid profile similar to the oil 
that it is displacing. The fatty acid profile of oleaginous yeast can vary between 
species, among strains of the same species, as well as for the same strain grown 
under different environmental conditions.21 A number of techniques have been 
used previously to tailor the lipid profile of oleaginous yeast. In order to produce a 
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saturate-rich oil for use as a cocoa butter or palm oil replacement, crystallising-out 
the saturated fats at low temperatures, including Δ9 and Δ12 desaturase inhibitors 
in the culture medium,150 genetic manipulation,171-172 and O2 depletion
173 have 
been used. One of the simplest methods to tailor the lipid profile is through the 
manipulation of the growth conditions to yield the desired lipid profile. For 
example, a higher C/S molar ratio favoured the production of saturated fatty acids 
in R. toruloides.87 Temperature-induced variations in the fatty acid profile of the 
yeast C. oleophila, C. utilis and R. toruloides have been demonstrated, but the 
effects were species specific.174 Reducing the culture temperature for C. curvatus 
increased the amount of saturated esters by 10%,175 while the amount of 
polyunsaturates in various yeast of the Zygomycete genera were reduced 
substantially at lower growth temperatures.176 In contrast, lower incubation 
temperatures were reported to increase the level of polyunsaturates in R. 
glutinis177 and Y. lipolytica.178  
3.1.4 Design of experiments 
One method to optimise the production of microbial lipids is through processes 
such as Design of Experiments (DoE). Statistical experimental design techniques, 
especially the response surface methodology (RSM) are extremely useful in 
understanding the effects and interaction of multiple factors. RSM has also been 
used widely for biotechnological and industrial process optimisation.72,179 Medium 
optimisation of lipid production using RSM has been used previously for oleaginous 
microorganisms including R. glutinis grown on crude glycerol,72 and the co-
fermentation of glucose and xylose using L. starkeyi.179 Similarly, temperature can 
affect the lipid profile in various oleaginous microorganisms,174 though this has not 
been used to assess the lipid profile of Rhodotorula species. 
3.1.5 Aim of the chapter 
Using a response surface methodology, the temperature and C/N ratio of the 
growth medium were varied  to evaluate the effects on the production of either 
saturated or monounsaturated esters, and whether this could be used to tailor the 
lipid profile of Rhodotorula species for industrial application. 
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3.2 Results and discussion 
3.2.1 Tailoring the lipid profile of R. glutinis 
A response surface methodology using a 33 full factorial design was performed to 
develop mathematical correlations between three independent variables and to 
approach the optimum response region.155 The range of the variables tested were: 
glucose, 10 - 30 g/L; (NH4)2SO4, 0.5 - 1.5 g/L and temperature, 25 - 35 °C.  The low, 
medium and high values for the independent variables were coded as -1, 0 and 1, 
respectively. According to this design, a total of 30 experiments were conducted 
with three replicates at the central point for assessing experimental variance (Table 
3.1). From this, the coefficient of determination (R2) of the model for Y1, Y2, Y3 and 
Y4 were 0.979, 0.987, 1 and 0.999, respectively, indicating that the model explains 
between 97.9 – 100% of the variability in the response.  The root mean squared 
errors (RMSE) of the models for Y1, Y2, Y3 and Y4 were 0.06 g/L, 1.868% d.wt., 
0.632% and 0.487%, respectively, with the predicted sum square error (PRESS) 
RMSE, a measure of the RMSE calculated after the omission of each data point 
sequentially to provide an indication of model over-fitting, was acceptable with 
values of 0.069 g/L, 2.548% d.wt., 1.169% and 0.64% respectively (Table 3.2). The 
correlation of the effects of the input variables on the production of biomass (Y1), 
total lipid (Y2), and production of the fatty acids 16:0 (Y3) and 18:1 (Y4) were 
assessed. A regression analysis was carried out to fit the response function and 
predict the outcomes using a radial basis function-multiquadratic (qRBF) response 
surface. The results obtained by the qRBF were analysed by means of the analysis 
of variance using the 30 experimental data points (Table 3.2). 16 – 19 centres were 
used to assess the model fit for each of the dependent variables, with the predicted 
output compared to the measured response (Figure 3.1).  
From this, the coefficient of determination (R2) of the model for Y1, Y2, Y3 and Y4 
were 0.979, 0.987, 1 and 0.999, respectively, indicating that the model explains 
between 97.9 – 100% of the variability in the response.  The root mean squared 
errors (RMSE) of the models for Y1, Y2, Y3 and Y4 were 0.06 g/L, 1.868% d.wt., 
0.632% and 0.487%, respectively, with the predicted sum square error (PRESS) 
RMSE, a measure of the RMSE calculated after the omission of each data point 
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sequentially to provide an indication of model over-fitting, was acceptable with 
values of 0.069 g/L, 2.548% d.wt., 1.169% and 0.64% respectively (Table 3.2).  
Table 3.1: Experimental range for the three independent variables used in response surface 
methodology in terms of coded and actual factors, and experimental data for the response surface 
analysis for Rhodotorula glutinis. 
Test 










(dwt%) % 18:1 % 16:0 
x1 x2 x3 Y1 Y2 Y3 Y4 
        
1 -1(25) -1(10) -1(0.5) 4.518 7.68 55.66 19.67 
2 0(30) -1(10) -1(0.5) 3.499 5.73 62.45 19.34 
3 1(35) -1(10) -1(0.5) 1.972 11.47 64.21 17.20 
4 -1(25) 0(20) -1(0.5) 6.708 21.08 47.62 30.09 
5 0(30) 0(20) -1(0.5) 7.177 21.44 59.15 25.23 
6 1(35) 0(20) -1(0.5) 2.421 10.17 67.07 17.05 
7 -1(25) 1(30) -1(0.5) 8.174 29.24 46.46 31.42 
8 0(30) 1(30) -1(0.5) 8.299 31.76 54.53 26.91 
9 1(35) 1(30) -1(0.5) 2.046 11.49 64.54 17.29 
10 -1(25) -1(10) 0(1.0) 3.92 5.99 55.06 18.17 
11 0(30) -1(10) 0(1.0) 3.53 10.02 66.12 18.68 
12 1(35) -1(10) 0(1.0) 1.792 10.74 63.75 17.16 
13 -1(25) 0(20) 0(1.0) 6.263 7.55 56.34 25.18 
14 0(30) 0(20) 0(1.0) 5.968 19.80 64.43 24.74 
15 1(35) 0(20) 0(1.0) 1.852 10.56 64.12 16.81 
16 -1(25) 1(30) 0(1.0) 9.022 20.42 50.59 29.84 
17 0(30) 1(30) 0(1.0) 7.148 19.15 61.79 25.06 
18 1(35) 1(30) 0(1.0) 2.118 10.66 64.36 16.65 
19 -1(25) -1(10) 1(1.5) 3.925 5.43 56.37 18.11 
20 0(30) -1(10) 1(1.5) 3.015 4.44 62.60 19.06 
21 1(35) -1(10) 1(1.5) 2.157 13.10 66.00 16.91 
22 -1(25) 0(20) 1(1.5) 6.815 14.22 58.30 24.52 
23 0(30) 0(20) 1(1.5) 7.3 14.54 64.90 23.92 
24 1(35) 0(20) 1(1.5) 1.984 10.61 65.34 16.38 
25 -1(25) 1(30) 1(1.5) 7.957 11.20 56.27 26.39 
26 0(30) 1(30) 1(1.5) ND 21.16 62.56 24.86 
27 1(35) 1(30) 1(1.5) 2.392 10.13 66.45 17.00 
28 0(30) 0(20) 0(1.0) 5.687 20.68 64.18 24.28 
29 0(30) 0(20) 0(1.0) ND 16.10 64.46 24.14 
30 0(30) 0(20) 0(1.0) 7.606 15.48 64.16 24.84 
For independent variables, the value given is that used in the model and values in parentheses are 
the true values. Dwt: Dried weight; ND: No data; x: independent variables; Y: dependent variables. 




Figure 3.1: Response surface model fits for the main fatty acids, lipid content and total biomass 
from Rhodotorula glutinis. a. biomass; b. total lipid; c. Palmitic acid, 16:0; d. Oleic acid, 18:1. The 
predicted values represent the values obtained from the regression analysis using a radial basis 
function multi-quadratic response surface. The centres used in the construction of these models are 
indicated with a magenta star around the data point. Error bars represent the spread of data 
observed for repeated central point. The red squares indicate validation data not included in the 
construction of the models. Dwt: Dried weight; PRESS: Predicted sum square error; R
2
: Coefficient of 
determination; RBF: Radial basis function; RMSE: Root mean square error. 
 
The coefficient of variation (CV) value indicates the degree of precision with which 
the experiments are compared as it expresses the variation as a percentage of the 
mean.  A high CV value (> 15%) usually lowers the reliability of the experiment. In 
these models, CV values of 12.42%, 13.28%, 1.04% and 2.63% were observed for 
biomass, total lipid, percentage 18:1 and percentage 16:0, respectively (Table 3.2). 
While the CV values for biomass and lipid may be comparatively high, these 
variables are most affected by the changing environmental conditions and thus 
results in the largest variation. Low biomass and lipid yields adversely affect the CV 
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value obtained. For this reason, the CV values indicate reliability in the results. The 
probability value (P-value) was also calculated to ensure that the results were not 
due to chance occurrence.  When the P-value is less than 0.05 (or more stringently 
0.01), the model is considered to be significant. The P- values of the models were all 
<0.01 indicating a high significance of the coefficients. 
Table 3.2: Analysis of Variance (ANOVA) for the independent variables of the response surface-
guided experiments for Rhodotorula glutinis. 
SS, Sum of squares; DF, Degree of Freedom; MS, Mean square; RMSE, Root mean-square error; CV, 
Coefficient of variance. 
 
The regression models were employed to develop three-dimensional response 
surfaces in order to visualise the combined effects on the dependant variables Y1 – 
Y4, (Figures 3.2 – 3.5). When the effect of two factors was plotted, the other factor 
was set at zero (From this, the coefficient of determination (R2) of the model for Y1, 
Y2, Y3 and Y4 were 0.979, 0.987, 1 and 0.999, respectively, indicating that the model 
explains between 97.9 – 100% of the variability in the response.  The root mean 
squared errors (RMSE) of the models for Y1, Y2, Y3 and Y4 were 0.06 g/L, 1.868% 
d.wt., 0.632% and 0.487%, respectively, with the predicted sum square error 
(PRESS) RMSE, a measure of the RMSE calculated after the omission of each data 
point sequentially to provide an indication of model over-fitting, was acceptable 
with values of 0.069 g/L, 2.548% d.wt., 1.169% and 0.64% respectively (Table 3.2). 
3.2.1.1 Biomass 
The relationship between glucose and biomass production was relatively simple, 
with greater quantities of biomass produced at higher glucose concentrations 
 Source SS DF MS R
2
 RMSE CV (%) 
Y1 
Biomass 









Error 0.07 19.352 3.62E-03 
Total 8.171 28 0 
Y2 
Total lipid 









Error 53.778 15.407 3.491 
Total 7285.084 30 0 
Y3 
Total 18:1 









Error 4.85 12.131 0.4 
Total 1.11E+05 30 0 
Y4 
Total 16:0 









Error 6.712 20.149 0.333 
Total 15008.715 30 0 
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(Figure 3.2, a & c). The maximum biomass yield was 9.022 g/L (25 °C, 30 g/L glucose, 
1.0 g/L (NH4)2SO4), which decreased to 1.792 g/L (35 °C, 10 g/L glucose, 1.0 g/L 
(NH4)2SO4). Interestingly, the effect of nitrogen concentration on the amount of 
biomass produced was minimal, with little effect observed compared with 
temperature and only a slight increase in biomass being produced at low nitrogen 
concentrations compared with the effect of glucose (Figure 3.2).  The effect of 
temperature on biomass production was considerable, with greater levels of 
biomass produced at lower temperatures (25 – 30 °C). Irrespective of the other 
environmental conditions, growth at 35 °C was poor, with a maximum biomass 
yield at this temperature of 2.421 g/L (35 °C, 20 g/L glucose, 0.5 g/L (NH4)2SO4). 
While Rhodotorula sp. have been shown to grow at temperatures ranging from 20 – 
32 °C, for most strains the optimal biomass is produced at 28 °C.77,180 This 
corresponds with this study in which the optimum temperature for biomass 
production was found to be between 25 and 30 °C.  
3.2.1.2 Total Lipid 
The total lipid, as measured as a function of dry weight, was greatest at high 
glucose concentrations and low nitrogen concentrations (Figure 3.3).  It has 
previously been shown that the higher the carbon-to-nitrogen ratio (C/N), the 
greater the lipid accumulation.56 This is due to the up regulation of the enzyme 
ATP:citrate lyase, an enzyme complex only present in oleaginous microorganisms, 
which upon nitrogen limitation, increases the metabolic flux of the carbon source 
into fatty acid biosynthesis.165 The relationship between the lipid production and 
temperature, however, is more complex.  Irrespective of the C/N ratio, little lipid 
was produced at high temperatures. The optimal temperature for lipid production 
was around 30 °C, though similar levels (~20% d.wt) can be obtained at lower 
temperatures providing the C/N ratio is sufficiently high (generally, C/N >20).86 The 
very low biomass yields observed at 35 °C shows the importance of controlling 
temperature for lipid production. 




Figure 3.2: Response surface plots for total biomass produced by Rhodotorula glutinis. a. Interaction between glucose and (NH4)2SO4; b. (NH4)2SO4 and temperature; c. 
glucose and temperature. 
 
Figure 3.3: Response surface plots for total lipid produced by Rhodotorula glutinis. a. Interaction between glucose and (NH4)2SO4; b. (NH4)2SO4 and temperature; c. 
glucose and temperature. 
7
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3.2.1.3 Oleic acid (18:1) production 
In order to produce a feedstock that is suitable for biodiesel production, the highest 
possible 18:1 content is required. The predominant biodiesel source within the EU 
and China is rapeseed oil, which contains between 55 - 65% 18:1.117,168 
Temperature induced variations in the proportions of oleic acid have been 
previously observed in Candida oleophila, Candida utilis and R. toruloides, but the 
effect of the environmental conditions on lipid production were found to be 
species-specific.174 In R. glutinis, 18:1 production appeared to be favoured by high 
temperatures (Figure 3.4), with greater than 65% of the lipid being 18:1 at 30 °C or 
above, irrespective of the level of glucose or nitrogen provided in the culture 
medium.  At lower temperatures (e.g. 25 °C) this fell to as low as 45% depending on 
the other variables. These findings are in contrast to Ferrante et al. and Granger et 
al., who reported an increase in polyunsaturated fatty acids at lower incubation 
temperatures.177-178 This was demonstrated to be due to an increase in the activity 
of the Δ12-desaturase enzyme catalysing the transformation of oleoyl-CoA (18:1) to 
linoleoyl-CoA (18:2) at lower temperatures. This effect could however be strain-
specific. While not as influential as temperature, glucose concentration affected the 
lipid profile in the 25-30 °C range. As the glucose concentration increases, the 
percentage concentration of 18:1 decreases inversely with an increase in 16:0. At 
low nitrogen levels, there was a considerable drop in the percentage concentration 
of 18:1, although this variable does not have as much influence as the temperature. 
Increasing nutrient limitation has been previously demonstrated to increase the 
saturated fatty acid composition of the oil produced,87 most likely due to metabolic 
overflow at excess carbon conditions resulting in the channelling of excess citrate 
into fatty acid biosynthesis.86  
3.2.1.4 Palmitic acid (16:0) production 
In contrast to biodiesel, producing a palm oil replacement suitable to the care 
products or food industry requires an enhanced saturated component. Typically, 
palm oil contains between 35 and 50% saturated components.16 The level of 
palmitic acid produced by R. glutinis is heavily dependent on all the environmental 
variables. Similarly to 18:1 production, the levels of 16:0 was found to be reliant on 
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temperature, with high levels produced at 25 °C. A similar relationship between 
temperature and the degree of unstauration within the resulting oil was also found 
in C. curvatus, in which the total saturated fatty acid content increased from 43 
wt% at 34 °C to 54.2 wt% at 22 °C.175 In contrast, research surrounding the 
production of polyunsaturated fatty acids from R. glutinis YM25079 showed that 
decreasing temperature from 25 °C to 15 °C increased the levels of linoleic and 
linolenic acid (18:2 and 18:3, respectively) from 29% to 55%, due to increased 
activity of Δ12-desaturase.181 This was also observed in the cryophilic yeast, R. 
glacialis, in which the levels of saturated lipids (C16:0 and C18:0) decreased with a 
decrease in growth temperature.48 
At high glucose or low nitrogen levels, the palmitic acid component of the glyceride 
lipids reached as high as 30%. The C/N ratio did not have a large effect on the 
production of palmitic acid. At high glucose concentrations, reasonably high levels 
of 16:0 were produced irrespective of nitrogen availability. Similarly, at low glucose 
concentrations, little 16:0 was formed irrespective of nitrogen availability. When 
low levels of 18:1 were produced, such as at low temperatures, the levels of methyl 
palmitate production increased substantially (Figure 3.5). The 16:0 production 
ranged from 17% (10 g/L glucose, 1.5 g/L (NH4)2SO4, 35 °C) to 32 % (30 g/L glucose, 
0.5 g/L (NH4)2SO4, 25 °C). Though the 16:0 content can be increased further, up to 
40%, with high glucose levels.  This level of saturation is comparable to palm oil. 
Interestingly, this large effect of temperature on the lipid profile is not generally 
observed in other oleaginous yeast.  Suutari et al. showed that increasing the 
growth temperature either had little effect on, or increased the relative proportion 
of 16:0 for the yeast S. cerevisiae, R. toruloides, C. utilis, L. starkeyi and C. oleophila.  
However, when looking at the ratio between C16 and C18 fatty acids, the proportion 
of C16 FAME was shown to increase at decreasing temperatures for S. cerevisiae.
174    
As seen previously in this study, the concentration of nitrogen seemed to have little 
effect on the levels of 16:0 (Figure 3.5), however high glucose concentrations 
drastically improved 16:0 FAME production. An increase of  40% for the production 
of 16:0 was observed between 10 g/L glucose (18.2% 16:0) and 30 g/L glucose 
(29.8% 16:0) at 25 °C and 1 g/L (NH4)2SO4 (From this, the coefficient of 
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determination (R2) of the model for Y1, Y2, Y3 and Y4 were 0.979, 0.987, 1 and 0.999, 
respectively, indicating that the model explains between 97.9 – 100% of the 
variability in the response.  The root mean squared errors (RMSE) of the models for 
Y1, Y2, Y3 and Y4 were 0.06 g/L, 1.868% d.wt., 0.632% and 0.487%, respectively, with 
the predicted sum square error (PRESS) RMSE, a measure of the RMSE calculated 
after the omission of each data point sequentially to provide an indication of model 
over-fitting, was acceptable with values of 0.069 g/L, 2.548% d.wt., 1.169% and 
0.64% respectively (Table 3.2). 
3.2.1.5 Validation of the model 
In order to assess the accuracy of the model for predictive purposes, a number of 
validation tests were undertaken within the mid-points of the levels used for the 
RSM and compared to the values predicted by the models. These validation 
cultures were performed at 28 °C with: (1) 15 g/L glucose, 0.75 g/L (NH4)2SO4; (2) 25 
g/L glucose, 0.75 g/L (NH4)2SO4; (3) 15 g/L glucose, 01.25 g/L (NH4)2SO4; (4) 25 g/L 
glucose, 01.25 g/L (NH4)2SO4. In general, these experimental points fell within the 
range of experimental error for the model, demonstrating adequate confidence in 
the predictions (Figure 3.1 – square, red marker points). 




Figure 3.4: Response surface plots for the percentage of oleic acid (18:1) produced by Rhodotorula glutinis. a. Interaction between glucose and temperature; b. Glucose 
and (NH4)2SO4; c. (NH4)2SO4 and temperature.  
 
Figure 3.5: Response surface plots for the percentage of palmitic acid (16:0) produced by Rhodotorula glutinis. a. Interaction between glucose and temperature; b. 
Glucose and (NH4)2SO4; c. (NH4)2SO4 and temperature.
7
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3.2.2 Tailored lipid application 
In order to assess the model as a tool for tailoring the lipid profile, R. glutinis was 
cultured under conditions predicted to produce a saturate-rich oil (SRG oil) or a 
monounsaturated oil. These were: 30 g/L glucose, 0.75 g/L (NH4)2SO4, 30 °C; and 30 
g/L glucose, 0.5 g/L (NH4)2SO4, 25 °C for high 18:1 and high 16:0, respectively. The 
monounsaturated oil was transesterified with methanol to produce biodiesel (R. 
glutinis methyl ester; RGME). The pertinent physical properties (lipid profile, 
density, kinematic viscosity and cloud point) were measured and compared to palm 
oil and rapeseed methyl ester (Table 3.3). 
Table 3.3: Comparison of the properties of an oleic acid ester rich biodiesel produced from 
Rhodotorula glutinis (R. glutinis methyl ester) and an alternative oil, rich in saturated esters, 
produced by R. glutinis (saturated R. glutinis oil). 
Properties RGME (high 










16:0 17 2 – 5 31 39 – 50 
18:0 3 0 – 4 5 3 – 5 
18:1 67 51 – 68 46 38 – 45 
18:2 10 18 – 25 11 8 – 12 
18:3 2 7 – 11 4 Trace 
Density (kg m
-3









3.46 4.2 – 4.8 37.3 36
‡
 




The ranges typical for rapeseed and palm oil fatty acid profiles, and RME physical properties were 
taken from one source,
16
 though they are based on 44 separate scientific publications. 
‡ 
Typical values for palm oil taken from two sources.
182,183
 
RGME: R. glutinis methyl ester; RME: Rapeseed methyl ester; SRG: Saturated R. glutinis. 
 
 
3.2.2.1 Suitability of R. glutinis oil as a biodiesel feedstock 
While the saturated component of the RGME, of 20%, was higher than that 
generally found in rapeseed methyl ester (RME) samples, the cloud point remained 
comfortably within the range presented in the literature.4 The kinematic viscosity, 
which is also affected by a high saturated component, was well within the range for 
most biofuels, lower than typical RME values and comparable with EN 14-214 
restrictions. One crucial difference between RGME and RME was the 
polyunsaturated components. Due to the increase in the quantity of reactive 
double bonds, polyunsaturates are far more prone to oxidation than 
monounsaturated or saturated esters.184 Due to the differing levels of antioxidant in 
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the samples, it is generally difficult to compare fuels from different sources, but 
biofuels with a higher saturated component are generally more stable. The 
polyunsaturated component of RGME was found to be 12%, considerably lower 
than that generally observed in RME, which further demonstrates the suitability of 
this source as a fuel substitute. This is especially applicable when assessing only the 
linolenic acid (18:3) component of the oil, which is limited to 12 mol.% (~12 wt.%) 
in biodiesel according to EN 14-214 specification. Rapeseed oil just fits within this 
specification. RGME in contrast, is comfortably under this threshold, containing only 
2% (w/w) linolenic acid. Furthermore, the high oleic acid content of the oil would 
be highly beneficial for oleochemistry. Unpublished data by Jenkins et al. has 
demonstrated that the cross metathesis of R. glutinis oil with ethene at 10 bar, 
using Hoveyda-Grubbs 2nd generation catalyst (5 mol.%) at 60 °C yielded 3.9% 1-
decene as calculated by GC-MS. This would be an ideal uni-molecular fuel for the 
aviation industry. A range of short chain fatty acids and alkenes were also produced 
which are proposed to be a suitable drop-in fuel for the road transport industry.185 
3.2.2.2 R. glutinis oil as a palm oil substitute 
Approximately 85% of all palm oil is produced in Indonesia and Malaysia, where 
accelerating demand is contributing to a 1.5% annual rate of deforestation of 
tropical rainforests.186 Not only does this cause significant ecological damage, but it 
is also associated with large GHG emissions. Of the 167 million tonnes produced in 
2013, 83% of the palm oil produced worldwide was used as a component in 
foodstuffs such as chocolate, and 4% used in care products.187 Both of these 
applications require a high cloud point and a high viscosity. The saturate rich oil 
(SRG) was found to have lower overall saturates than generally found in palm oil 
(36% compared to ~49%). However, as there was also less polyunsaturates in the 
SRG oil, the viscosity was slightly higher than the typical palm oil, demonstrating the 
suitability of the SRG oil as a replacement for palm oil in these applications. 
Fargione et al. estimated that by producing oil from lignocellulose feedstocks, 
instead of converting a hectare of rainforest to palm oil cultivation, would save 
1294 tonnes of CO2; a carbon debt that would take 423 years to pay back.
188 A key 
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sustainability goal is therefore to replace lipids necessary to the fuel and care 
product industries with renewable alternatives sourced from lignocellulose.  
3.2.3 Tailoring the lipid profile of R. minuta 
In contrast to R. glutinis, R. minuta has been relatively unexplored from both a 
fundamental and applied perspective. When growing R. minuta on glucose as the 
carbon substrate, Saxena et al. demonstrated that R. minuta could achieve a lipid 
content of 48% (w/w), with a 22.5% lipid co-efficient yield (g lipid/ g glucose).81 
Most notably, they reported that the lipid contained fatty acids within the C7 - C18 
range. This is of particular interest to lipid feedstocks for the transportation 
industry. These short-medium chain fatty acids would offer enhanced cold flow 
properties, as both the melting point and viscosity decrease with a decreasing chain 
length.75 As such, the same response surface methodology used to assess R. glutinis 
was applied to R. minuta in which glucose concentration, (NH4)2SO4 concentration 
and temperature were varied. The 30 experiments conducted, along with three 
repeats of the central point in order to assess experimental variance are shown in 
Table 3.4. 
A regression analysis was carried out to fit the response function and predict the 
outcomes using a radial basis function-multiquadratic (qRBF) response surface. The 
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Table 3.4: Experimental range for the three independent variables used in response surface 
methodology for Rhodotorula minuta in terms of coded and actual factors, and experimental data 
for the response surface analysis. 
Test 

















x1 x2 x3 Y1 Y2 Y3 Y4 
        
1 -1(25) -1(10) -1(0.5) 4.017 15.39 40.38 6.22 
2 0(30) -1(10) -1(0.5) 3.736 30.92 37.36 11.55 
3 1(35) -1(10) -1(0.5) 3.241 15.69 33.89 5.32 
4 -1(25) 0(20) -1(0.5) 7.921 24.86 39.61 9.85 
5 0(30) 0(20) -1(0.5) 7.922 19.12 36.50 6.98 
6 1(35) 0(20) -1(0.5) 3.280 9.22 34.31 3.16 
7 -1(25) 1(30) -1(0.5) 7.428 21.09 38.44 8.11 
8 0(30) 1(30) -1(0.5) 6.782 35.71 28.65 10.23 
9 1(35) 1(30) -1(0.5) 3.034 10.82 33.72 10.99 
10 -1(25) -1(10) 0(1.0) 4.004 19.22 40.14 7.71 
11 0(30) -1(10) 0(1.0) 3.688 25.39 36.88 9.36 
12 1(35) -1(10) 0(1.0) 2.795 16.46 30.53 5.02 
13 -1(25) 0(20) 0(1.0) 7.427 26.75 37.23 9.96 
14 0(30) 0(20) 0(1.0) 6.791 29.79 38.23 11.39 
15 1(35) 0(20) 0(1.0) 3.103 17.23 32.68 5.63 
16 -1(25) 1(30) 0(1.0) 8.403 30.05 37.90 11.39 
17 0(30) 1(30) 0(1.0) 6.635 28.66 35.20 10.09 
18 1(35) 1(30) 0(1.0) 3.441 16.57 34.76 5.76 
19 -1(25) -1(10) 1(1.5) 4.166 20.92 41.67 8.72 
20 0(30) -1(10) 1(1.5) 3.797 24.53 38.09 9.35 
21 1(35) -1(10) 1(1.5) 2.854 13.20 31.35 4.14 
22 -1(25) 0(20) 1(1.5) 7.405 25.71 ND ND 
23 0(30) 0(20) 1(1.5) 6.184 21.10 30.99 6.54 
24 1(35) 0(20) 1(1.5) 3.149 14.51 32.85 4.77 
25 -1(25) 1(30) 1(1.5) 8.640 28.43 40.03 11.38 
26 0(30) 1(30) 1(1.5) 6.071 22.69 28.81 6.54 
27 1(35) 1(30) 1(1.5) 3.062 19.16 29.80 5.71 
28 0(30) 0(20) 0(1.0) 6.499 24.60 32.86 8.08 
29 0(30) 0(20) 0(1.0) 6.130 21.93 30.69 6.73 
30 0(30) 0(20) 0(1.0) 7.087 26.25 37.98 9.97 
For independent variables, the value given is that used in the model and values in parentheses are 
the true values. Dwt: Dried weight; x: independent variables; Y: dependent variables; ND: No data. 
  




Figure 3.6: Response surface model fits for the total biomass and lipid content of Rhodotorula 
minuta. a. Biomass; b. total lipid. The predicted values represent the values obtained from the 
regression analysis using a radial basis function multi-quadratic response surface. The centres used 
in the construction of these models are indicated with a magenta star around the data point. Error 
bars represent the spread of data observed for repeated central point. Dwt: Dried weight; PRESS: 
Predicted sum square error; R
2
: Coefficient of determination; RBF: Radial basis function; RMSE: Root 
mean square error. 
 
The coefficient of determination (R2) was 0.999 and 0.988 for biomass and total 
lipid, respectively, indicating that 98.8 – 99.9% of the variability in the response can 
be explained by the model. The root mean squared error (RMSE) was 0.242 g/L and 
2.329%, with the predicted sum square error (PRESS) RMSE calculated to be 0.275 
g/L and 3.328% for biomass and total lipid, respectively. The PRESS RMSE is an 
indication of model-overfitting, on the basis of fitting the model to n-1 runs and 
taking a prediction for the remaining data (Table 3.5). Similarity between the RMSE 
and PRESS RMSE values for biomass and lipid yields indicated reliability in the fitting 
of the model. 
Table 3.5: Analysis of variance (ANOVA) for the dependent variables of the response surface-
guided experiments for Rhodotorula minuta. 





Model 945.08 13.905 67.969 0.999 0.242 
Error 0.946 16.095 0.059 
Total 946.408 30 0 
Y2 
Total lipid 
Model 15340.385 11.55 1328.225 0.988 2.329 
Error 100.039 18.45 5.422 
Total 15523.437 30 0 
SS, Sum of squares; DF, Degree of Freedom; MS, Mean square; RMSE, Root mean-square error; CV, 
Coefficient of variance. 
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3.2.3.1 Biomass and lipid yield 
The production of biomass was seen to be largely independent of the level of 
nitrogen in the culture medium. The maximum biomass yield was achieved 
between 25 - 30 °C, with a glucose loading of over 20 g/L (Figure 3.7). This yielded 
approximately 8 g/L of dry biomass, lower than that achieved by Saxena et al. who 
reported a maximum biomass concentration of 15 g/L for R. minuta.81 Low levels of 
glucose loading (10 g/L) and high temperature (35 °C) were most detrimental to 
biomass yields. The biomass coefficients, (gram of biomass produced per gram of 
carbon substrate), ranged from 28.81% to 41.67%, with the highest efficiencies 
achieved when R. minuta was grown at 25 °C (Table 3.4). This means that 
approximately 35% of the starting substrate resulted in the final product stream. 
While biomass production is important, in order to provide the structure to house 
the lipid, it is important not to place too much emphasis on this metric.  
The total amount of lipid accumulated in R. minuta was heavily dependent on a 
range of environmental factors (Figure 3.8). The highest level of lipid accumulation, 
37% of the dry cell weight, was observed at a high C/N ratio with 30 g/L of glucose 
and 0.5 g/L (NH4)2SO4 (C/N ratio of 132). 
177While generally a high C/N ratio has 
been reported to induce high lipid yields,17,76 unusually, a C/N ratio of just 30 was 
most favourable for lipid accumulation in the study by Saxena et al. with R. 
minuta.81 The relationship between the lipid production and temperature, 
however, was more complex. At high temperatures, low lipid yields were observed 
irrespective of other conditions, though there was little difference at temperatures 
of 25 °C and 30 °C. However, at 35 °C, lipid production in R. minuta dropped to as 
low as 5%, irrespective of the C/N ratio. The very low biomass and lipid yields 
observed at higher temperatures show the importance of controlling temperature 
in an industrial bioreactor system. 




Figure 3.7: Response surface plots for the total biomass produced by Rhodotorula minuta a. Interaction between glucose and (NH4)2SO4; b. (NH4)2SO4 and temperature; c. 
glucose and temperature.  
 
Figure 3.8: Response surface plots for the total lipid produced by Rhodotorula minuta a. Interaction between glucose and (NH4)2SO4; b. glucose and temperature; c. 
(NH4)2SO4 and temperature.  
8
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In order to assess the efficiency of the system, a more suitable metric is the 
production of lipid as a function of sugar consumption (g lipid per gram of sugar 
consumed), also known as the lipid coefficient. The lipid coefficient ranged between 
3.2 - 11.6%. These values were comparable to those reported by Pan et al., who 
reported a lipid coefficient of between 7.39 - 8.46% for R. minuta cultivated on 
xylose.46 They are however slightly lower than lipid coefficients obtained for other 
oleaginous yeast cultivated on glucose. For example, lipid coefficients of 13% were 
obtained for R. grammis,56 and C. curvatus.189 Similarly, a lipid coefficient of 20% 
was achieved for T. cutaneum grown solely on glucose which decreased to 16% 
when xylose was used as the sole carbon source.190 Using a fed-batch system, the 
lipid coefficient for R. toruloides was as high as 24%, achieving a lipid content of 
60.4% (w/w) or 61.4 g/L.189 While the theoretical lipid coefficient is 32%,96 even 
under ideal growth conditions it is rarely more than 22% due to other metabolic 
processes requiring glucose.22 It is because of this that Ratledge & Cohen suggested 
that 40% (w/w) was a more realistic target for SCO production.35 
3.2.3.2 R. minuta lipid profile 
Most surprisingly, the fatty acid profile of R. minuta did not change significantly on 
changing the environmental conditions (Figure 3.9). The fatty acid profile consisted 
of four major fatty acids, with approximately 18% palmitic acid (16:0), 4% steric acid 
(18:0), 62% oleic acid (18:1) and 16% linoleic acid (18:2). This fatty acid composition 
is highly similar to rapeseed oil, and would, upon transesterification, fall within the 
European standard for biodiesel production.16 In contrast, Saxena et al. reported a 
change in the lipid profile of R. minuta with changes to the growth temperature. 
They did however report C16 and C18 lipids to be most prevalent at 30 - 32 °C, 
whereas short-chain fatty acids (C7-C9) were observed at 38 °C, and no alteration to 
the levels of C10-C14 lipids as a function of temperature.
81 Within this study, no fatty 
acids shorter than C16 were observed through GC-MS analysis, suggesting that 
different strains may have a large contribution to the resulting fatty acid profile. 
The stability of the fatty acid profile upon changing environmental conditions has 
advantages from a biotechnology perspective. Stabilising the temperature in 
industrial fermentations is a major cost, and thus the ability to produce high levels 
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of oil at varying temperatures is of benefit. In order for the process to be 
industrially viable, low-cost, renewable feedstocks must be used. However, when 
using multi-variant feedstocks such as depolymerised lignocellulose or waste 
streams, the input variables cannot be controlled sufficiently. By using an organism 
such as R. minuta that has a stable lipid profile, and therefore guaranteed physical 
properties, regardless of the feedstock will guarantee the same quality product 
irrespective of inputs. The use of these types of biomass streams for the growth of 
Rhodotorula sp. is explored further in Chapter 5.  
 
 















Figure 3.9: The lipid profile of Rhodotorula minuta cultivated at: a. 25 °C; b. 30 °C; and c. 35 °C. The 
concentration of glucose and (NH4)2SO4 used to supplement the RSM medium in the culture 
conditions is also presented. The colours represent the relative percentage of lipid types: Blue 
(%16:0);white (%18:0); red (%18:1); green (%18:2). 




The work presented in this chapter has used a Design of Experiments in order to 
optimise the lipid production for two oleaginous yeasts; R. glutinis and R. minuta. 
For R. glutinis, high culture temperature and high nitrogen ratio yielded a mainly 
monounsaturated oil, while low temperatures and high glucose loadings gave a 
more saturated profile. Upon transesterification, the oil high in monounsaturated 
esters yielded biodiesel with fuel properties akin to rapeseed methyl ester, whereas 
the oil high in saturates was found to be a suitable replacement for palm oil. When 
the same methodology was applied to R. minuta, lower cultivation temperatures 
(25-30 °C) and high levels of glucose loadings were found to be most beneficial to 
biomass and lipid productivity. While previously published data suggested that the 
lipid profile of R. minuta varied with changing environmental conditions,81 to 
include the synthesis of C7 – C18 lipids, no evidence of this was observed in this 
study. The fatty acid profile of R. minuta was found to be stable irrespective of the 
environmental conditions. This would be highly beneficial when transitioning to 
waste resources, where the composition of the input stream cannot be guaranteed. 
The lipid profile does however suggest that upon transesterification, the resulting 
biodiesel would be ideal as a replacement for petrodiesel. 
 









THE EFFECT OF SONICATION ON THE LIPID ACCUMULATION 





“Don’t reinvent the wheel, just realign it.”  
 
Anthony J. D’Angelo 




In this chapter, the optimised growth conditions presented in Chapter 3 are 
explored from an industrial perspective to enhance lipid yield. This work was 
conducted in collaboration with Almac Group, N. Ireland and has been submitted 
for publication to the journal Sustainability (under review). 
4.2 Introduction 
Energy as sound waves with a frequency greater than 20 kHz is referred to as 
ultrasound. It is beyond the sound frequency that can be detected by the human 
ear and can reach frequencies of up to 10 MHz. The level of ultrasound can be 
broken down into three categories: low frequency, high power ultrasound (20 - 100 
kHz); intermediate frequency, medium power ultrasound (100 kHz – 2 MHz); and 
high frequency, low power ultrasound (2 - 10MHz).191 Ultrasound is widely used in 
industrial biotechnology applications to disrupt cells and release the intracellular 
components. This is especially useful in the manufacture of enzymes. The 
mechanism of cell disruption is associated with a cavitation effect, in which 
microbubbles form at several nucleation sites during the rarefaction phase of the 
sound wave and then collapse during the compression phase releasing an intense 
shock that travels through the medium (Figure 4.1).192 
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During cavitation, the sonic energy is transferred into mechanical energy in the 
form of elastic waves, which can disrupt the cells present in the cavitation area. 
While this cavitation effect can break apart bioactive macromolecules, at lower 
ultrasound intensities, it can also cause inactivation of the cells.193 Used at 
appropriate levels, the generation of microbubbles by sonication does however 
offer exciting possibilities to aid mass transfer processes within fermentations. 
4.2.1 Generation of microbubbles 
In a bioreactor, the microbial cells are surrounded by a film of static liquid which 
can impede the mass transfer of gases, substrates and nutrients into the cell.193 In 
continuous stirred tank reactors (CSTR) high gas and mass transfer rates are 
achieved through the use of impellors or an increased gas flow rate, but the 
elevated sheer stress can be detrimental to some microorganisms.194 Compared to 
other soluble nutrients such as glucose, ammonium and most salts, the solubility of 
oxygen in water is relatively low (0.217 mM at 35 °C in pure water), but the 
utilisation rate is high.194 The solubility of oxygen in water also decreases in the 
presence of salts required for growth, further exacerbating the problem.195 Oxygen 
transport is roughly proportional to the surface area to volume ratio of the bubble; 
I.e.,  the smaller the bubble, the higher rate of gas transfer.195 Bubbles generated by 
a conventional sparger are generally in the order of 3-5 mm in diameter.194 Previous 
published work has suggested that the mass transfer rate of oxygen in fermenters 
was increased when sparged with a microbubble dispersion generator (MBD).194-196 
The generation of microbubbles (20 - 1000 µm) can also be achieved through the 
use of sonication. The microbubbles formed within the bioreactor can have a 
microstreaming effect, in which small-scale eddying is generated that can thin the 
layer around the cells.197 This thinning of the film around the cells can in turn 
enhance the transfer of growth nutrients and gases though the fluid layer and into 
the cell. Furthermore, gas transfer is increased, both with the removal of CO2 as 
well as the increase in dissolved oxygen within the growth medium.193 This is 
because smaller bubbles have an increased residence time in the fermenter, 
increasing oxygen delivery to the fermenting yeast.195 This is particularly important 
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in aerobic fermentations, in which oxygen can be essentially considered as a 
nutrient.  
4.2.2 Ultrasound-assisted fermentation  
The majority of research into beneficial ultrasound fermentations has been 
undertaken on the ethanol producing yeast, Saccharomyces cerevisiae. Continuous 
sonication at 1 MHz (10.5 W cm-2) was found to be inhibitory to S. cerevisiae.198 
However, continuous, low power ultrasonication (300 W m-2, 43 kHz) with various 
strains of S. cerevisiae decreased the fermentation time of beer, wine and sake 
production by 50 – 64%.199 This effect was thought to be due to the decreased 
levels of the inhibitory dissolved CO2 within the fermentation broth, possibly 
though enhanced degassing.199 Lower energy ultrasonication provided 
intermittently for a short duration has also been shown to be beneficial to the 
productivity of bioprocesses involving live cells. Low-intensity (118 W cm-2) 
intermittent ultrasound of S. cerevisiae at 20% (1 s sonication followed by 5 s of no 
sonication) was found to enhance ethanol yields by 3.5-fold compared to the 
control.200 Several studies have documented that sonication of the fermentation 
broth though continuous recirculation between a stirred tank bioreactor and an 
externally located ultrasonic chamber can affect the fermentation conditions. For 
example, intermittent sonication with a 25 kHz tube resonator, with a continuous 
output of 80 W resulted in a 76% increase in the release of intracellular gentamycin 
from the bacterium, Micromonospora echinospora.201 While numerous studies have 
investigated the effect of sonication on the biomass and ethanol production in 
yeast,200,202 no studies have detailed the effect on lipid accumulation in oleaginous 
organisms. 
4.2.3 Effect of oxygen on oleaginous yeast 
The issues surrounding oxygen mass transfer limitation mentioned previously are 
particularly heightened when aerobic yeast cultures, such as R. glutinis, are 
cultivated. For oleaginous yeast there is however a balance between lipid 
production and the production of the biomass that houses the lipid, as the same 
substrate is used for both processes.35 Biomass yields of 185 g/L were achieved 
when R. glutinis was cultivated with oxygen-enriched air, but lipid concentrations of 
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40% (w/w) could only be achieved through nitrogen limitation.74 When assessing 
solely dissolved oxygen (DO), changes in the DO levels have been shown to effect 
the total lipid accumulation in oleaginous yeast. Lipid accumulation in C. lipolytica 
was favoured at low levels of dissolved oxygen,203 whereas Choi et al. 
demonstrated that high levels of dissolved oxygen (DO) were beneficial to lipid 
accumulation in R. gracilis.204 For R. glutinis, low DO levels resulted in decreased 
biomass, but high lipid accumulation. However, even though the cellular lipid 
content was 10% lower in the high DO cultures, the maximum biomass yield 
increased by 17 g/L compared to the low DO conditions, and thus more lipid was 
produced by the system overall.205 
4.2.4 Aim of the chapter 
While sonication has been used to enhance ethanol production in yeast, the effect 
of sonication on oleaginous yeast has not been explored. This chapter therefore 
aims to transfer the results of the shake-flask experiment in Chapter 3, to 2.5 litre 
fermenters. Firstly, the effect of pH control on the biomass and lipid productivity of 
R. glutinis will be understood, before testing the effects of a variety of sonication 
regimes on R. glutinis and R. minuta, using a sonication rig designed and 
constructed in collaboration with Almac Group and Celbius Ltd. 
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4.3 Results and discussion 
In order to achieve the maximum lipid production from the system, the RSM 
medium (described in Section 2.1.3), supplemented with 30 g/L glucose and 0.5 g/L 
(NH4)2SO4 was used for all of the resulting fermentations (C/N ratio of 132). 
According to the shake flask experiments performed in the previous chapter, the 
expected biomass and lipid productivities are shown in Table 4.1. 
Table 4.1: Biomass and lipid productivities achieved for Rhodotorula glutinis and Rhodotorula 
minuta when grown in shake flasks containing RSM medium supplemented with 30 g/L glucose 
and 0.5 g/L (NH4)2SO4 for 120 h at 180 rpm. 
  R glutinis R. minuta 
 25°C 30°C 25°C 30°C 
Biomass (g/L) 8.174 8.299 7.428 6.782 
Total Lipid (% d.wt) 29.24 31.76 21.09 35.71 
     
Lipid Profile (wt. %)     
Palmitic acid (16:0) 31.42 26.91 21.92 21.97 
Palmitoleic acid (16:1) 1.61 1.55 0 0 
Steric acid (18:0) 5.33 5.44 4.07 4.94 
Oleic acid (18:1) 46.46 54.53 55.08 52.68 
Linoleic acid (18:2) 11.23 9.80 18.93 20.41 
Linolenic acid (18:3) 3.95 1.77 0 0 
 
For this study, a 2.5 litre fermenter (1.5 litre working volume) was used. For the 
fermentations with ultrasound, the fermentation broth was circulated through a 
cell held in an ultrasound bath which was run continuously at 45 kHz, 0.51 W cm-2 
(Figure 4.2). At the set flow rate, the residence time within the sonication cell was 
10 s, and 90 s circulating in the rest of the system. 
  




Figure 4.2: Ultrasound-assisted fermentation system constructed at Almac, N. Ireland, using a 2.5 L 
continuous stirred tank reactor. (a) Whole rig set-up. (b) Close-up of the sonication cell in the 
ultrasonic water bath.  
 
4.3.1 Effect of pH control on R. glutinis 
The pH was not controlled during the RSM shake flask experiments detailed 
previously. In order to understand if  pH variation adversely affects the lipid 
production from R. glutinis, the first of the fermentations compared the effect of 
maintaining a stable pH within the fermentation broth to allowing the yeast 
naturally alter the pH of the fermentation medium. Yeast are known to produce 
lipid over a wide pH range,164 and slight changes to the pH of the culture medium 
do not generally affect the overall productivity of the system. Minor changes to the 
pH of the culture medium have, however, been shown to change the lipid profile of 
many yeast species.206  
Over a broad pH range the effect of pH on lipid production is species-specific.164 
Spotholz et al. demonstrated that there was little difference in the growth rate of R. 
gracilis between pH 3.5 – 6.5, with the greatest net dry weight of cells produced at 
pH 5.5.207 Similarly, a pH of 5.5 was found to be the optimum pH for carotenoid 
production from R. glutinis.77 As such, the pH in the controlled fermenter was 
maintained at pH 5.5 through the automated addition of 2 M potassium hydroxide. 
As R. glutinis is an obligatory aerobe, the agitation was set at 800 rpm for both the 
pH- and non-pH-controlled fermentations. This was to ensure that oxygen was not a 
limiting factor for yeast growth. 
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4.3.1.1 Effect of pH control on the DO, glucose and NH4
+ concentration 
For the pH-controlled fermentation, the dissolved oxygen (DO) content changed 
little during the fermentation period, remaining at 100 % saturation throughout 
(Figure 4.3). There was a slight dip in dissolved oxygen around 24 h, coupled with 
undulation in the pH level. This was most likely due to the beginning of the 
exponential growth phase in which carbon dioxide and protons are released from 
the cell, acidifying the culture medium. Following this period, the pH remained 
stable at pH 5.5 and the DO increased slightly until it remained stable at 100% 
saturation. 
 
Figure 4.3: Fermentation profile for Rhodotorula glutinis grown under pH- and non-pH-controlled 
conditions. A 2.5 L fermenter with 1.5 L RSM medium supplemented with 30g/L glucose and 0.5 g/L 
(NH4)2SO4 was used. Growth occurred at 28 °C with a fixed agitation of 800 rpm for 140 h. For the 
pH-controlled fermentation, the pH was maintained at 5.5 through the automatic addition of 2 M 
KOH. The dissolved oxygen concentration was monitored but not controlled. Data was logged 
automatically every 15 min using Biocommand Track and Trend software. The data represents a 
one-off scoping study. 
 
Similarly to the pH-controlled fermentation, in the non pH-controlled fermentation 
the dissolved oxygen remained relatively stable at around 96% saturation 
throughout, indicating that oxygen was not a limiting factor for yeast growth 
(Figure 4.3). During the first 10 h of the fermentation, there was little change in the 
pH of the culture medium, however after this point, a sharp decrease from 
approximately pH 5.6 to 4.6 was observed, before increasing again to pH 5.2. This 
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amino acids within the yeas extract, resulting in ammonium accumulation, diffusion 
and a corresponding pH change.208 Indeed, the ammonium content in both the pH-
controlled and non-pH controlled increased within the fermentation broth, from 
0.67 g/L at 0 h to 0.97 g/L and 1.04 g/L at 26 h for the pH- and non-pH-controlled 
fermentations, respectively (Figure 4.4). Similarly, when the fungus Collectotrichum 
gloeosporioides was cultured on 1% yeast extract, a pH increase from 4.5 to 5.8 was 
observed.209 The optimum for ammonium uptake has been reported to be between 
6.0 and 6.5,210 and thus the pH rise observed would be beneficial to ammonium 
assimilation. 
 
Figure 4.4: Ammonium concentration for the fermentation profile of Rhodotorula glutinis grown 
grown in pH (5.5) and non-pH contorlled conditions. The RSM growth medium was supplemented 
with 30 g/L glucose and 0.5 g/L (NH4)2SO4 and cultures at 28 °C, with a fixed agitation of 800 rpm for 
140 h. The error bars represent the standard deviation from the mean where n=3. The lines 
represent a polynomial fit using Microsoft Excel. 
 
After 26 h, the pH continued to decrease, inversely proportional to the increase in 
growth of R. glutinis (Figure 4.5). This was also coupled to a decrease in the glucose 
and ammonium concentrations. As expected, the decrease observed for both of 
these was greater for the non-pH-controlled fermentation as the growth rate was 
higher and thus more carbon and nitrogen would be required for cellular 
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Figure 4.5: Glucose and optical density (OD) fermentation profile for Rhodotorula glutinis grown 
under pH-controlled (pH 5.5) and non-pH-controlled conditions. R. glutinis was inoculated into 1.5 L 
of the RSM medium supplemented with 30 g/L glucose and 0.5 g/L (NH4)2SO4, and cultured at 28 °C, 
800 rpm for 140 h. 10 ml samples were aseptically removed from the culture medium at the 
indicated time points and the OD measured at 600 nm. Glucose levels were quantified by HPLC. The 
points represent a single scoping study. The lines represent a polynomial fit using Microsoft Excel. 
 
Acidification of the culture medium has been reported previously for R. glutinis. For 
example Leelasart & Bonaly, observed that the pH changed from 5.6 to 3.8 when 
culturing R. glutinis without controlling the pH.211 Similarly, Cho et al. observed a pH 
decrease from the starting pH of 4.0 down to a value of 1.9 during the growth of R. 
glutinis.180 Under these conditions the final pH was lowest when ammonium salts 
were the sole nitrogen source.  The authors proposed that the yeast expelled 
protons from the cell when the ammonium was metabolised, causing acidification 
of the culture medium.180 Some yeast, such as the ascomycetae yeast, Y. lipolytica 
shift away from de-novo lipid synthesis to extracellular citric acid production when 
dissolved oxygen within the culture medium is high.203 Generally, yeast that 
accumulate large quantities of lipids do not produce extracellular citric acid.212 This 
is especially true for basidiomytae yeast (such as Rhodotorula sp.) that do not 
produce organic acids. Acidification of the external medium has been linked to the 
uptake of metabolisable sugars. Increased activity of the plasma membrane H+-
ATPase caused by increased levels of sugar transportation results in the expulsion 
of protons from the cell. Kotyl et al. observed that 75% of the acidification was due 
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from the cells in a variety of yeast.213 Furthermore, high levels of glucose in the 
culture medium is known to activate the plasma membrane ATPase by 
transcriptional and post-transcriptional modifications that increase the overall 
activity of ATPase in the  yeast cells.214 
4.3.1.2 Effect of pH on biomass and lipid yields 
The pH control had a negative effect on the growth of R. glutinis, as the OD for the 
pH-controlled fermentation reached a maximum of 6 (-) compared to 28 (-) for the 
non-pH-controlled fermentation (Figure 4.5). This was represented in the final 
biomass yields of 4.05 g/L and 6.73 g/L for the pH- and non-pH controlled 
fermentations, respectively (Table 4.2). These results are in contrast with Martinez 
et al. who observed no difference in the growth of R. glutinis using growth medium 
that was maintained at pH 5.2 during the fermentation period and medium that 
was not pH controlled, but with an initial pH of 5.2.215 Johnson et al. found that the 
optimum pH for R. glutinis growth and lipid production was pH 4.0, but 
productivities decreased when the pH was increased or decreased from this 
point.206 When grown at pH 5.0, biomass and lipid yields were reduced by 20% and 
39%  compared to growth at pH 4.0.206 It was also found that for R. glutinis there 
was no effect on cell growth between the variable pH condition and at a constant 
pH of 4.5.211 This huge variation in the influence of pH on biomass and lipid 
productivity may therefore suggest that effects are strain-specific. 
Interestingly, the total glucose consumed in the pH-controlled fermentation was 
greater than the non-pH-controlled fermentation, even though biomass yields were 
significantly lower (Figure 4.5). However, the OD remained stable at approximately 
5 (-) throughout, suggesting that while not optimal for growth, R. glutinis was 
growing at a steady state. This suggests that while the yeast were not dividing, they 
are still respiring and thus metabolising glucose. This was also reflected in the lipid 
yields. The pH-controlled fermentation contained only 10.59% of the cell d.wt as 
lipid compared to 34.28% for the non-pH-controlled fermentation. This further 
substantiates that the glucose was being used for cellular processes and division 
than for lipid metabolism. Given this, the lipid coefficient, i.e. the lipid produced per 
kg of substrate was 6-fold lower for the pH-controlled fermentation. Non-optimal 
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growth conditions for R. glutinis have been shown previously to adversely affect the 
lipid production.164 Similarly, when cultivated within a pH range of 3.45 – 5.70, 
biomass and lipid productivities of Candida curvata halved when the pH was 
decreased further to 2.70.216  
The biomass and lipid yield for the non pH-controlled fermentation compared 
favourably to the shake flask experiments. The biomass yield was slightly lower at 
6.73 g/L compared to 8.2 g/L, but the intracellular lipid concentration was higher, 
34% compared to 30% for the shake flask experiments (Tables 4.1 & 4.2). While the 
lipid profiles were similar in terms of the type of lipids produced, the relative 
composition of the fatty acids differed slightly.  Specifically, the levels of linoleic 
acid (18:2) were 14.7% higher for the yeast grown in the fermenters. This was 
coupled to slightly lower levels of palmitic acid (16:0) and oleic acid (18:1). No 
palmitoleic acid (16:1) was observed in the R. glutinis grown in the fermenters, 
whereas it was present in levels up to 1.5% in the shake flask experiments. 
Table 4.2: Growth and lipid productivities of Rhodotorula glutinis grown in pH and non-pH-
controlled fermentation conditions. 
 pH controlled Uncontrolled pH 
Maximum specific growth rate, μ (h
-1
) - 0.020 
Final Biomass (g L
-1
) 4.05 6.73 
Biomass yield on glucose (gbiomass/kgglucose) 179 345 
Lipid  (% dry weight) 10.59 34.28 
Lipid co-efficient (glipid/kgglucose) 19 118 
 
Lipid profile (wt %) 
  
Palmitic acid (16:0) 27.9 23.9 
Stearic acid (18:0) 8.4 6.5 
Oleic acid (18:1) 42.6 42.7 
Linoleic acid (18:2) 21.1 25.2 
Linolenic acid (18:3) 0 1.7 
 
4.3.2 Effect of ultrasonication on the growth of R. glutinis 
While numerous studies have investigated the effect of sonication on the biomass 
and ethanol production in yeast,200,202 no studies have detailed the effect of 
sonication on lipid accumulation in oleaginous organisms. In the first of the 
sonication experiments, sonication was commenced at 42 hours after inoculation of 
the starting culture. The sonicated culture of R. glutinis was compared to a control, 
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which was performed under identical conditions though without sonication. The 
biomass productivity, glucose consumption, pH and dissolved oxygen (DO) in the 
batch fermenter are shown in Figures 4.6 – 4.8, respectively. 
Figure 4.6: The pH and dissolved oxygen (DO) concentration for the fermentation profile for 
Rhodotorula glutinis grown with and without ultrasonication. 1.5 L of RSM medium supplemented 
with 30 g/L glucose and 0.5 g/L (NH4)2SO4 was cultured at 28 °C with cascading agitation (set point, 
25%) for 160 h. Sonication commenced at 42 h. The pH was uncontrolled throughout in both 
conditions. Both pH and dissolved oxygen concentration were measured automatically every 15 min 
using Biocommand Track and Trend software. The data represents a one-off scoping study under the 
two conditions. 
 
4.3.2.1 Effect of sonication on the growth profile of R. glutinis 
Prior to sonication, the pH profile, biomass concentration and dissolved oxygen 
concentrations were comparable for both cultures. During optimal growth, oxygen 
demand within the culture is high and as such the DO profile commonly mirrors the 
biomass growth profile. Following inoculation, the DO remained at 100% for nearly 
8 hours in both cultures, indicating that R. glutinis was still in the lag phase at this 
point. On entering the acceleration phase the DO started to drop. As the yeast 
entered the exponential growth phase, accelerating the demand for oxygen, the 
amount of O2 in the supernatant fell to 25%, the set value for the bioreactors runs 
(Figure 4.25). On commencement of the sonication a spike was observed in the DO 
presumably due to the increased gas-liquid transfer observed on sonication.217 
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suggesting that the growth of the culture was no longer optimal. The DO within the 
control culture remained at the 25% set point for a further 60 h before increasing.  
This was mirrored in the growth curves and glucose consumption (Figure 4.7). The 
growth curves were comparable for both cultures until commencing sonication, at 
which point the biomass growth for the sonicated culture decreased in comparison 
to the control even though there was a plentiful supply of glucose and nitrogen 
within the broth.  
 
Figure 4.7: The optical density (OD) and glucose concentration for the fermentation profile for 
Rhodotorula glutinis cultured with and without ultrasonication. 1.5 L of RSM medium 
supplemented with 30 g/L glucose and 0.5 g/L (NH4)2SO4, was cultured at 28 °C with cascading 
agitation (set point, 25%) for 160 h. Sonication commenced at 42 h. The pH was uncontrolled 
throughout in all cultures. The error bars indicate the standard deviation from the mean where n=2. 
The lines represent a polynomial fit using Microsoft Excel. 
 
For both cultures, the nitrogen in the culture medium was consumed by 100 hours 
(Figure 4.8). Upon exhaustion of the nitrogen from the fermentation broth, the 
excess carbon can be channelled into lipid biosynthesis pathways, resulting in the 
accumulation of triacylglycerides as discreet lipid bodies within the cell.165 While 
the glucose continued to be metabolised in the control culture, this was not 
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Figure 4.8: The ammonium concentration for the fermentation profile of Rhodotorula glutinis 
cultured with  and without ultrasonication. 1.5 L of RSM medium was supplemented with 30 g/L 
glucose and 0.5 g/L (NH4)2SO4, at 28 °C with cascading agitation (set point, 25%) for 160 h. Sonication 
commenced at 42 h. The pH was uncontrolled throughout in all growth conditions. The error bars 
indicate the standard deviation from the mean where n=3. The lines represent a polynomial fit using 
Microsoft Excel. 
 
4.3.2.2 Effect of sonication on the biomass and lipid productivity 
For this sonication regime, the specific growth rate for the sonicated culture was 
0.027 h-1 compared to 0.088 h-1 for the control (Table 4.3), indicating that the 
sonication regime was having a negative effect on cell growth. This was also 
observed with an intermittent sonication cycle commencing in the early 
exponential phase of S. cerevisiae growth. A 40% duty cycle (2 s sonication, 5 s rest 
period) was shown to be detrimental to growth, whereas shorter cycles increased 
biomass yields.200 This was also reflected in the final lipid yields of 9.30 % d.wt in 
the sonicated culture compared to 11.47 % d.wt in the control fermentation. 
However, the reduced uptake of glucose in the sonicated culture resulted in a 
comparable lipid yield (g of lipid per kg of glucose uptaken) between the 
fermentations of 37 g/kg and 50 g/kg for the sonicated and control cultures, 
respectively (Table 4.3). As the products of glucose metabolism are used for 
biosynthesis pathways other than purely in lipid production, even under ideal 
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The lipid profile did not vary between the sonicated culture and the control culture, 
suggesting that the ultrasonication was not causing any adverse reactions such as 
isomerisation of the lipid. Compared to the lipid profiles observed in Chapter 3 for 
the same growth medium, the levels of oleic acid (18:1) were comparable to those 
yielded in the saturated R. glutinis oil, but the level of linolenic acid (18:2) was 
considerably higher at 27% (w/w) than ~10% (w/w) observed for R. glutinis. This 
type of lipid profile does not compare to that observed in terrestrial plants (Table 
1.1), offering the potential for niche, high-value applications.  
Table 4.3: Final biomass and lipid content of Rhodotorula glutinis when sonication was 
commenced at 42 h. 
 Control culture Sonication at 42 h 
Maximum specific growth rate, μ (h
-1
) 0.088 0.027 
Final Biomass (g L
-1
) 13.7 8.42 (± 2.09) 
Biomass yield on glucose (gbiomass/kgglucose) 490 390 
Lipid  (% dry weight) 11.47 9.30 (±0.02) 
Lipid co-efficient (g/kgglucose) 50 37 
 
Lipid profile (wt %) 
  
Palmitic acid (16:0) 27.3  24.5 
Stearic acid (18:0) 0.8 0.6 
Oleic acid (18:1) 45.7 45.9 
Linoleic acid (18:2) 26.2 28.9 
 
4.3.3 Two-stage fermentation process: R. glutinis 
As the sonication had a negative effect on the growth of the yeast when applied in 
the exponential phase, the sonication was started at a later point in the cycle when 
the yeast had already achieved a high biomass concentration. At this point lipid 
accumulation can occur, and as such additional glucose was added to the broth to 
reduce the likelihood of sugar exhaustion that would halt lipid accumulation. 
Similarly to the previous runs, the DO and pH reduced to 25% and 2.5, respectively, 
as the yeast entered the exponential phase (Figure 4.9). The DO of the control run 
started to increase after 70 hours, suggesting that the yeast had entered the 
decline growth phase. Similarly to the previous fermentation a spike was observed 
in the DO when the sonication was started. Interestingly, the DO remained 
reasonably stable from this point, roughly similar to the control, and both cultures 
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were still using oxygen by the end of the runs, suggesting that the sonication 
regime was not affecting the yeast metabolism severely. 
 
Figure 4.9: The pH and dissolved oxygen concentration for the fermentation profile for 
Rhodotorula glutinis for the sonicated (90 h) and non-sonicated cultures. 1.5 L of RSM medium was 
supplemented with 30 g/L glucose and 0.5 g/L (NH4)2SO4 and cultured at 28 °C with cascading 
agitation (set point, 25%) for 160 h. Sonication commenced at 90 h with the simultaneous addition 
of glucose (45 g). The pH was monitored but uncontrolled throughout. The data presented 
represents that obtained from one study under each condition, and was measured automatically, 
every 15 min, using biocommand Track and Trend software. 
 
At 90 hours further glucose was added to the cultures (Figure 4.10). This two-step 
fermentation method is a common technique used to increase the C/N ratio of the 
medium and thus boost lipid productivity in single cell oils.76 By 90 h there was also 
less than 0.1 g/L of nitrogen remaining in the culture medium (Figure 4.11). For the 
control run, the addition of glucose resulted in a large drop in the DO from 60% to 
25% (Figure 4.28). This was presumably because, while lipid formation is essentially 
a series of reduction steps, requiring no oxygen to be synthesised from malonyl-
CoA units, ATP and thus oxygen is still needed to produce malonyl-CoA from acetyl-
CoA.218 However, once the TCA cycle was saturated with its constituent 
intermediates, the DO then proceeded to increase. Following the addition of extra 
glucose, the control fermentation utilised glucose for a further 7 hours, with very 













































Figure 4.10: The optical density and glucose concentration for the fermentation profile for 
Rhodotorula glutinis cultured for the sonicated (90 h) and non-sonicated cultures. 1.5 L of RSM 
medium was supplemented with 30 g/L glucose and 0.5 g/L (NH4)2SO4 and cultured at 28 °C with 
cascading agitation (set point, 25%) for 160 h. Sonication commenced at 90 h with the simultaneous 
addition of glucose (45 g). The pH was uncontrolled throughout. The error bars indicate the standard 




Figure 4.11: The ammonium concentration for the fermentation profile for Rhodotorula glutinis 
cultured in sonicated (90 h) and non-sonicated conditions. 1.5 L of RSM medium was supplemented 
with 30 g/L glucose and 0.5 g/L (NH4)2SO4, at 28 °C with cascading agitation (set point, 25%) for 160 
h. Sonication commenced at 90 h with the simultaneous addition of glucose (45 g). The pH was 
uncontrolled throughout. The error bars indicate the standard deviation from the mean where n=3. 










































glucose no sonication (g / L)























NH4+ conc. (glucose + sonication)
Chapter 4: Sonication 
109 
 
4.3.3.1 Biomass and lipid productivity for the two-stage fermentation 
Glucose consumption was comparable to the control prior to sonication, resulting 
in similar specific growth rates of 0.079 h-1 for the sonicated culture and 0.069 h-1 
for the control fermentation during the exponential phase of cell growth (Table 
4.4). No drop in the glucose content was observed for the sonicated R. glutinis 
fermentation following the initiation of sonication along with the addition of 
glucose.  This resulted in a slightly greater final biomass yield of 12.66 g/L for the 
control culture compared to 11.71 g/L (560 g/kg) for the sonicated fermentation, 
although enhanced conversion of glucose to biomass was observed with sonication, 
(460 gbiomass/kgglucose no sonication; 560 gbiomass/kgglucose, sonication). Sonication also 
produced higher levels of oil per cell than when it was not used. The lipid 
production as a percentage of the dry cell weight was slightly higher compared to 
the control culture, resulting in a lipid yield of 130 glipid/kgglucose. This was 3.5-fold 
greater than when the sonication regime commenced in early exponential phase. 
This indicates that more glucose was being converted into lipid rather than 
biomass, which is an essential consideration when the cost of the feedstock can be 
up to 70% of the final cost of the product. 
Table 4.4: Final biomass and lipid content of Rhodotorula glutinis when sonication was 
commenced at 90 h, with a two-stage fermentation process. 
 Control culture 
(+ glucose at 90 h) 
Sonication and glucose 
at 90 h 
Maximum specific growth rate, μ (h
-1
) 0.069 0.079 
Final Biomass (g L
-1
) 12.66 (± 0.90) 11.71 
Biomass yield on glucose (gbiomass/kgglucose) 460 570 
Lipid  (% dry weight) 21.37 (± 0.06) 22.27 
Lipid co-efficient (g/kgglucose) 100 130 
 
Lipid profile (wt %) 
  
Palmitic acid (16:0) 25.4 25.6 
Stearic acid (18:0) 0 0.9 
Oleic acid (18:1) 47.0 46.0 
Linoleic acid (18:2) 27.7 27.5 
 
While this result is presumably more attributable to the increase in C/N ratio rather 
than a change to the sonication regime, sonication is known to aid the mass 
transfer of gases, and so can increase the level of oxygen in the cell, aiding in 
growth. There is however a balance between DO and lipid production. Low DO 
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retarded cell growth but increased lipid production in R. glutinis whereas high DO 
increased cell growth but decreased lipid accumulation. Similarly, lipid 
accumulation in Candida (Yarrowia) lipolytica was favoured at low dissolved oxygen 
levels.205 This is also true for the anaerobic production of ethanol from S. cerevisiae, 
but was enhanced with certain sonication regimes.200 As carbon dioxide is known to 
inhibit S. cerevisiae,219 it is thought that the improved mass transfer may contribute 
to removal of the inhibitory CO2 from the broth. Another key factor is that lipid 
accumulation is a stress response, be it to nitrogen-, sulphate-87 or phosphate-
limited166 medium or to changes in temperature.174 It is possible that by putting the 
yeast under further stress caused by the sonication regime, lipid accumulation is 
enhanced.  
4.3.4 Two-stage fermentation process: R. minuta 
As it was only possible to run the sonication experiments on one fermenter, in 
order to make use of the fermentation equipment available at Almac, R. minuta 
was cultured in a two-stage process without the inclusion of sonication. R. minuta 
was cultivated in the same RSM medium used previously, with the addition of 45 g 
glucose at 97 h when the yeast had exhausted the nitrogen available in the culture 
medium (Figure 4.13). The growth profile exhibited by R. minuta was very similar to 
that observed by R. glutinis, in which an initial drop in pH was coupled with an 
increase followed by a substantial decrease to pH 2.5 (Figure 4.12). The DO level 
strongly mirrored this pattern, with lower DO levels observed at lower pH levels. As 
DO is strongly linked to the growth of microorganisms, this suggests that elevated 
pH are not conducive to the growth of R. minuta. From approximately 40 h, the DO 
level within the culture medium begun to increase which suggested that it entered 
the decline phase of growth much earlier than R. glutinis. A substantial amount of 
growth was however seen after this point (Figure 4.13). A similar drop in the DO on 
the addition of extra glucose was also observed for R. minuta as described 
previously for R. glutinis. 




Figure 4.12: The dissolved oxygen concentration (DO) and pH for the fermentation profile of 
Rhodotorula minuta grown under a two-stage lipid accumulating regime. 1.5 L of RSM medium (30 
g/L glucose, 0.5 g/L (NH4)2SO4), with uncontrolled pH and with cascading agitation (set point, 25%) 
for 160 h. Additional glucose (45 g) was added at 97 h, represented by the vertical dashed line. The 
data represents a one-off scoping study. pH and DO were measured automatically, every 15 min, 
using Biocommand Track and Trend software. 
 
 
Figure 4.13: The ammonium concentration and optical density at 600 nm (OD600) for the 
fermentation profile of Rhodotorula minuta grown under a two-stage lipid-accumulating regime. 
1.5 L of RSM medium (30 g/L glucose, 0.5 g/L (NH4)2SO4), with uncontrolled pH and cascading 
agitation (set point, 25%) for 160 h. Additional glucose (45 g) was added at 97 h. The error bars 
indicate the standard deviation from the mean where n=2. The lines represent a polynomial fit using 
Microsoft Excel. 
 
When comparing the productivity of the system from R. minuta (Table 4.5) to that 
of R. glutinis (Table 4.4), the former system was not as productive. While the lipid 
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produced was much lower for R. minuta than for R. glutinis, at 6.96 g/L and 12.66 
g/L, respectively. The biomass and lipid coefficients for R. minuta were therefore 
lower at 385 g/kg and 83 g/kg, respectively, compared to 460 g/kg and 100 g/kg, for 
R. glutinis. Although, the biomass and lipid coefficients produced from R. minuta in 
this study are low, they are similar to those obtained from the shake flask 
experiments in Chapter 3 (Table 3.4), suggesting that R. minuta growth can be 
representatively scaled to small fermenters. 
Table 4.5: Final biomass and lipid content of Rhodotorula minuta when sonication was 
commenced at 90 h, with a two-stage fermentation process. 
 R.  minuta 
Maximum specific growth rate, μ (h
-1
) 0.034 
Final Biomass (g L
-1
) 6.96 (±0.18) 
Biomass yield on glucose (gbiomass/kgglucose) 385 
Lipid  (% dry weight) 21.56 (±2.09) 
Lipid co-efficient (g/kgglucose) 83 
 
Lipid profile (wt %) 
 
Palmitic acid (16:0) 23.7 
Stearic acid (18:0) 4.6 
Oleic acid (18:1) 41.1 
Linoleic acid (18:2) 30.7 
Linolenic acid (18:3) 0 
 
4.4 Conclusion 
pH control negatively affected both biomass production and lipid accumulation in R. 
glutinis. While the affect appears to be strain-specific, the same growth pattern has 
been observed previously for R. glutinis, especially when ammonium salts were 
used as the nitrogen source.220 The ultrasound regime was found to have no effect 
on the lipid profile of the yeast, despite R. glutinis being highly sensitive to 
environmental changes.221 The application of ultrasound was found to have no 
positive effect on the biomass growth or lipid accumulation when applied in the 
exponential phase. However, on applying sonication in the stationary phase, 
beneficial impacts were observed with the lipid coefficient being increased by 30% 
from 100 g / kgglucose to 130 g / kgglucose. Despite the increase in cellular lipid 
production, the overall system did not create more lipid than the control (with no 
ultrasound), due to the reduced biomass production of R. glutinis, though increased 
biomass and lipid production per unit input of glucose was observed with 
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ultrasound. The results observed under the sonication regime are however unlikely 
to be substantial enough to justify the cost surrounding the experimental set-up. 
Growth of R. minuta within a 2.5 L fermenter was demonstrated, and while the 
productivity of the system in terms of biomass and lipid production were less than 
the equivalent study for R. glutinis, the lipid and biomass coefficients obtained were 
similar to those previously presented from shake flask experiments.  While this 
chapter has successfully demonstrated the growth of R. glutinis within industrial 
fermenters, another important consideration is the production of single cell oil 
from a cheap, renewable feedstock rather than highly refined glucose.  
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5.1 Preamble  
While high oil productivity, fast growth rates and a suitable fatty acid composition 
are key traits for the economic viability of SCO production, it is essential that the 
organism can be cultured and produce lipids from low-cost substrates.21 This 
requires the ability to assimilate the nutrients present in the desired hydrolysate, as 
well as maintain high growth rates in the presence of inhibitory compounds 
produced during the hydrolysis process. Work presented in this chapter details the 
transition to growing Rhodotorula sp. on waste resources, with a particular focus on 
food waste hydrolysate. 
5.2 Introduction 
There is growing interest on the use and valorisation of biomass feedstocks for the 
production of bioenergy and as a sustainable source for commodity products such 
as chemicals, oil and plastics.222 Second generation feedstocks, that do not compete 
with the food supply chain include energy crops, wood, microbial biomass as well as 
wastes from household, agricultural, cattle, forestry and industrial processes.223 
One of the most abundant biomass sources is lignocellulose, resulting from 
agricultural residues such as corn stover, wheat straw and bagasse (sugar cane),224 
waste food or fast-growing energy crops such as switchgrass (Panicum virgatum), 
miscanthus (Miscanthus giganteus) and giant reed (Arundo donax).85  
5.2.1 Lignocellulose as a sugar source 
Lignocellulose is composed of up to 75% carbohydrates and thus offers a valuable 
source of fermentable sugars.225 It is a complex matrix of carbohydrate polymers, 
composed primarily of cellulose (~45%), hemicellulose (~30%) and lignin (~15%). 
The relative abundance of these components depends on the plant species, age and 
growth conditions.225 The extraction of the sugars, mainly from the cellulose 
fraction is however one of the key challenges to biorefineries. Cellulose is the most 
abundant constituent of the plant biomass, and it consists entirely of glucose 
molecules linked together by β-1,4-glycosidic bonds. These glucose chains can be 
up to 10,000 molecules in length, and cluster together to form cellulose fibrils with 
a highly crystalline supramolecular structure. Hemicellulose is a much more 
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complex polysaccharide, containing several sugar molecules including D-glucose, D-
galactose, D-mannose, D-xylose, L-arabinose and D-glucuronic acid. The relative 
distribution of these sugars within the hemicellulose is species-specific. For 
example, grasses such as switchgrass or wheat straw contain mostly glucuronic 
acid, arabinose and xylose whereas softwoods such as spruce or pine contain 
galactose, glucuronic acid and xylose. Hemicellulose polysaccharides are generally 
shorter in length (<200 molecules) than those contained within cellulose, and they 
may have side chains or be acetylated. Within a plant cell wall, the hemicellulose 
surrounds the cellulose fibrils, which can protect the cellulose from enzymatic 
hydrolysis. The whole structure is enveloped by lignin; a highly complex aromatic 
polymer, which provides much of the mechanical strength to the plant cell wall. It 
constitutes 15-40% of the biomass dry weight, and in polysaccharide processing, it 
is generally removed from the plant material unhydrolysed and burned to provide 
the energy for the processing plant. Research is however underway to make use of 
this chemically complex polymer for value-added products.226 
5.2.2 Municipal organic waste 
The effective management of municipal waste is of increasing importance globally, 
and over the past decade the waste landscape has changed drastically. The EU 
Landfill and Waste Framework directive developed specific targets for product and 
energy recovery as well as diverting waste to landfill.227 By 2016, the amount of 
biodegradable municipal waste permitted in landfills will be capped at 420,000 
tonnes/annum. Food waste makes up the largest proportion of the organic fraction 
within municipal waste, and if managed incorrectly, it can contaminate recyclable 
material or produce methane gas if disposed of in landfill.228 It is estimated that 30-
50% of the food produced globally, equivalent to 1-2 billion tonnes, is not used for 
human consumption.229 In the EU in 2006, household food waste was estimated to 
be 37.7 million tonnes, representing 42% of all food wastes generated in the EU.230 
Therefore, household food waste poses a disposal challenge as well as providing an 
attractive feedstock for further valorisation. Several EU states have acknowledged 
that in order to divert food waste away from landfill, effective source separation is 
required. As of 2013, household food waste segregation in the Republic of Ireland 
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was made obligatory following the introduction of new regulations to meet the 
objectives outlined in the landfill directive. In the UK, several councils have been 
trialling specific food waste bins to reduce the amount of food waste disposed of 
into landfill.231 Developing an effective recycling and valorisation system is 
therefore extremely attractive.222, 232 
5.2.2.1 Biotransformation of food waste 
Due to the high water content of food waste, the biological transformation of food 
waste is energetically more favourable than combustion or gasification.233 The 
inherent chemical complexity of food waste also makes it an attractive feedstock 
for higher value products. While the composition varies depending on the feedstock 
source, food waste generally contains carbohydrate polymers (starch, cellulose, 
hemicellulose), lignin, proteins, fats, organic acids and a smaller (~5%) 
inorganic/ash fraction.83 It has been used as the sole microbial feedstock for the 
development of various value-added products such as methane, hydrogen, ethanol, 
enzymes, organic acids, biopolymers and bioplastics.83 For example, Hong et al. 
achieved yields of 60 g reducing sugar /100 g food waste, resulting in 0.36 g ethanol 
/g food waste using S. cerevisiae.234 More recently, Chi et al. cultivated C. curvatus, 
Y. lipolytica, L. starkeyi, R. toruloides and R. glutinis on hydrolysed food waste for 
SCO production. While the growth of L. starkeyi and R. toruloides were considerably 
reduced, C. curvatus, R. glutinis and Y. lipolytica produced biomass yields equal to 
or better than the control when cultivated on food waste hydrolysate. Only R. 
glutinis and C. curvatus were tested for SCO production, producing lipid 
concentrations (%.dwt) of 19.6% and 28.6%, respectively, thus demonstrating the 
ability to produce SCO from food waste.84 
5.2.3 Hydrolysis of biomass feedstocks 
Because yeast are incapable of significant cellulolytic activity, the lignocellulose or 
municipal organic waste must be pretreated and hydrolysed to release the sugars 
prior to conversion by oleaginous yeast (also referred to as depolymerisation or 
saccharification). The cost of the feedstock can be up to 70% of the final production 
cost, and as such it is essential to enhance sugar yields from the biomass feedstock 
because of its impact on the downstream processing costs. The pretreatment step 
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can contribute considerable costs to the whole process, but as Wyman stated, “the 
only step more expensive than pretreatment is no pretreatment”.235 Various 
depolymerisation methods have been used to extract the soluble sugars from 
lignocellulosic biomass, with the conventional method involving dilute acid 
pretreatment followed by enzymatic hydrolysis.85 Aqueous ammonia soaking of 
lignocellulosic biomass can also be an effective method to increase the sugar yield 
from the biomass, as it has high selectivity towards lignin and as such does not 
disrupt the carbohydrate structure. It can also cause swelling of the cellulose fibrils, 
and thus aids later depolymerisation techniques.236 Regarding food waste, various 
depolymerisation methods have been employed previously including: enzymatic,232 
thermo-chemical,84,237 combined thermo-chemical and enzymatic,238 and whole-cell 
fungal hydrolysis.239 
Most commonly, the hydrolysis and fermentation steps occur separately, but with 
an aim to improve the economics of the system, simultaneous saccharification and 
fermentation (SSF) is becoming increasingly common.240-241 When using enzymes, 
this also reduces the effects of product inhibition of the enzymes which decreases 
the hydrolysis efficiency.242 More recently, consolidated bioprocessing (CBP) has 
also received considerable attention, in which the fermenting organism also 
releases the cellulases (enzymes) necessary for the saccharification of the 
biomass.243  
5.2.3.1 Sugar catabolism 
Depolymerised biomass feedstocks mainly contain glucose and xylose, generally in 
a 2:1 ratio,190 although the relative proportion of these depends on the method and 
source of the feedstock.244 Other monomeric sugars include arabinose, glucuronic 
acid, and mannose, and the oligosaccharides cellobiose, cellotriose, maltose and 
maltotriose. In waste streams, such as food waste, the disaccharides lactose, 
sucrose and fructose are also common. To increase the efficiency of the overall 
process it is vital that the oleaginous organism can metabolise all of the sugars 
available. While many carbon sources have been considered as substrates for the 
production of lipid from oleaginous yeast, including simple sugars such as glucose, 
fructose and glycerol, several organisms cannot naturally assimilate C5 sugars such 
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as xylose. In order to utilise the full range of sugars available, xylose-based media 
have attracted considerable interest.85 For example, the ethanol-producing yeast, 
Saccharomyces cerevisiae, the yeast most widely used in industrial biotechnology, is 
unable to ferment xylose without genetic modification. Bettiga et al. inserted a 
xylose utilisation pathway resulting in xylose uptake and ethanol production,245 but 
even the strains that have been engineered to ferment xylose generally do so 
slowly, and cannot utilise xylose until glucose is completely consumed.246 
Genetically modified S. cerevisiae have also showed lower ethanol yields and 
reduced tolerance to ethanol compared to the optimised glucose fermentation, 
further hindering their utilisation.247 It therefore seems that seems that a more 
promising route is to use alternative yeast that are naturally able to assimilate 
carbon from multi-sugar feedstocks.  
Even for organisms that can assimilate both C5 and C6 sugars, when both glucose 
and xylose are present in the growth medium a pattern of diauxic growth can arise 
in which one substrate is catabolised preferentially over the others, with a lag 
period occurring between the growth phases.248 Generally, glucose is utilised during 
the first growth phase as it can allosterically repress other sugar transporters.190 
The delay between growth phases is also due to the synthesis of the enzymes 
necessary for xylose metabolism.248 This pattern of sequential glucose and xylose 
uptake was observed in Lipomyces starkeyi179 and Rhodotorula glutinis.249 In 
contrast, the oleaginous yeast, Trichosporon cutaneum was able to assimilate 
glucose and xylose simultaneously, with no pattern of diauxic growth observed.190 
5.2.3.2 Inhibitory compounds 
Under the depolymerisation conditions, the sugars as well as residual lignin, can 
degrade further to yield a range of toxic compounds that are inhibitory to microbial 
growth and therefore lipid productivity. Xylose can be degraded into furfural, and 
5-hydroxymethylfurfural (5-HMF) is produced from glucose.242 When these 
compounds are further degraded, formic acid and levulinic acid are produced from 
furfural and 5-HMF, respectively. The breakdown of lignin produces phenolic 
compounds such as vanillic acid, vanillin, syringic acid, syringaldehyde and 4-
hydroxybenzoic acid (Figure 5.1).21,242 The relative concentrations of these 
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compounds depends on the feedstock used as well as the depolymerisation 
method.250 These compounds do, however, have the potential to be removed as 
high-value chemical intermediates.21  
The inhibitors can be removed from the hydrolysate through overliming or with 
activated charcoal,251 though this would increase the costs of the processing 
substantially when compared to using a yeast strain with natural inhibitor 
tolerance. Chen et al. tested the effects of some common inhibitors on the growth 
and lipid productivity of five yeast species, including three strains of R. glutinis and 
concluded that the effects were inhibitor and strain specific.250 Weak acids, such as 
acetic-, levulinic- and formic- acid are believed to hinder cell growth due to the 
ability of the undissociated acid being able to diffuse across the cell membrane, 
thus disrupting the neutral pH of the cytosol. A linear relationship between the cell 
replicative activity and decreasing intracellular pH has been previously observed.242 
Generally, Ascomycetes yeast can tolerate acetic acid better than Basidiomycetes 
yeast.252 This was believed to be due to the acetic acid repressing Basidiomycetae 
growth, rather than the ability to grow at a lower pH. Furfural is known to be a 
strong inhibitor of yeast growth,252 with many yeast species unable to tolerate 
concentrations higher than 1 g/L, and delayed growth exhibited at 0.5 g/L.252 5-HMF 
is less toxic to yeast than furfural, but many oleaginous yeast can only tolerate 
concentrations up to 2 g/L,250 and exhibit delayed growth.252 
5.2.4 Aims of the chapter 
This chapter aims to investigate the growth of Rhodotorula sp. when a variety of 
compounds that result from the depolymerisation of biomass feedstocks are 
present. Firstly, microbial growth kinetics on xylose and glucose mixtures will be 
tested, before assessing the yeast growth on a selection of mono- and di-glycerides. 
Tolerance of Rhodotorula sp. to a range of common microbial inhibitors will also be 
tested. Finally, yeast growth on depolymerised Miscanthus and food waste will be 
performed to assess the feasibility of SCO production under real-life scenarios. 




Figure 5.1: Lignocellulose break-down products resulting from the pre-treatment and hydrolysis of 
biomass. The common sugars resulting from cellulose and hemicellulose degradation, and the 
resulting inhibitors, as well as the phenolic compounds from lignin degradation are depicted.
21
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5.3 Results and discussion 
5.3.1 Transition to renewable feedstocks 
In order for the economics of microbial lipid production from lignocellulose to 
succeed, the oleaginous microbe must have the ability to metabolise C5 (e.g. xylose) 
as well as C6 sugars (e.g. glucose). For an industrial process, it would be beneficial to 
employ a yeast which can naturally metabolise glucose and xylose simultaneously, 
without evidence of a diauxic growth pattern. Dai et al. previously demonstrated 
that R. glutinis is capable of assimilating xylose,253 although the growth kinetics over 
a range of xylose concentrations were not compared. Less is known surrounding 
the growth characteristics of R. minuta. Therefore, R. glutinis and R. minuta were 
cultured with varying levels of glucose and xylose over 120 hours, and the sugar 
uptake kinetics examined. 
5.3.1.1 R. glutinis growth on C5 and C6 sugars 
R. glutinis was cultured  under different concentrations of glucose and xylose in a 
growth medium containing a total sugar concentration of 30 g/L, ranging from 
100% glucose (wt.%) to 100% xylose (wt.%), (Table 5.1).  

























OD600 at 120 
h (-) 
100 0 6.7 x 10
-3
 0.99 - - 15.02 ±3.50 
75 25 5.9 x 10
-3
 0.99 6.2 x 10
-3
 0.96 14.34 ±3.19 
50 50 6.1 x 10
-3
 0.98 4.3 x 10
-3
 0.95 13.51 ±2.91 
25 75 9.0 x 10
-3
 0.99 3.3 x 10
-3
 0.94 13.34 ±2.99 
0 100 1.4 x 10
-2 ‡
 0.97 3.6 x 10
-3
 0.95 12.22 ±2.50 
†
Weight percent of total sugar concentration. The combined sugar concentration was maintained 
at 30 g/L.
  ‡
Residual glucose present from the inoculum 
 
Zhang et al. observed a first order relationship for the specific growth rate of R. 
glutinis when assessing cell concentration in relation to time.57 A plot was therefore 
constructed with respect to glucose or xylose concentration for each of the varying 
sugar concentrations to determine the rate constant, k, (as described in Section 
2.3.2.1) which was plotted against the biomass productivity for each growth culture 
(Figure 5.2). For each of the sugar concentrations, a first order linear regression was 
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obtained suggesting that sugar assimilation in R. glutinis does indeed follow first 
order kinetics. The correlation coefficients (R2) obtained ranged from 0.94 – 0.99, 
again supporting the notion of a first order reaction. In reality, this is most likely to 
be pseudo-first order due to the high excess of glucose and xylose in many of the 
culture media. 
The rate constant for glucose consumption was found to be 6.7 x 10-3 h-1 when no 
xylose was present. The rate of glucose uptake remained reasonably stable around 
6.0 x 10-3 h-1 until only 25% of the sugar present in the growth medium was glucose. 
At this point the rate constant increased dramatically to 9.0 x 10-3 h-1. As the level of 
xylose in the culture medium increased, the rate of xylose metabolism decreased. 
Even when there was only xylose present in the growth medium, the rate constant 
was only 3.6 x 10-3 h-1, suggesting that for the maximum growth to be achieved, 
glucose needs to be present in the culture medium. In all the glucose:xylose 
mixtures, glucose and xylose were assimilated simultaneously, and thus no 
evidence of the classic diauxic behaviour was observed. However, as the glucose 
concentration decreased in the culture medium, so too did the final biomass 
concentrations. These decreased from an optical density of 15.02 (-) at 100% 
glucose, to 12.22 when the growth medium contained only xylose as the sugar 
substrate (Table 5.1).  
 
 




Figure 5.2: Sugar kinetics for Rhodotorula glutinis. a. 30 g/L glucose; b. 22.5 g/L glucose, 7.5 g/L 
xylose; c. 15 g/L glucose, 15 g/L xylose; d. 7.5 g/L glucose, 22.5 g/L xylose; e. 30 g/L xylose, cultivated 
in RSM medium supplemented with the appropriate quantity of sugar with 0.5 g/L (NH4)2SO4 at 28 °C 
for 120 h, 180 rpm. The error bars represent the standard deviation from the mean where n=3. The 
square parentheses indicate the concentration of sugar. Filled and open circles represent the rate 
constant for glucose and xylose, respectively. Filled diamonds represent optical density at 600 nm.  
 
5.3.1.2 R. minuta growth on C5 and C6 sugars 
Similarly to R. glutinis, assuming a first order relationship, the rate constant for 
glucose consumption for R. minuta was found to be 6.5 x 10-3 h-1 when no xylose 
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was present. The pattern of glucose metabolism was similar for R. minuta as it was 
for R. glutinis, maintaining a relatively stable rate constant around 5.5 x 10-3 h-1, 
until the concentration of glucose decreased to only 25%, at which point the rate of 
glucose metabolism increased to 9.8 x 10-3 h-1 (Table 5.2). The xylose rate constant 
was relatively stable at around 3.0 x 10-3 h-1, regardless of the xylose concentration 
in the growth medium. As was observed for R. glutinis, the biomass, measured 
through optical density, decreased as the relative proportion of xylose in the 
culture medium increased. This decreased from 14.35 (-) at 100 wt.% glucose to 
9.86 (-) when only xylose was present in the culture medium. No subsequent sugar 
uptake was observed for R. minuta although glucose does need to be present in the 
growth medium in order to obtain higher biomass yields (Figure 5.3). 













OD600 at 120 h 
(-) 
100 0 6.5 x 10-3 0.99 - - 14.35 ±3.04 
75 25 5.0 x 10-3 0.99 3.4 x 10-3 0.94 12.84 ±3.23 
50 50 5.9 x 10-3 0.99 2.6 x 10-3 0.94 12.30 ±2.43 
25 75 9.8 x 10-3 0.99 2.7 x 10-3 0.98 11.85 ±2.15 
0 100 1.3 x 10-2 ‡ 0.96 3.0 x 10-3 0.98 9.86 ±2.19 
†
Weight percent of total sugar concentration. The combined sugar concentration was maintained 
at 30 g/L.
  ‡








Figure 5.3: Sugar kinetics for Rhodotorula minuta. a. 30 g/L glucose; b. 22.5 g/L glucose, 7.5 g/L 
xylose; c. 15 g/L glucose, 15 g/L xylose; d. 7.5 g/L glucose, 22.5 g/L xylose; e. 30 g/L xylose. Cultivated 
in RSM medium supplemented with the appropriate quantity of sugar with 0.5 g/L (NH4)2SO4 at 28 °C 
for 120 h, 180 rpm. The error bars represent the standard deviation from the mean where n=3. The 
square parentheses indicate the concentration of sugar. Filled and open circles represent the rate 
constant for glucose and xylose, respectively. Filled diamonds represent optical density at 600 nm.  
 
5.3.1.3 Comparison of Rhodotorula sp. C5 and C6 sugar catabolism 
For both R. glutinis and R. minuta, the glucose and xylose were assimilated 
simultaneously rather than sequentially. This is in contrast to Zhang et al. who 
reported no assimilation of xylose when both glucose and xylose were present in 
the culture medium during the growth of R. glutinis.57 For both species tested in 
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this study, the rate of glucose metabolism increased as the concentration in the 
culture medium decreased. For R. glutinis the same effect was observed for xylose, 
although the rate of xylose uptake was slower than that of glucose. In contrast, the 
rate of xylose uptake remained stable around 3.0 x 10-3 h-1 for R. minuta, regardless 
of the xylose concentration. This is indicative of two different sugar uptake 
mechanisms. For Candida shehatae, a yeast with natural xylose assimilating 
capability, two kinetically distinct xylose-transport systems have been identified.254 
One of the transport systems is shared with glucose by a facilitated diffusion 
pathway, whereas the other is a high-affinity xylose-proton symporter that also 
accepts glucose as a substrate.255 Glucose can however allosterically repress other 
sugar transporters, and as such it is generally metabolised first.190 
When glucose and xylose were present in equal concentrations, the rate of glucose 
metabolism was approximately double that of the xylose metabolism for R. minuta 
(Figure 5.3, c), whereas it was only ~50% higher for R. glutinis (Figure 5.2, c). Both 
yeasts showed a reduction in biomass productivity as the proportion of xylose 
within the culture medium increased. This pattern has also been reported 
previously during glucose and xylose fermentation by Trichosporon cutaneum, a 
yeast which can simultaneously utilise glucose and xylose but yielded lower 
biomass and lipid yields as the proportion of xylose within the culture medium 
increased.190 Stoichiometrically, xylose metabolism is the more efficient route for 
lipid synthesis, yielding a maximum yield of 0.34 glipid/gxylose compared to 0.32 
glipid/gglucose.
96 Lipid production was also reduced compared to the growth on solely 
glucose when R. toruloides was grown exclusively on xylose as well as in a mixed-
sugar medium containing glucose, xylose and arabinose However, in the latter case 
the sugars were assimilated consecutively in the order described.256 
5.3.2 Alternative sugar utilisation 
One important industrial characteristic for oleaginous yeast is the utilisation of a 
broad range of carbon sources other than solely glucose and xylose. Sugars were 
selected that are present in various lignocellulosic hydrolysates and waste streams. 
Glucose, xylose, arabinose and cellobiose constitute a large portion of simple sugars 
present in depolymerised lignocellulose, whereas sucrose and fructose are more 
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likely to be present in hydrolysed food waste streams. Waste streams, such as 
waste whey is also rich in lactose.70  
Both R. glutinis and R. minuta were tested for their ability to assimilate a range of 
alternative sugar sources, as the sole carbon source (30 g/L) or in a 50:50 (w/w) 
blend ratio with glucose or xylose (Figure 5.4). The growth obtained from each of 
the conditions was compared to that of glucose, set at 100%.  
 
Figure 5.4: Biomass productivity for Rhodotorula minuta and Rhodotorula glutinis on a range of 
simple sugars. OD600 measurement was taken after 5 days. The OD600 has been standardised to a 
percentage of the growth on glucose. The yeast were cultured a range of simple sugars (30 g/L per 
culture) in 96 well plates at 28 °C. The error bars show the standard deviation from the mean where 
n=6. 
 
Similar biomass productivities were observed for R. minuta grown on arabinose and 
fructose as that grown on glucose. Slightly less biomass was produced from growth 
on xylose which is similar to the results presented previously. While R. minuta grew 
extremely well on the disaccharide cellobiose, it was less effective on lactose and 
sucrose, resulting in less than 50% of the biomass observed when grown on 
glucose. In mixed sugar cultures, R. minuta grew extremely well on mixtures 
containing arabinose, producing over double the amount of biomass compared to 
R. minuta growth on glucose. These results are comparable to Sitepu et al. who 
demonstrated the growth of R. minuta on glucose, xylose and arabinose as well as 
less growth when sucrose was used as the carbon source.252 Their results did 








R. minuta R. glutinis
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R. glutinis grew particularly well on substrates containing arabinose, producing over 
double the biomass of cultures with glucose alone when mixed with either glucose 
or xylose. In contrast, R. glutinis showed a weaker ability to assimilate xylose than 
was shown for R. minuta, with particularly poor growth when xylose was used as 
the only carbon source. Enhanced growth on arabinose compared to xylose was 
also observed by Sitepu et al.252 They did however show better growth on D-
arabinose than on L-arabinose. The growth productivity was similar for R. minuta 
when grown with cellobiose, fructose and lactose, but an increased assimilation of 
sucrose was observed for R. glutinis.  
5.3.3 Effect of inhibitory compounds on the growth of Rhodotorula sp. 
During lignocellulose hydrolysis, especially when acid catalysed, the sugars within 
the biomass will also degrade into numerous inhibitory products. Xylose degrades 
into furfural, whereas glucose degrades into 5-HMF. Both compounds are well 
understood as major fermentation inhibitors for ethanol production,250 being 
known to inhibit alcohol dehydrogenase, pyruvate dehydrogenase and aldehyde 
dehydrogenase.257 Acetic acid, levulinic acid and formic acid are the major organic 
acids formed during lignocellulose hydrolysis. Acetic acid is formed by hydrolysis of 
the acetyl group of hemicellulose linked to the lignin or cellulose matrix. Levulinic 
acid is formed following oxidation of mannose and glucose; formic acid can also be 
produced as a byproduct of this pathway. Formic acid is also the terminal oxidation 
product of xylose oxidation.250,258 These inhibitors are well known for their toxicity 
to microorganisms such as S. cerevisiae, generally in the order: acetic acid < 
levulinic acid < formic acid,259 but they tend to be less inhibitory to oleaginous 
yeasts.260 Cell survival and metabolism within a biomass hydrolysate environment is 
the first priority during the fermentation, as no product can be generated without 
sufficient growth. To assess the effect of these inhibitors on the growth of R. 
glutinis and R. minuta, the yeasts were cultured on a medium with 30 g/L glucose 
and either a low, medium or high level of the various inhibitors (Table 5.3). Multiple 
inhibitor concentrations were selected to correspond to the concentrations 
commonly present in various lignocellulose hydrolysates.261-262 The results were 
normalised to the control (30 g/L glucose with no additional inhibitors). 
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Table 5.3: Concentration of inhibitors used in the culturing of R. minuta and R. glutinis on glucose 
(30 g/L) in 96 well plates. 
 
R. glutinis still showed reasonable growth in the presence of furfural and 5-HMF, 
yielding around 65% of the growth of the control at the medium (10 mM) 
concentration. R. glutinis could also tolerate low (10 mM) loadings of organic acids, 
displaying the same pattern of toxicity as described above for S. cerevisiae (acetic- < 
levulinic- < formic acid).259 The tolerance to levulinic acid at the medium 
concentration (60 mM) was greater than both acetic and formic acid. This effect 
was also observed by Chen et al. in which the yeast strains that they tested 
(including R. glutinis) could tolerate double the concentration of levulinic acid 
compared to acetic- and formic acid.250 The growth of T. cutaneum was enhanced 
by the presence of levulinic acid.250 At high concentrations of organic acids, the 
growth of both R. glutinis and R. minuta used in this study was reduced 
substantially (Figure 5.5, a).  
 
Inhibitor Low value (mM) Medium value (mM) High value (mM) 
Furfural 1 10 60 
5-HMF 1 10 60 
Acetic acid 10 60 200 
Formic acid 10 60 200 
































b. R. minuta Low
Medium
High
Figure 5.5: Biomass productivity from Rhodotorula sp. in the presence of common inhibitors 
present in depolymerised lignocellulose. The optical density measurement at 600 nm (OD600) has 
been standardised to a percentage of the growth on glucose. The yeasts were cultured at 28 °C in 
96 well plates over 120 h. The error bars represent the standard deviation from the mean where 
n=6. Low (red), medium (blue) and high (green) values represent 1, 10 and 60 mM for 5-HMF and 
furfural, and 10, 60 and 100 mM for the acids, respectively. 
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In comparison to R. glutinis, R. minuta demonstrates a similar tolerance to furfural 
and 5-HMF, yet the acidic inhibitors; acetic acid, formic acid and levulinic acid 
affected the growth substantially (Figure 5.5, b). This suggested that R. minuta may 
only be a suitable organism in scenarios where a gentle depolymerisation 
techniques have been used (e.g. enzyme hydrolysis), where there would be a low 
concentration of organic acids. Previous work demonstrated that R. glutinis can 
grow effectively on media containing 0.3 ml/L furfural and 0.26 g acetic acid/gram 
of sugar (equivalent to 4 mM furfural and 129 mM acetic acid) if xylose is used as 
the sugar substrate.57 In contrast, when glucose was used as the substrate, Zhang et 
al. reported the specific growth rate to decrease from 0.31 h-1 when growing R. 
glutinis on pure glucose to 0.13 h-1 when the inhibitors were also present.57 
According to the results of this study, this effect is more likely due to the presence 
of the acetic acid rather than furfural. Similarly, a 35% reduction in growth rate was 
observed for R. grammis at a furfural concentration of 0.75 g/L, and was inhibited 
completely at 2.6 g/L.56  
Furfural is known to deactivate the mechanisms of cell replication, and cause 
damage to the vacuole and mitochondrial membrane.258 Recent work by Sitepu et 
al. suggested that R. minuta and R. glutinis have no tolerance to furfural at 0.5 g/L 
(5.2 mM) when glucose is used as the carbon source,252 in contrast to the work 
presented here. Sitepu et al. also showed varying growth with differing 
concentrations of 5-HMF, demonstrating that R. glutinis could tolerate 5-HMF 
concentration up to 0.5 g/L (4 mM), whereas R. minuta exhibited delayed growth in 
concentrations up to 1 g/L (8 mM). Neither species could grow when 5-HMF was 
present at 2 g/L (16 mM). Sitepu et al. also tested acetic acid at 2.5 g/L (42 mM), in 
which they demonstrated no growth for either R. glutinis or R. minuta. While R. 
glutinis can tolerate low concentrations of acetic acid (10 mM), R. minuta growth 
was reduced substantially. These are however model studies, in which the five 
inhibitory compound were tested separately. In biomass hydrolysates, a mixture of 
sugars and inhibitory compounds are present and therefore there is the potential 
for a negative synergistic effect on the yeast growth.250 As such, the latter half of 
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this chapter focuses on the production of SCO from depolymerised biomass 
hydrolysates. 
5.3.4 Hydrolysis of Miscanthus giganteus  
Enzymatic hydrolysis of lignocellulosic feedstocks has been considered as the most 
promising approach for the saccharification of biomass streams as the mild 
pretreatment conditions reduce the amount of inhibitory compounds formed. 
However, using solely enzymes as the depolymerisation mechanism can result in 
low sugar yields as many plants have developed natural resistance to microbial 
breakdown that prevent the release of vital sugar sources.235 These can include 
natural inhibitors present in the biomass as well as microbial inhibitors released 
through biomass degradation as mentioned previously. In order to enable access to 
the hemicellulose and cellulose fibrils, pretreatment with acid and/or ammonia is 
used prior to saccharification. 
Miscanthus giganteus is a herbaceous perennial crop that has attracted 
considerable interest in recent years as an energy crop due to an abundant source 
of lignocellulosic biomass.263 Miscanthus is one of four crops in the EU that has 
been identified as the most promising in terms of being a feedstock for biofuel 
production.85 Compared to annual crops such as wheat or barley, Miscanthus offers 
enhanced environmental characteristics including lower resource input (water, 
fertiliser, pesticides), it does not require re-seeding and it can be grown on marginal 
land unsuitable for food crops. Furthermore, the deep-rooted structure helps to 
prevent soil erosion and increase soil fertility.264 In England, yields of up to 18.7 t/ha 
(dry matter) can be produced, with a natural cellulose content higher than other 
energy crops, thereby increasing the amount of glucose in the hydrolysate.265 
The Miscanthus hydrolysates were kindly provided by Hussein et al. in the Dept. of 
Biology & Biochemistry, University of Bath using a combination of ammonia 
pretreatment followed by acid and enzymatic (cellulase) hydrolysis (Table 5.4). Due 
to the limited volume of these hydrolysates, only the growth and lipid productivity 
of R. minuta was assessed, as the growth of this yeast on depolymerised 
lignocellulosic feedstocks is less understood than that of R. glutinis. 




Sugars in the five Miscanthus hydrolysates were analysed by HPLC following 
hydrolysis with the CTEC-2 cellulases (Figure 5.6), and the total sugar concentration 
was quantified by the sum of the individuals sugars present in the hydrolysate 
(glucose, xylose, arabinose and galactose). Following acid hydrolysis on the 
untreated Miscanthus biomass, ~5 g/L of sugar was obtained in the soluble fraction 
(hydrolysate #2). Very little glucose was obtained by this method, suggesting that 
only the sugars within the hemicellulose were hydrolysed. Cellulase hydrolysis of 
the insoluble biomass following acid pretreatment yielded very small amounts of 
sugar suggesting that this was not a suitable method (hydrolysate #1). To achieve 
the highest sugar yields, pretreatment by ammonia soaking was important. While 
ammonia pretreatment did not increase the sugars obtained from the 
hemicellulose, nor the quantity of sugars in the soluble fraction (hydrolysate #4), it 
greatly improved the glucose yield from the insoluble biomass following ammonia 
soaking and acid pretreatment (hydrolysate #3). Ammonia pretreatment is known 
to cause expansion of the cellulose fibrils, enabling access for the cellulase enzymes 
to break down the glucose polysaccharides.236 However ammonium soaking along 
did not yield as much sugar as when both ammonia and acid pretreatment were 
both used prior to enzyme hydrolysis (hydrolysates #5 and #3, respectively). 
Table 5.4: Hydrolysis methods for Miscanthus giganteus provided by Hussein et al. 
 Hydrolysis method 
1 Untreated Miscanthus hydrolysed with 1% H2SO4. Insoluble biomass hydrolysed with 
cellulases. 
2 Untreated Miscanthus hydrolysed with 1% H2SO4. Soluble fraction hydrolysed with 
cellulases. 
3 Pretreated (ammonia soaked) Miscanthus hydrolysed with 1% H2SO4. Insoluble biomass 
hydrolysed with cellulases. 
4 Pretreated (ammonia soaked) Miscanthus hydrolysed with 1% H2SO4. Soluble fraction 
hydrolysed with cellulases. 
5 Pretreated (ammonia soaked) Miscanthus hydrolysed with only cellulases 
Control RSM medium with 30 g/L glucose and 0.5 g/L (NH4)2SO4 




Figure 5.6: Quantification of the sugars resulting from five depolymerisation methods for 
Miscanthus giganteus hydrolysis. The biomass was used untreated or pretreated with ammonia 
soaking. Acid pretreatment with 1% (v/v) H2SO4 was also used for hydrolysates 1-4. Following 
pretreatment, the insoluble biomass or soluble fraction was hydrolysed with CTEC-2 cellulase mix in 
phosphate buffered saline. Sugar was quantified using HPLC and compared to known standards. The 
data represents a one-off scoping study. 
 
5.3.4.1 R. minuta growth on Miscanthus hydrolysates 
The time course experiments for R. minuta cultured on the five different 
Miscanthus hydrolysates are shown in Figure 5.7. In the cultures that produced 
biomass (hydrolysates 1, 2 & 4), no obvious lag time was observed, suggesting that 
the concentration of inhibitors within these hydrolysates was low. Aside from the 
control, all cultures reached stationary phase around 72 h, most likely due to the 
cultures assimilating all of the sugar present in the hydrolysates. Most notably, no 
biomass was produced from hydrolysates 3 and 5, which had the highest total sugar 
concentration of 17 g/L and 8.6 g/L, respectively. As there was growth on the other 
hydrolysates, this indicated that there was likely to be a high concentration of 
inhibitors resulting from the depolymerisation method. This illustrated the fine 
balance between sugar extraction and inhibitor formation. While Chen et al. 
reported the quantification of inhibitory compounds via HPLC,250 attempts to 
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Figure 5.7: Optical density measurements at 600 nm (OD600) for the growth of Rhodotorula minuta 
on depolymerised Miscanthus giganteus hydrolysate. The biomass was used untreated or 
pretreated with ammonia soaking. Acid pretreatment with 1% (v/v) H2SO4 was also used for 
hydrolysaes 1-4. Following pretreatment, the insoluble biomass or soluble fraction was hydrolysed 
with CTEC-2 cellulase mix in phosphate buffered saline. All samples (20 ml per hydrolysate) were 
filtered and sterilised before culturing R. minuta at 28°C, 180 rpm for 168 h in 100 ml conical flasks. 
The error bars represent the standard deviation from the mean where n=3. 
 
 
The greatest biomass yield (5.9 ±0.58 g/L) was obtained from hydrolysate #4, in 
which ammonia-soaked Miscanthus was pretreated with acid and the soluble 
fraction hydrolysed with the cellulase enzymes (Figure 5.8). Biomass resulting from 
the untreated Miscanthus yielded 2.53 ±2.19 g/L and 4.67 ±0.40 g/L for the 
insoluble (hydrosylate #1) and soluble (hydrosylate #2) fraction, respectively. These 
were however considerably lower than the control culture in which 13.4 ±0.67 g/L 
of biomass was produced. This is however most likely to be due to the R. minuta 
culture assimilating all of the available sugar in the culture medium. Indeed, for 
hydrolysates 1, 2 and 4, there was no sugar present in the supernatant following 
yeast growth. Lipid yields were also low for all of the cultures suggesting that the 
C/N ratio was not suitable for lipid accumulation, or more likely, that degradation of 
the lipid reserve occurred after exhaustion of the carbon source in the culture 
medium.17 While there are no published studies surrounding the growth of R. 
minuta on similar hydrolysates, R. glutinis grown on depolymerised rice straw 
hydrolysates yielded poor growth (3.58 g/L biomass, 5.74% (w/w) lipid)253 which are 
















1: Untreated / acid / biomass 2: Untreated / acid / soluble
3: Pretreated / acid / biomass 4: Pretreated / acid / soluble
5: Pretreated / biomass 6. Control
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16.56 g/L with a lipid content of 28.59% (w/w) was observed for R. glutinis grown 
on hydrolysed Populus euramericana leaves. Hot sulphuric acid hydrolysis was used 
in both scenarios.253   
 
Figure 5.8: Biomass, lipid productivity and sugar uptake of Rhodotorula minuta grown on 
depolymerised Miscanthus giganteus hydrolysate. The biomass was used untreated or pretreated 
with ammonia soaking. Acid pretreatment with 1% (v/v) H2SO4 was also used for hydrolysates 1-4. 
Following pretreatment, the insoluble biomass or soluble fraction was hydrolysed with CTEC-2 
cellulase mix in phosphate buffered saline. All samples were filtered and sterilised before culturing 
R. minuta at 28 °C, 180 rpm for 168 h. The error bars represent the standard deviation from the 
mean where n=3. 
 
5.3.5 Food waste hydrolysis (enzymatic) 
In 2012, 7 million tonnes of food and drink was wasted in UK households, equating 
to 260 kg per household per year.158 By weight, it represents 19% of the food 
initially taken in to the home, and it is thought to equate to £12.5 billion across the 
UK.158 Food waste is however a heterogenous mix, varying with location and 
season.228 As such, it is difficult to model for laboratory work. Using data available 
in: Household Food and Drink Waste in the United Kingdom 2012,158 a 
representative food waste was developed based on the proportion of the weight of 
food waste in the UK (Figure 5.9). Drink waste was excluded from the 
representative sample as it usually exits the household via the sewerage system, 
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Yan et al. demonstrated that enzymatic hydrolysis of food waste is highly variable 
and as such hydrolysis optimisation is important to enhance productivity.232 Out of 
eight variables tested, they identified enzyme loading (glucoamylase), incubation 
time, temperature and pH as the four most significant factors to the reducing sugar 
concentration obtained.232 In this study, a central composite design was used to 
test the effects of these four variables on the cellulase (Celluclast®) degradation of 
food waste. The upper and lower variables of each level were selected based on the 
optimum conditions for enzyme activity according to data from the manufacturer, 
and previously published data (Table 5.5).232,238 
The total sugar concentration was the sum of the four most prevalent sugars as 
measured by HPLC (maltotriose, maltose, glucose and xylose). Table 5.5 shows the 
effect of these variables on total sugar concentration attained. The maximum sugar 
concentration ranged from 22.13 g/L – 35.08 g/L over the 30 experiments tested.  
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Table 5.5: Central composite design for the enzymatic hydrolysis of food waste relative to the total 
soluble sugar obtained and the biomass produced from Rhodotorula sp. 
Run No. Temp. 
(°C) 








1 50 1 4.5 1 22.46 9.88 11.9 
2 60 1 4.5 1 22.88 7.73 9.04 
3 50 5 4.5 1 26.28 7.54 0 
4 60 5 4.5 1 27.18 12.06 11.7 
5 50 1 5.5 1 22.13 12.7 12.5 
6 60 1 5.5 1 23.65 5.93 6.5 
7 50 5 5.5 1 28.40 4.38 0 
8 60 5 5.5 1 29.84 4.13 5.67 
9 50 1 4.5 5 23.24 0 0 
10 60 1 4.5 5 24.53 0 0 
11 50 5 4.5 5 30.87 0 0 
12 60 5 4.5 5 35.08 0 0 
13 50 1 5.5 5 23.78 0 6.15 
14 60 1 5.5 5 25.64 0 0 
15 50 5 5.5 5 31.74 0 0 
16 60 5 5.5 5 35.02 0 0 
17 55 3 5 3 27.31 0 0 
18 55 3 5 3 26.46 0 0 
19 55 3 5 3 27.17 0 0 
20 55 3 5 3 27.55 0 0 
21 50 3 5 3 25.12 5.67 0 
22 60 3 5 3 29.84 0 0 
23 55 1 5 3 23.27 0 0 
24 55 5 5 3 31.20 0 0 
25 55 3 4.5 3 27.61 0 0 
26 55 3 5.5 3 27.92 0 1.5 
27 55 3 5 1 23.88 4.84 6.58 
28 55 3 5 5 28.02 0 0 
29 55 3 5 3 27.11 0 0 
30 55 3 5 3 26.95 0 0 
CONTROL    30.00 6.76 7.23 
 
The correlation between temperature, time, pH and enzyme loading on the total 
sugar produced in the resulting hydrolysate was assessed. A regression analysis was 
performed to fit the response function and to predict the outcome using a radial 
basis function-multiquadratic (qRBF) response surface. The experimental responses, 
along with the predicted response obtained from the regression analysis are shown 
in Figure 5.10.  
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Figure 5.10: Response surface model fit for the total sugar released from the enzymatic hydrolysis 
of food waste. The error bars represent the spread of data observed for the repeated points. PRESS: 
Predicted sum square error; R
2
: Coefficient of determination; RBF: Radial basis function; RMSE: Root 
mean square error.  
 
The displayed error bars indicated the close agreement between the predicted and 
measured response factors. The fit of the model was checked using the coefficient 
of determination, R2, which was calculated to be 0.995, indicating that 99.5% of the 
variability in the response could be explained by the model. The root mean squared 
error (RMSE) of the model was 0.239 g/L, with the predicted sum square error 
(PRESS) RMSE being 0.298 g/L. Furthermore, the analysis of variance (ANOVA) for 
the qRBF response surface are summarised in Table 5.6. 
 
Table 5.6: Analysis of variance (ANOVA) for the response surface radial basis function (RBF)-
multiquadratic. 
Source SS Df MS RMSE R
2
 
Regression 336.558 15.946 21.106 0.239 0.995 
Error 0.745 13.054 0.057   
Total 338.36 29 0   
SS = sum of squares; DF = degrees of freedom; MS = mean square; RMSE = route mean square error. 
 
5.3.5.1 Interaction between variables 
The response surfaces based on the regression model showing the interaction of 
two variables are shown in Figure 5.11. A parallel surface of the plot with either of 
the axes indicates that no interaction exists between the two variables. This was 
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observed for pH, which had very little interaction with any of the other variables 
tested, and thus no influence on the total sugar obtained (Figure 5.11, c & d).  
 
Figure 5.11: Response surface plots of the central composite design for the optimisation of 
enzymatic (cellulase) hydrolysis of food waste. Effect of: a. Time and cellulase loading; b. Cellulase 
loading and temperature; c. Temperature and pH; d. pH and time. Aside from the variables assessed, 
all other variables were constant at zero. 
 
The greatest level of hydrolysed sugars was obtained at high levels of cellulase 
loading (3-5%), longer hydrolysis times (3-5 h) and high temperatures (60 °C). 
However, while it would be expected that higher sugar yields would promote yeast 
growth, no biomass was produced when Rhodotorula sp. was grown on the 
resulting high-sugar hydrolysates. Aside from two exceptions (run numbers 13 and 
26), biomass was only produced when the enzyme loading was at 1%. In a similar 
situation to that observed for the Miscanthus hydrolysates, greater sugar yields 
resulting from increased enzyme loadings could cause increased concentrations of 
Chapter 5: Waste resources 
141 
 
inhibitors to be formed, especially following sterilisation by autoclaving. In a 
complex mixture such as food waste, chemical reactions like the Maillard reaction, 
in which the carbonyl group of the sugar reacts with the amino group of the amino 
acid to form a variety of complex molecules can occur.266 Regardless of this, the 
maximum sugar concentration obtained was only 35 g/L, which for a carbohydrate-
rich feedstock such as food waste is not particularly high. While coupled enzymatic 
and thermochemical pretreatment can enhance the soluble sugar yield, Vavouraki 
et al. concluded that  thermochemical pretreatment alone resulted in the highest 
sugar yields.237-238 Similarly, by undertaking a techno-economic analysis of the 
pretreatment methods for anaerobic digestion, Carballa et al. concluded that 
mechanical or thermochemical pretreatment was most suitable from an 
environmental perspective.267 Furthermore, it has been estimated that due to the 
excessive cost of enzyme use, enzymatic saccharification may be economically 
unsuitable.238 This is especially true for fungal cellulases, such as the one used in 
this study, which have a comparatively low activity. Research is therefore being 
directed towards thermophilic microbes which have an enhanced cellulase activity 
or enzyme cocktails which may result in higher yields of soluble sugar from the 
biomass feedstock.21 
5.3.6 Food waste hydrolysis (thermochemical) 
Acid-catalysed thermochemical pretreatment of biomass feedstocks has been 
explored as a simple and inexpensive method for the efficient saccharification of 
lignocellulosic feedstocks.268 The food waste in this study was depolymerised with 
3% (v/w) H2SO4 and heated at 121 °C for 15 min using a modified method of Chi et 
al.84 This method yielded a total soluble sugar concentration of 66 g/L, of which it 
was (w/w): 63% glucose, 25% xylose, 4.6% maltose and 7.4% maltotriose. The food 
waste hydrolysate (FWH) obtained by Chi et al. comprised of 51.2 g/L total sugar of 
which 92% was glucose.84 Using this FWH, both R. glutinis and R. minuta were 
cultivated at 28 °C for 120 h (Figure 5.12 and Figure 5.13, respectively). Growth 
medium containing only glucose were used as the control cultures (Figure 5.14). 




Figure 5.12: Rhodotorula glutinis growth on acid-hydrolysed food waste (FWH). a. Biomass 
production with ammonium and total sugar uptake; b. Uptake of the individual sugars present in 
food waste as analysed by HPLC. The food waste was hydrolysed with 3% (v/w) H2SO4 at 121 °C for 
15 min. The biomass was filtered from the hydrolysate and neutralised to pH 6.5 with NaOH. R. 
glutinis was cultured on 100 ml of FWH in 250  ml Erlenmeyer flasks at 28 °C for 120 h, 180 rpm with 
10 ml samples removed every 24 h. The error bars indicate the standard deviation from the mean 
where n=3. 
 
A biomass yield of 8.06 g/L was observed with R. glutinis cultivated on the FWH. 
This is slightly lower than Chi et al. who yielded 10 g/L from R. glutinis cultivated on 
food waste. The proportion of glucose within the FWH used in this study was 
however lower than that of Chi et al., being only 63% glucose and 25% xylose. Very 
little sugar was taken up during the first 24 h of R. glutinis growth suggesting that a 
lag phase was present, although this was not apparent in the biomass produced at 
that time (Figure 5.12, a). After this point, the concentration of glucose and xylose 
decreased simultaneously, supporting the data presented previously that this strain 
of R. glutinis does not exhibit a diauxic growth pattern. However, after 42 h the 
xylose concentration remained stable around 10 g/L and only glucose was 
assimilated. Maltose and maltotriose were not utilised at all throughout the growth 
period. 




Figure 5.13: Rhodotorula minuta growth on acid-hydrolysed food waste (FWH). a. Biomass 
production with ammonium and total sugar uptake; b. Uptake of the individual sugars present in 
food waste as analysed by HPLC. The food waste was hydrolysed with 3% (v/w) H2SO4 at 121 °C for 
15 min. The biomass was filtered from the hydrolysate and neutralised to pH 6.5 with NaOH. R. 
minuta was cultured on 100 ml of FWH in 250  ml Erlenmeyer flasks at 28 °C for 120 h, 180 rpm with 
10 ml samples removed every 24 h. The error bars indicate the standard deviation from the mean 
where n=3. 
 
When R. minuta was cultivated on the FWH, a clear lag phase was observed in the 
first 24 h of growth (Figure 5.13, a), which was not observed in the control culture 
(Figure 5.14, b). Conversely to R. glutinis, both glucose and xylose were assimilated 
from the start of the fermentation period, although the uptake of xylose ceased 
after the first 24 h, after which only glucose was assimilated (Figure 5.13, b). 
Maltose and maltotriose were not utilised at all during the culture with R. minuta. 
For the enzymatic hydrolysis of food waste, higher sugar yields prevented yeast 
growth, most likely due to the formation of inhibitory compounds. Even though the 
sugar yields resulting from the acid hydrolysis of food waste (FWH) were 
considerably higher at 65 g/L, more biomass was produced by the yeast growing on 
the FWH compared to the control (Figure 5.15). 




Figure 5.14: Biomass and glucose uptake for the control cultures of: a. Rhodotorula glutinis; and b. 
Rhodotorula minuta. The RSM medium was supplemented with 30 g/L glucose and 0.5 g/L 
(NH4)2SO4. The cultures were grown for 120 h at 28 °C, 180 rpm in 250 ml Erlenmeyer flasks. The 
biomass yield was quantified from the freeze-dried biomass resulting from 10 ml of culture medium. 
High performance liquid chromatography was used to quantify the glucose uptake. The error bars 
indicate the standard deviation from the mean where n=3.  
 
Alkaline detoxification (overliming) of pretreated lignocellulose has been used 
previously as an effective method of removing inhibitors from the hydrolysate.268 
This process commonly utilises calcium hydroxide (Ca(OH)2), but other types of 
alkali can yield hydrolysates of similar fermentability.269 While the mechanism of 
this detoxification is still unclear, it is believed to be due to the precipitation of toxic 
substances.270 Indeed, a black precipitate was observed on the addition of 
concentrated sodium hydroxide (NaOH) to the acid-hydrolysed food waste 
hydrolysate in this study. However, Van Zyl et al. observed a complete lack of 
fermentation with Pichia stipitis when acid-hydrolysed bagasse was neutralised 
with NaOH instead of Ca(OH)2, suggesting that the sodium cations failed to remove 
the inhibitors in that case.270 In contrast, Alriksson et al. produced a hydrolysate 
with similar fermentability with S. cerevisiae when Norway spruce (Picea abies) was 
hydrolysed with dilute acid and detoxified with NaOH when compared to a 
synthetic sugar control.269 The process of overliming can however cause the soluble 
sugars in the hydrolysate to also precipitate and thus have a negative effect on the 
overall yield.268 
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5.3.6.1 Biomass and lipid yields for Rhodotorula sp. 
Both Rhodotorula sp. yielded similar biomass yields of 10.84 ±0.29 g/L for R. glutinis 
and 10.46 ±0.60 g/L for R. minuta when cultivated on the food waste hydrolysate. 
This was slightly higher than ~9 g/L that was obtained for the respective control 
cultures (Figure 5.15).  
 
Figure 5.15: Biomass and lipid productivity of Rhodotorula sp. grown on food waste hydrolysate 
(FWH). The RSM medium supplemented with 30 g/L glucose and 0.5 g/L (NH4)2SO4 was used as the 
control. The cultures were grown for 120 h at 28 °C, 180 rpm in 250 ml Erlenmeyer flasks. The 
resulting biomass was freeze dried before the lipid was extracted and transesterified from 0.1 g 
biomass with 2:1 CHCl3:MeOH and 0.1 g H2SO4. The error bars represent the standard deviation from 
the mean where n=3. 
 
The biomass coefficients (gram of biomass per gram of assimilated sugar) for R. 
glutinis and R. minuta were 0.30 g /g and 0.33 g/g, respectively. These were 
comparable to the control cultures which both yielded biomass coefficients of 0.31 
g/g. The lipid yields however varied considerably. For the control culture of R. 
glutinis, the dry weight contained 20% lipid which decreased to 8% (d.wt) when the 
food waste hydrolysate was used as the control. This yielded lipid coefficients (gram 
of lipid per gram of sugar assimilated) of 0.064 g/g and 0.024 g/g for the control 
culture and FWH, respectively. Similarly, the control culture of R. minuta contained 
27% (d.wt) lipid, whereas the culture grown on food waste hydrolysate only yielded 
4% (d.wt) lipid. This resulted in lipid coefficients of 0.084 g/g and 0.014 g/g for the 
control and FWH, respectively. This is most likely due to a low C/N ratio present in 
the food waste, which may suggest that a second, lipid-producing step with only a 
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and lipid coefficients for the control cultures in this study were also comparable to 
the data presented in Chapter 3. 
The lipid profiles obtained from all of the cultures were typical of what has been 
presented previously, consisting of palmitic- (16:0), steric- (18:0), oleic- (18:1) and 
linoleic acid (18:2). The relative proportions of these lipids did however vary 
between the yeast cultivated on food waste and solely on glucose (Table 5.7). The 
oil resulting from the food waste hydrolysate had a much lower proportion of 
saturated acids compared to the culture on glucose, being 24.7% saturated and 
14.6% saturated for R. glutinis and R. minuta, respectively for the FWH. For the 
control cultures this increased to 27.7% and 27.6%, for R. glutinis and R. minuta, 
respectively. This suggested that a component present in the FWH was decreasing 
the activity of the desaturase enzymes present in the yeast cells. 
Table 5.7: Percentage composition for the fatty acid profile for Rhodotorula sp. cultivated on food 
waste hydrolysate (FWH) or glucose as the sole carbon source.  
Fatty 
acid 
R. glutinis FWH R. glutinis control R. minuta FWH R. minuta control 
16:0  20.6 21.9 13.4 22.0 
18:0 4.1 5.8 1.2 5.6 
18:1 63.8 48.1 66.6 48.7 
18:2 11.4 24.2 18.8 23.6 
 
Most notably, the level of oleic acid (18:1) increased considerably when the yeast 
was grown on food waste hydrolysate. 63.8% and 66.6% (18:1) was produced from 
food waste compared to 48.1% and 48.7% (18:1) obtained when glucose was the 
sole carbon source for R. glutinis and R. minuta, respectively (Table 5.7). The oil 
produced from both Rhodotorula sp. therefore had a higher 18:1 content than that 
typically found in rapeseed oil (~60%),16 used for the production of biodiesel in the 
EU. As described in detail in Chapter 3, transesterification of the Rhodotorula oil 
would produce a fuel with enhanced physical properties, compatible with European 
(EN 14-214) and US (ASTM D6751-08) specifications for biodiesel.16 




This chapter presented the cultivation of Rhodotorula sp. on a range of sugars and 
inhibitors present in biomass hydrolysates, as well as the growth on two biomass 
feedstocks; a fast-growing perennial grass, Miscanthus and household food waste. 
The Miscanthus hydrolysate was deemed to be an unsuitable resource for SCO 
production from R. minuta, due to the poor growth and lipid yield obtained. In 
contrast, thermochemically-hydrolysed food waste offers great potential for 
valorisation from Rhodotorula sp., producing an oil that upon transesterification, 
would result in a biodiesel with enhanced physical properties, suitable as a drop-in 
fuel for the road-transport industry.  






















In this final chapter, the energy needed to produce yeast oils will be assessed, with 
a particular focus on the extraction and subsequent conversion into biodiesel. This 
work was published in the journal Energy (see below and Appendix C). The overall 
process of producing lipid from waste food will then be compared to producing 
methane from the same resource.  
C. J. Chuck, D. Lou-Hing, R. Dean, L. A. Sargeant, R. J. Scott, R. W. Jenkins. 2014. 
Simultaneous microwave extraction and synthesis of fatty acid methyl ester from 
the oleaginous yeast Rhodotorula glutinis. Energy. 69, 446-454. 
6.2 Introduction 
During the production of single cell oils, there are a variety of energy-intensive 
steps that can hinder the adoption for large scale production. These include the 
cultivation of the microorganisms, separation of the biomass from the culture 
medium, drying the harvested biomass, the extraction of the oil from the cell and 
the subsequent conversion to the final product.271 In order for the process to be 
economically viable, it is imperative that lower-energy techniques are developed 
for each step of the process. Here, the extraction of the oil from the cell matrix was 
explored. 
6.2.1 Extraction techniques 
Lipid extraction techniques for yeast and microalgae are very similar and thus 
comparisons between the two can be made, though harsher techniques or 
conditions are generally required for microalgae due to the composition of the 
cell.271 Microalgae have a much more substantial cell wall than yeast cells, making 
the latter easier to fragment to extract the intracellular lipid.   
6.2.1.1 Solvent extraction 
Organic solvents are commonly used to extract lipid from microbial biomass and 
can include hexane, methanol, ethanol, chloroform and diethyl ether.272  The rate 
of extraction is influenced by the particle size, the type of solvent, temperature and 
agitation.103  One of the most widely used methods was developed by Bligh and 
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Dyer, which uses chloroform and methanol in a 2:1 volumetric ratio with Soxhlet 
extraction glassware.156 This process uses solvent evaporation, followed by 
subsequent condensation and percolation cycles to extract the lipid into the organic 
phase. When comparing five different organic solvent mixtures, Lee et al. 
concluded that extraction with chloroform/methanol extracted the highest oil yield 
from the microalga, Botryococcus braunii.273 Chloroform is however highly toxic, 
causing concerns surrounding its use. Solvent extraction using n-hexane has been 
shown to be more selective towards the extraction of neutral lipids compared to 
chloroform/methanol.100 This, alongside its low cost and boiling point, makes it the 
most common solvent type used within industry, in spite of its hazardous 
nature.103,274 It also readily separates into two layers when water is added, thereby 
improving downstream separations. Achten suggested that solvent extraction for 
Jatropha curcas was only commercially viable at a large-scale production of more 
than 50 tonnes of biodiesel per day.103,275  
The efficiency of the extraction method can also be influenced by the polarity of the 
solvent used. Lewis et al. demonstrated that the sequence of solvent addition can 
influence the extraction yields.276 When extracting from freeze-dried biomass, 
adding the solvents in order of increasing polarity (chloroform, methanol and 
water) yielded the greatest results. They propose that this was due to the non-polar 
solvents weakening the interactions between the lipid and the cell wall to then 
enable the dissolution of the lipids into the organic layer.276 This is especially 
important when extracting oil from wet biomass as the water can form a shell 
around the cell, preventing the necessary contact between the chloroform and the 
lipid. 
6.2.1.2 Alternative techniques 
Cryogenic grinding, supercritical fluids, pressurised liquids, acid/base treatment, 
enzyme lysis or other mechanical disruption techniques have also been reported as 
methods to extract lipids from the cell.277 Sonication has also been widely used as a 
method for disrupting microbial cells which uses a cavitation effect to crack the cell 
wall/membrane. Bead beating has been used on a laboratory and industrial scale to 
cause direct damage to cells using fine beads and high-speed mechanical spinning. 
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More novel methods, such as the milking of microalgal cells have also been 
reported for the extraction of oil from live cells.278 However, Lee et al. found that 
microwave extraction was the most effective method for extraction when 
comparing autoclaving, bead-beating, microwave-irradiation and sonication from 
three species of microalgae (Botryococcus sp., C. vulgaris and Scenedesmus sp.).277   
6.2.1.3 Microwave extraction 
In contrast to conventional heating methods, in which heat transfer is by 
convection and conduction, microwaves cause direct generation of heat within the 
material, which can enhance the rate of reaction. Reactions using microwave-
assisted heating have been shown to proceed up to 24-times faster than the same 
method using conventional heating methods.279 First used for extraction in the 
1980s, microwave-assisted extraction is a fast and efficient extraction method used 
for solid-liquid extraction.280  
The microwave region of the electromagnetic spectrum encompasses frequencies 
between 0.3 to 300 GHz, but microwaves generally operate at 2.45 GHz to avoid 
interferences with radio communications.280 For this type of extraction, the solvent 
used must possess a dipole moment to be able to absorb the microwave irradiation.  
Hexane is a non-polar solvent (the dielectric constant, ε, is 1.88 (-)) and thus 
unsuitable for microwave extraction.271 In contrast, the method of Bligh and 
Dyer,156 using a mixture of chloroform and methanol (2:1, (v/v)) is much more polar 
with dielectric constants of 4.81 (-) and 32.70 (-), respectively making it a more 
suitable solvent system for use in the microwave extraction. When exposed to 
microwave irradiation, a molecule with a dipole moment will realign with the 
applied electric field, however this is not possible when the field is oscillating.  At 
2.45 GHz, the oscillations occurs at 4.9 x 109 times per second.280 This continued 
movement causes friction within the sample and thus generates a large amount of 
heat.  Heat is also generated if charged species are present, as the molecules collide 
when moving back and forth towards the electric field.  The combination of lipid 
and methanol within the sample means that both ionic and polar molecules are 
present and thus very efficient heating is obtained.27a Balasubramanian et al. 
showed that for cellular extraction, the immediate temperature rise and pressure 
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increase within the matrix triggered by microwave heating causes an 
electroporation effect within the structure of the cell wall (Figure 6.1). As such, 
solutes within the biomass (e.g. lipids) are able to pass freely into the organic 
phase,274 enabling a high recovery of the target molecules.281   
 
Figure 6.1: Scanning electron microscopy images illustrating the effect of conventional and 
microwave heat treatment on microalgal cells (Scenedesmus obliquus). a. Water bath, 95 °C, 5 min 
(5000x magnification); b. Microwave, 95 °C, 5 min (8000x magnification). The immediate increase in 





Whilst this technique still relies on the use of solvents, the volume is often 
markedly less than traditional solvent extraction, and the pressure produced within 
the microwave chamber can be varied depending on the volume and the boiling 
point of the solvent.272,280  
6.2.1.4 In-situ extraction and transesterification 
To convert the lipids into biodiesel, or to be able to analyse the lipid profile by gas 
chromatography, the lipids must be transesterified into their corresponding fatty 
acid methyl esters (FAME). This is essential for determining the quantity and 
physical properties of the lipid and/or biodiesel. Microbial oil transesterification can 
either take place directly, as the oil is being extracted from the cell, or indirectly, 
with the transesterification process occurring on purified microbial oil.282 Direct 
transesterification has been used since the 1980s, when a similar method was used 
to prepare the FAME profile for yeast identification before ribosomal DNA analysis 
gained in popularity, but indirect transesterification is more common in industry. 
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The transesterification reaction can either be acid or base catalysed. Base-catalysed 
transesterifications are faster than the acid-catalysed equivalent, but the likelihood 
of soap formation is high, especially if there are free fatty acids (FFA) present in the 
extraction mixture. This is due to the saponification of the fatty acid in the presence 
of water.283 Base catalysis is therefore more suitable for indirect transesterifications 
when there is very little water present in the oil. Acid catalysis avoids soap 
formation, but generally longer reaction times and higher temperatures are 
required in order to reach the same FAME yields.279,284 For example, a BrØnstead 
acid catalyst, such as H2SO4 is approximately 4000 times slower than sodium 
methoxide at 65 °C.285 For the direct transesterification of oil from microbial 
biomass, acid catalysis is more suitable due to the presence of water and FFA in the 
cell alongside the stored triacylglycerides. The FFA content within the cell can also 
increase post-fermentation when lipases present in the cell following fermentation 
can further hydrolyse the oil within the cell, increasing the FFA content.90  
6.2.2 Aims of the chapter 
The aim of this chapter is to energetically assess the feasibility of SCO production. 
Firstly, this will involve experimentally assessing microwave extraction for the 
removal of oil from the yeast cells. This will be achieved using an energy return on 
investment methodology, comparing reaction time, temperature and catalyst 
concentration on the resulting energy in the oil obtained. The latter half of the 
chapter aims to produce a theoretical energy balance of two waste-to-energy 
routes, comparing SCO production from food waste to that of anaerobic digestion 
of food waste to produce methane. 
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6.3 Results and discussion 
6.3.1 Soxhlet extraction 
Soxhlet extraction has been widely used as a laboratory method for the extraction 
of lipid for over a century.286 However, this method is time consuming, requiring 
separate extraction and transesterification steps, and large quantities (~500 ml) of 
solvent per sample. In this study, the yeast lipid was extracted using Soxhlet 
glassware over a range of reaction times in order to achieve a theoretical maximum 
oil yield in the yeast biomass being studies (Figure 6.2). Once extracted, the 
resulting oil was transesterified at reflux in the presence of excess methanol and 10 
wt.% H2SO4 as the catalyst. The resulting biodiesel was quantified by GC-MS. After 
30 min extraction time, only 0.43% of the lipid was extracted, which increased to 
22% after 1 h. To obtain complete lipid recovery (32%) 4 h of extraction was 
required. After this point, the lipid level as well as the lipid profile remained 
constant, which suggested that no degradation of the lipid was taking place over 
the longer reaction times. The lipid profile was consistent with that expected of R. 
glutinis, with mostly C16 and C18 fatty acids observed. Approximately 5% of the lipid 
was C12 and C14 lipids (Figure 6.2, b). 
 
Figure 6.2: Extraction of lipids from freeze-dried Rhodotorula glutinis biomass using Soxhlet 
extraction. a. Total lipid extracted as a function of time; b. Average lipid profile for all of the Soxhlet 
extractions. Extractions took place with 50 ml of 2:1 CHCl3:MeOH at reflux with 0.1 g of freeze-dried 
R. glutinis biomass in Soxhlet apparatus. The solvent was removed under vacuum and the lipid 
transesterified using 100 µl conc. H2SO4 in MeOH before being analysed by GC-MS and compared to 
known standards. 
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6.3.2 Microwave extraction 
Microwave technology has been increasingly used as an effective method for cell 
disruption in microalgae,280 as it offers the potential for fast, high-throughput 
extraction. Small changes in the temperature and extraction time using microwave 
technology have been shown to significantly influence the quantity of oil 
extracted.274 In this study, an Anton Paar 300 monowave was used to extract the 
lipid from R. glutinis biomass. In order to explore the effects of reactions times, 
temperature and catalyst loading on the overall lipid yield, three reaction times: 
0.5, 5, 10 and 20 min were selected at three reaction temperatures: 80, 100 and 
120 °C, with four catalyst loadings: 1, 10, 25 and 100 wt.% in relation to the 
biomass. Temperature, pressure and wattage were recorded throughout the 
reaction, with the latter two variables measured, but not controlled (Figure 6.3).  
 
Figure 6.3: Reaction conditions for the automated Anton Paar monowave 300, showing the 
pressure, temperature and power of the microwave extraction of Rhodotorula glutinis oil with 100 
wt.% H2SO4 at 80 °C over 5 min. The in-situ extraction and transesterification took place in a 10 ml 
microwave vials containing 0.1 g of the freeze-dried R. glutinis biomass and 6ml of 2:1 ChCl3:MeOH. 
The data was measured automatically every 0.5 s using the in-built monowave software. 
 
The set temperature of the sample was reached within 80 s of the reaction 
commencing, during which time the largest amount of energy was required. The 
temperature was held for the length of the reaction, during which the pressure 
remained consistently around 2 bar. Once the reaction time had elapsed, the 
reaction vessel was cooled to 50°C with compressed nitrogen.  
For all reactions, 6 ml of 2:1 CHCl3:MeOH was used with 0.1 g freeze-dried R. 
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conversion of the yeast oil was established by 1H NMR spectroscopy (Figure 6.4). 
For a triacylglyceride, the 1H NMR spectrum shows the resonance corresponding to 
the mulitplet of the five protons in the glyceride backbone between δ 4.0 – 4.2 ppm 
(Figure 6.4, a). Once fully transesterified, this multiplet disappears and the methoxy 
group of the fatty acid methyl ester (FAME) is observed at δ 3.6 ppm (Figure 6.4, b). 
By comparing the integral values of these two peaks, the conversion of lipid into 




H NMR spectrum (300 MHz) of: a. Rhodotorula glutinis oil; and b. Rhodotorula glutinis 
fatty acid methyl ester. The R. glutinis oil was transesterified with 100 wt.% H2SO4 catalyst, in 2:1 
CHCl3:MeOH at 80 °C for 16 h. The methanol and acid catalyst were removed by washing with water, 
before the remaining chloroform was removed under vacuum and the samples dissolved in CDCl3 for 
analysis. The resonance associated with the different proton environments have been colour coded. 
Chapter 6: Lipid extraction and energy assessment 
157 
 
6.3.2.1 Effect of catalyst loading on FAME yield 
The catalyst loading of 1 wt.% was completely ineffective at converting any 
extracted lipids into FAME, with a maximum of 7% of glyceride being converted into 
biodiesel (Figure 6.5, a & b). By increasing the catalyst loading to 10 wt.%, a 
maximum conversion of 56% was observed at the longest reaction times and 
highest temperature (Figure 6.5, c).  
These results were in accordance with Wahlen et al., observed a maximum FAME 
yield of approximately 15% at 80 °C for 16 min with 5 wt.% H2SO4 using microwave 
irradiation for the transesterification of purified soybean oil.162 Once the level of 
catalyst loading was increased to 25 wt.%, 95% conversion was yielded at 120 °C 
over 5 min (Figure 6.5, d). At lower temperatures (80 and 100 °C), approximately 
90% conversion was reached over the longest reaction times. Once the catalyst 
loading was increased to 100 wt.%, greater than 98% conversion was obtained at all 
temperatures where the reaction time was 5 minutes or longer (Figure 6.5, e). 
Therefore, in order to achieve sufficient conversion yields in a reaction time of 5 
min or less, higher levels of catalyst loading must be used. This is in accordance with 
Perin et al. who reported that for complete esterification of castor oil using 
microwave irradiation, 10 wt.% catalyst and 30 min was required.287 These 
reactions are however substantially faster than the equivalent extractions using 
conventional heating methods. For the direct transesterification of microbial oil 
from R. toruloides, L. starkeyi and M. isabellina, Liu and Zhao achieved yield of up to 
98% at 70 °C with an acid catalyst, when the reaction time was 20 h.288  
 




Figure 6.5: Conversion of extracted Rhodotorula glutinis lipid to fatty acid methyl ester (FAME) as 
a function of catalyst (H2SO4) loading for the microwave irradiated samples, using Anton Paar 
monowave 300 reactor. 0.1 g of the freeze-dried Rhodotorula glutinis biomass was extracted with 6 
ml of 2:1 choloroform:methanol in a 10 ml microwave vial with varying catalyst loadings (1, 10, 25 or 
100 wt.%), at three reaction temperatures (80, 100 or 120 °C) and three reaction times (0.5, 5 or 20 
min). The pressure and power consumption were measured throughout but not controlled. The 
FAME was quantified by GC-MS. 
 
6.3.2.2 Lipid yield from microwave extraction 
In order to quantify the total lipid yield, all the unreacted lipids from the microwave 
extractions were transesterified into FAME under reflux conditions, and quantified 
by GC-MS (Figure 6.6). The yield of lipid obtained via microwave extraction ranged 
from 24.6% to 34.4% lipid (dry wt.%). A total of 32% lipid was obtained using 
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Soxhlet extraction after 4 hours, suggesting that under the optimum conditions, 
microwave extraction could be slightly more effective at extracting the lipid from 
freeze-dried biomass. This effect has been observed previously with soybean oil, in 
which 116.3% more lipid was extracted in 1 h compared to 4 h Soxhlet extraction at 
60 °C.289 Irrespective of catalyst loading or temperature, the majority of the lipid 
(~30%) was extracted at 0.5 min reaction time. Increasing the level of catalyst 
loading had little effect on the total lipid extracted, suggesting that the acid catalyst 
does not increase the permeability of the yeast cell. 
 
Figure 6.6: The effect of the reaction time (0.5, 5 and 20 min), catalyst loading (1, 10, 25 and 100 
wt.%) and temperature (80, 100 and 120 °C) on the total lipid extracted from Rhodotorula glutinis 
biomass using the Anton Paar monowave 30 reactor. Following quantification of the fatty acid 
methyl ester (FAME) yield, any unreacted oil was transesterified with 0.1 g H2SO4 and 2:1 
CHCl3:MeOH under reflux conditions for ≥16 h. The remaining acid and methanol was removed by 
washing three times with deionised water, before the chloroform was removed under vacuum. The 
total FAME was quantified by GC-MS analysis. 
 
Once the reaction time was increased to 20 min., the quantity of lipid recovered 
decreased, especially at higher temperatures. This was particularly exacerbated at a 
catalyst loading of 25 wt.% and 100 wt.%, suggesting that the harsh conditions may 
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promote lipid degradation. Longer reaction times have been shown previously to 
reduce biodiesel yields during the transesterification of waste rapeseed oil using 
microwave heating.290-291 The main mechanism of lipid degradation is by 
oxidation,292 in which polyunsaturated lipids are more susceptible to oxidation than 
monounsaturated or saturated lipids.184 Oxidative degradation of lipids is also 
accelerated at high reaction temperatures.293 To assess this, the FAME profile from 
the total lipid extracted was analysed by GC-MS (Figure 6.7).  
 
Figure 6.7: Change in the major fatty acid methyl ester (FAME) components on varying reaction 
time (0.5, 5 and 20 min) and temperature (80, 100 and 120 °C) of the microwave reaction, using 
the Anton Paar monowave 300 reactor, for Rhodotorula glutinis biomass using 100 wt.% H2SO4. 
Any unreacted oil was transesterified with 0.1 g H2SO4 and 2:1 CHCl3:MeOH under reflux conditions 
for ≥16 h. The remaining acid and methanol was removed by washing three times with deionised 
water, before the chloroform was removed under vacuum. The FAMEs were quantified by GC-MS 
analysis by comparing to known standard FAMES in the C8 – C24 range. 
 
No change in the FAME profile was observed irrespective of the reaction conditions 
or the quantity of lipid extracted. Similarly, no products from the oxidative 
breakdown of fatty acids were observed in the GC-MS chromatograph. This 
demonstrates that the FAME was not degrading even at high catalyst loading and 
longer reaction times. The lower lipid yield may therefore be attributable to side 
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reactions occurring during the breakdown of other cellular components. For 
example, intracellular water may be released at harsher extraction conditions 
which could form free fatty acids (FFA). Indeed, some evidence also suggests that 
water can be produced from the glyceride oils at high power loadings, elevating the 
production of FFA.184 The total lipid yield did not however differ considerably from 
the lipid obtained via Soxhlet extraction, and thus this effect was minor. 
6.3.3 Energy return on investment 
Using microwave extraction, 30 seconds was a sufficient reaction time to extract 
the lipid from the cell, though longer reaction times or higher temperatures were 
required in order to fully transesterify the lipids to FAME. Using higher 
temperatures and longer reaction times use more energy, and it is important to 
understand the energy balance of the extraction to assess the feasibility of using 
microwave irradiation. As such, the energy return on investment (EROI) of the 
extraction and transesterification step was assessed. The energy used in the 
microwave extraction was calculated as a percentage of the energy present in the 
resulting lipid, using the LHV (lower heating value) of the lipid as 39.99 MJ/kg. 
Once the calculated value for the microwave energy demand is greater than 100% 
(indicated by the red dashed lines), more energy is used to extract the lipid than is 
present in the lipid itself (Figure 6.8). For the extraction at 120 °C and 30 min, the 
energy demand was 106%. The EROI increased (% decrease) as the reaction 
temperature and time was decreased. For example, at 80 °C over 0.5 min, there 
was six times more energy in the extracted lipid than the energy consumed in the 
extraction. As lipids are readily soluble in chloroform, it is unlikely that the energy 
input will change substantially as a result of increased cellular lipid. As such, the 
results of the EROI from the experimental calculations were extrapolated to assess 
the effect of varying lipid content on the EROI. Unsurprisingly, the EROI is higher at 
higher lipid yields. However, for the EROI to be greater than zero, the lipid content 
of the yeast must be greater than 25% (w/w) for an extraction time of 20 min or 
greater than 10 - 15% for shorter extraction times (Figure 6.8, b & c).  
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Some oleaginous yeast are capable of producing lipid contents of between 60-70% 
dry weight of the cell. However, Ratledge et al. demonstrated that in order to 
balance the increasing demand for nutrients and decreased production of biomass, 
the optimal level of lipid production from heterotrophic organisms is around 40% 
(w/w).35 This is because, aside from being used for the synthesis of the oil, the 
substrate is also used to make the cell biomass. As such, higher lipid yields are 
associated with making more oil, but less oil-free biomass. Even under optimum 
continuous cultures, the maximum lipid yield reported is 22.4 g oil per 100 g 
glucose.35 As such, it is biologically and energetically unreasonable to aim for an oil 
content of greater than 40% (w/w). 
 
Figure 6.8: Energy return on investment of the microwave extraction of yeast oil using: a. The lipid 
content found in the Rhodotorula glutinis biomass from experimental extraction; b. An extrapolation 
based on a theoretical variable lipid content at 120 °C; c. An extrapolation based on a variable 
theoretical lipid content over 5 min. Calulations were made using the lower heating value of 
microbial lipid of 39.99 MJ/kg. 
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Similar EROI calculations were also applied to the energy content of the biodiesel 
produced from the microwave reactions (Figure 6.9). Using the FAME profile 
acquired by GC-MS analysis, the lower heating value of the biodiesel used for the 
EROI calculations was 40.12 MJ/kg. Due to the low yields of biodiesel that were 
obtained using a catalyst loading of 10 wt.%, for most of the reactions the energy 
used in the extraction reactions was greater than the energy content of the 
resulting biodiesel (Figure 6.9, c). However, once the catalyst loading was increased 
to 25 wt.%, at a reaction time of 0.5 min, only 20% of the energy present in the fuel 
is required to run the microwave system. Increasing the catalyst loading to 100 
wt.% did not further improve the EROI. At the 20 minute reaction times, 
irrespective of the catalyst loading, at least 80% of the energy content of the 
biodiesel is required for the extraction process. While high biodiesel yields are 
essential for a high EROI, greater catalyst loadings and higher reaction 
temperatures are more efficient than longer reaction times. While this may require 
the use of more acid catalyst, the levels used within this study are consistent with a 
two-stage biodiesel production process for FFA esterification.294 
While there is currently little published work surrounding the energy costs of 
producing oil from yeast, many studies surrounding the life cycle and economic 
analysis of algal oils have been conducted. Sills et al. assessed 14 publications on 
the life cycle analysis of algal lipid fuels, and determined that using solvent 
extraction (hexane) followed by transesterification, would require 54% of the 
energy present in the resulting biodiesel.32 
While the calculations presented here suggest that this could be reduced to around 
20%, the results are only applicable to small-scale extractions, and thus caution 
should be taken when comparing the results to larger extractions present in the 
literature or industrial processes. The extraction of oils using a continuous 
microwave system has however been demonstrated for microalgae.274  
 




Figure 6.9: Energy return on investment of the microwave extraction for the biodiesel produced 
using: a. 100 wt.% catalyst; b. 25 wt.% catalyst; c. 10 wt.% catalyst. Calculations used a lower 
heating value for biodiesel of 40.12 MJ/kg. 
 
Assessing the economics of producing biodiesel from microbial oil using published 
data, Koutinas et al. estimated that the cost of biodiesel using direct 
transesterification would be 47% higher than indirect transesterification (US 
$3.36/L and US $4.93/L, respectively) due to the high cost involved with direct 
transesterification.282 The high yielding, short reaction times presented here may 
help to reduce this cost. Koutinas et al. do not however include the cost of the 
glucose feedstock to achieve a truly representative price analysis. While there are 
currently no full industrial processes producing biodiesel from yeast oil, DSIR 
Industrial Development, New Zealand extensively researched the production of a 
cocoa butter substitute from single cell oils in the 1990s. Reporting on a continual 
process improvement on the pilot scale, they acknowledged that the economics of 
SCO production are strongly hampered by the cost of the raw material feedstock.295 
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This is because lipid production is a relatively inefficient process, requiring five 
tonnes of hexose sugar to yield one tonne of lipid.3 They proposed that whey 
lactose offered the only commercially viable substrate that could compete with 
commodity cocoa butter. Indeed, the valorisation of waste material is a common 
theme among lipid producers. Neste oil launched Europe’s first pilot scale 
production of microbial oil in Finland in October 2012, producing microbial oil from 
agricultural and cellulosic residues using oleaginous yeast and fungi.296 During their 
economic analysis, Koutinas et al. calculated that the initial cost of a glucose-rich 
feedstock should be less than $0.14/kg. They proposed that food waste, especially 
carbohydrate-rich products, would be a suitable source for microbial oil 
production.282 Consequently, the energetics of food waste valorisation to single cell 
oils comprises the latter half of this chapter. 
6.3.4 Energy balance of lipid production from waste food 
As more focus is being directed towards the effective management and treatment 
of waste material, the valorisation of waste resources has gained particular 
attention. Significant targets were introduced in the 1999 Landfill Directive227 to 
reduce the amount of biodegradable waste going to landfill and the Waste 
Framework Directive297 introduced in 2008 stipulated for stricter waste recycling 
and energy recovery objectives. With the cost of landfill rising rapidly, the gap 
between landfill disposal and other technologies is reducing. As described in 
Chapter 5, food waste valorisation could play a pivotal role in the development of a 
bioeconomy.222 Food waste is a complex biomass containing various components 
such as starch, fats, protein and cellulosic materials and as such, offers many routes 
for valorisation.233 By diverting this organic food waste from landfill and into 
emerging technologies prevents the uncontrolled generation of methane gases 
within landfill sites. In 2011, 47% of UK local authorities (LAs) were providing a 
separate food waste collection service to UK households, and this number is 
increasing further.231 The treatment of the food waste varies between LAs, but 
most commonly it is either mixed with garden waste and composted for use as a 
soil conditioner, or it is transported to anaerobic digestion (AD) facilities.298 AD is 
still however in commercial infancy, with only three dedicated AD food waste plants 
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currently operating in the UK.233 During anaerobic digestion, the organic waste is 
biologically degraded by microorganisms in the absence of oxygen and converted 
into a biogas. The biogas consists of approximately 70% methane,299 which can be 
used as an energy source.  
One of the most widely used environmental assessment tools for comparing 
alternative technologies is life cycle analysis (LCA). LCA quantifies the transfer of 
energy, materials and waste streams over the complete supply chain. This differs 
from a life cycle impact assessesment (LCIA) in which the environmental impact of 
the resource use on ecological and human health are also taken into account. 
Waste-to-energy processes are often described as a multi-functional process, as 
they fulfil more than one purpose. In this case, the waste is diverted from landfill 
and energy is generated in a single process. Using a life cycle analysis approach, 
Evangelisti et al. compared three possible technologies for the organic fraction of 
municipal waste (landfill, incineration or anaerobic digestion), and they concluded 
that AD was the best treatment option of organic waste.300 This was mostly due to 
the high moisture content (74 - 90%) of food waste which hinders the direct 
combustion or gasification of the biomass, and thus biological transformation is a 
more desirable route for efficient energy extraction. While the majority of the 
research surrounding the biological transformation of food waste has focused on 
the utilisation of anaerobic digestion,299,301 there are also a few reports that use 
food waste as a substrate for bioethanol production.224,232,302 Less commonly, the 
production of single cell oils has also been investigated.84,303 However, the energy 
recovered from these processes has not been compared.  
The objective of this study was thus to assess the energy balance of oil produced 
from the oleaginous yeast Rhodotorula glutinis grown using food waste in the UK, 
compared with methanisation of the same food waste via anaerobic digestion. This 
work was completed in collaboration with Airbus Innovation Group, Suresenes.  
6.3.4.1 Functional unit and boundaries 
Different functional units can be used depending on the scope of the study.300 The 
functional unit is used to describe and quantify the properties of the product, and 
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provides a reference to which all the inputs and outputs of the system can be 
calculated.223 The function of this study was the production of bioenergy, either as 
oil or as a biogas. The functional unit for this study was therefore the total amount 
of energy resulting in the raw biogas or lipid from the food waste in MJ/kg wet food 
waste. The waste considered in this study was 5000 kg of segregated food waste. 
Figures 6.10 and 6.11 illustrate the systems for the two alternative waste-to-energy 
routes considered for SCO production and AD (methanisation), respectively. A gate-
to-gate system boundary was used for this study; the transportation of the food 
waste to the fermentation facilities, scrubbing of the biogas or chemical upgrading 
of microbial lipid was not taken into consideration for these calculations. 
Furthermore, waste streams such as the biomass residue following hydrolysis, the 
oil-free yeast biomass or the resulting anaerobic digestate (liquid) was not taken 
into account during the energy transfer calculations. These themselves do however 
have the potential for valorisation.  
 
Figure 6.10: Overview of single cell oil production from food waste with oleaginous yeast. The 
arrows represent material and energy transfer within the system. The red dashed line indicates the 
system boundary. The blue boxes represent the upgrading of food waste within the system, with the 
green boxes representing additional material and energy requirements. 
 




Figure 6.11: Overview of the anaerobic digestion system analysed. The arrows represent material 
and energy transfer within the system. The red dashed line indicates the system boundary. The blue 
boxes represent the upgrading of food waste within the system, with the green boxes representing 
additional material and energy requirements. 
 
6.3.5 Single cell oil (SCO) production process 
The production of SCO from food waste is a multi-step process in which the sugars 
are extracted from the waste biomass, the oleaginous microorganisms are 
cultivated and the oil extracted. The resulting oil can then be used raw or upgraded 
though transesterification and/or hydrotreatment to yield a suitable fuel product. 
6.3.5.1 Hydrolysis of food waste 
Depending on the feedstock source, the actual composition of the food waste can 
differ significantly (Table 6.1). Variation in the food waste composition strongly 
affects the yield of oil obtained. For this study, data from Pleissner et al. was used 
(food waste A) due to it having the largest carbohydrate fraction.239 




Pleissner et al. (2014) 
Pleissner et al. 
(2013) 


























) 612.3 361.5 316.7 NR NR NR NR 
Proteins (mg g
-1
) 57.9 99.3 98.2 103.7 42.5 213.4 105.1 
Lipid (mg g
-1
) 73.8 373.3 265.8 150.3 190.2 124.2 119.1 
Cellulose (mg g
-1
) NR NR NR NR NR 19.8 183.0 
†
Soluble carbohydrate. NR = not reported; HFW = Household food waste. 
For the conversion of food waste to SCO by oleaginous microorganisms, efficient 
saccharification of the carbohydrate fraction is required as yeast cannot ferment 
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starch and cellulose directly. Various types of pre-treatment of the food waste have 
been reported in the literature, including enzymatic-,224,232 whole cell fungal-239,303 
and thermochemical hydrolysis.238 In order to reduce the particle size of the food 
waste, shredding is also commonly used as a pretreatment method prior to 
hydrolysis. Within this study, thermochemical acid hydrolysis was used, with 1% 
(w/w) sulphuric acid. As demonstrated in Chapter 4 (Section 4.3.6), thermochemical 
hydrolysis with sulphuric acid resulted in a higher quantity of soluble sugars 
compared to enzymatic hydrolysis of food waste (Section 4.3.5), and thus was used 
for this study. This step also acts as a sterilisation step to prevent microbial 
contamination within the yeast culture.83 The heat energy required to hydrolyse the 
food waste was calculated according to Equation 6.1: 
𝑄 =  𝐶𝑝 . 𝑚 . 𝛥𝑇    (Eqn 6.1) 
Where Q is the amount of heat (kJ), Cp is the specific heat capacity (kJ/ kg.K), m is 
the mass of the wet food waste (5000 kg) and dT is the temperature difference. The 
calculation was based on the specific heat capacity of water (4.19 kJ/(kg.K))304 and a 
temperature difference of 80 °C. The input water temperature was assumed to be 
20 °C, with a reaction temperature of 100 °C. 
Pleissner et al. reported that 73.8% of dry food waste is carbohydrate, of which 
61.2% is starch.239 If all the glucose contained within the starch structure were 
hydrolysed, this would yield 680.14 mg glucose/g dry food waste (Equation 6.2).  
[𝐶6𝐻10𝑂5]𝑛 + 𝑛𝐻2𝑂 ↔ 𝑛𝐶6𝐻12𝑂6             (Eqn. 6.2) 
612.13 mg + 68.01 mg ↔ 680.14 mg 
However, yields of approximately 80% are more common.84 As such, calculations 
have been made using a glucose yield of 544.11 mg/g glucose. 
  




6.3.5.2 Yeast cultivation 
The yeast was assumed to be cultured in a semi-continuous manner in a continuous 
stirred tank reactor (CSTR), producing yeast with an oil content of 50% (w/w) of the 
total dry weight. The energy requirement of the fermenter for the yeast growth 
(stirring, airing and temperature regulation) was taken to be 3.99 MJ/kg of yeast.305 
Nonus et al. estimated that 1 – 3 kW/m3 power is required for an industrial 
bioreactor, and thus this value was based on a 2 kW.m3 industrial reactor, 
producing 130 kg/m3 of biomass in 73 h in a fed-batch system.306 The maximum 
theoretical lipid yield on glucose is 0.34 g lipid /g glucose.96  Due to other cellular 
processes requiring glucose, even under ideal conditions for lipid production, the 
lipid yield on glucose is rarely more than 0.22 g/g.22,35 Therefore, it would require 5 
kg of glucose to produce 1 kg of lipid in a yeast culture process. From 544.1 kg of 
glucose (5000 kg hydrolysed wet food waste, 20% d.wt) it would therefore be 
possible to yield 108.8 kg lipid (Table 6.3). Ratledge et al. suggested that 40% lipid 
(w/w) was the optimum in order to maximise the overall biomass yield.35 As such, 
this would result in 272.0 kg yeast biomass (108.8 kg oil plus 163.2 kg oil-free 
biomass). Centrifugation was used to increase the total solids to 20% (w/w). This 
data was based on that calculated by Bricout,305 using a mean of the data from Bakx 
et al.307 and Diagouraga.308 
 
Table 6.2 Energy required for the pretreatment and hydrolysis of food waste. 
 Input (kg) Input (MJ) Output (kg) Output (MJ) 
Wet food waste
a
 5000 19000 - - 
Maceration
b
 - 565.72 - - 
Heat
c
 - 1676 - - 
H2SO4 50 -   
Glucose
d
 - - 544.11 8488.1 
Residual biomass
e
 (dry)   455.89 8661.9 
Energy loss - - - 4091.7 
a
Wet food waste = 20% dry food. LHV dry food waste = 19 MJ/kg; LHV glucose = 15.6 MJ/kg. 
b
Macerator: 4-shaft shredder. 11kW, throughput 350 kg/h. 
c
Heat capacity of water is 4.19 MJ/kg.°C; ∆T is 80°C. 
d
Glucose yields are based on 80% hydrolysis of the glucose in the starch fraction  (680.14) of the food 
waste. 
e
1000 kg (dry food) – 544.11 (glucose) 
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Table 6.3: Energy required for the cultivation and harvesting of the yeast. 
 Input (kg) Input (MJ) Output (kg) Output (MJ) 
Glucose 544.11 8488.12 - - 
Electricity
a
 - 1085.50 - - 
Centrifugation
b





- - 1360.3 8988.7 
Energy loss - - - 641.0 
LHV glucose = 15.6 MJ/kg; LHV microbial biomass (dry) is 33.04 MJ/kg. 
a




Yeast biomass is based on a maximum of 
40% (w/w), with 100 g glucose yielding 20 g oil and 30 g  oil-free biomass, with 20% total solids, 
80% water. 
 
6.3.5.3 Oil extraction 
The oil was assumed to be extracted from wet biomass with hexane. Energy data 
for the extraction was adapted from Lardon et al,309 in which the authors calculated 
that extracting oil from the wet microalgal biomass (Chlorella vulgaris) was the 
more favourable option.309 This process uses direct extraction of the oil from wet 
biomass in a 1:1 volume ratio of solvent:biomass, assuming an extraction efficiency 
of 70%. They calculated that for oil extraction of wet biomass, 2.66 MJ/kg was 
required in heat, 1 MJ/kg yeast in electricity and 6.56 g heat loss /kg yeast.309 Once 
the solvent has been recycled, two products are yielded: a crude oil and an oil-rich 
cake. 
Table 6.4: Energy required for the extraction of the oil from the yeast biomass. 
 Input (kg) Input (MJ) Output (kg) Output (MJ) 
Yeast slurry 1360.3 8988.7 - - 
Electricity
a
 - 272.05 - - 
Heat
b
 - 723.67 - - 
Hexane
c
 1360.3 - 8.71 - 
Lipid
d
 - - 76.18 2894.67 
Oil cake - - 195.87 2049.8 
Energy loss - - - 5039.95 
a
1MJ/kg dry yeast electricity; 
b
2.66 MJ/kg dry yeast heat; 
c
6.4 g/kg yeast hexane loss 
d
Assumes an extraction efficiency of 70%; 
e
Oil cake consists of the residual biomass and 30% of the 
intracellular oil. Residual biomass LHV = 4.96 MJ/kg. LHV microbial biomass is 33.04 MJ/kg;
20
 LHV of 
microbial oil is 38 MJ/kg. 
 
 
6.3.5.4 Overall energy balance for SCO production 
The energy transfer through the SCO process is shown in Figure 6.12. Overall, the 
primary energy input was 0.88 MJ/kg wet food waste. This was comprised of 0.45 
MJ/kg, 0.23 MJ/kg and 0.20 MJ/kg for the hydrolysis, oil production and oil 
extraction, respectively. This indicated that the majority of the energy is involved 
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during the pretreatment and hydrolysis step, and was mainly due to the energy 
involved with heating the food waste slurry. Industrial implementation of single cell 
oil production is largely dependent on the feedstock used,282 and therefore the 
costs associated with the hydrolysis step would need to be reduced significantly. 
Assessing only the energy contained within the oil, the energy output was 0.58 
MJ/kg food waste, and thus there was a net energy loss of 0.30 MJ/kg. However, 
only 15.2% of the energy contained within the food waste resulted in the oil. As 
discussed later, there are many other waste streams within the SCO process that 
may be suitable for valorisation.  
 
Figure 6.12: Overall energy transfer through the single cell oil process. The numbers in parentheses 
indicate the energy transferred to the next stage of the flow chart (blue boxes), or energy/material 
added or lost from the system (green boxes). The functional unit was the energy resulting the raw 
yeast oil from the food waste in MJ/kg of wet food waste. Calculations were based on the upgrading 
of 5000 kg of segregated food waste. 
 
6.3.6 Anaerobic digestion 
Anaerobic digestion (AD) of food waste is becoming an increasingly popular method 
as an economic and environmentally effective waste treatment method.228 
Compared to SCO production it is a relatively simple, though biochemically complex 
process based on a single-stage or two-stage anaerobic digestion process. For all 
systems, AD occurs in four separate phases: hydrolysis, acidogenesis, acetogenesis 
and methanogenesis.301 In single-stage systems, this occurs simultaneously in a 
single reactor, whereas in the two-stage process, hydrogen and methane are 
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generated in separate reactors.83 The system used in this study was based on a 
single-stage process, which is widely employed for the treatment of municipal solid 
waste (Figure 6.11). 
Depending on the operating conditions of the AD plant (e.g. temperature, retention 
time and digester type) the energy requirements can vary significantly. Most 
significantly, dry raw materials such as wheat straw require more pre-treatment 
than wetter materials. For food waste, mesophilic (~35 °C) AD is the most stable. 
Thermophilic digestion (~55 °C) enables faster extraction of biogas, but it can be 
sensitive to input composition when using food waste.310 For this assessment, data 
from Evangelisti et al. was used;300 assuming a continuous, single-stage, mixed tank 
mesophilic reactor operating at 35 °C (primary data from Berglund and 
Börjesson).311 This process assumes continuous heating to 35 °C, as well as a 
sterilisation pre-treatment step of 70°C for one hour prior to digestion.300 Similarly 
to the energy balance for SCO production, the energy input for AD was calculated 
based on 5000 kg of food waste (wet). Water was also added to reduce total solids 
in the mixture to 10% (w/v) dry matter content. This data was based on a large-
scale biogas plant, as smaller plants require a higher energy input due to poor 
insulation and limited use of heat exchangers.311 
For AD, the proportion of volatile solids is particularly important because it 
represents the organic matter available for the complete conversion into a biogas 
(the remaining solid being the ash content of the food waste). The total solids (TS) 
within food waste can range from 14.3 – 24.8% (w/w), with the volatile solids (VS) 
ranging from 85 – 98.2% (VS/TS).83 As such, food waste with a volatile solid (VS) 
composition of 90% (VS/TS) and total solids (TS) of 20% was selected. The lower 
heating value (LHV) of dry food waste can also range from 18.4312 – 20.15228 MJ/kg, 
and thus the LHV used for this study was 19 MJ/kg. 
For 5000 kg of food waste, with a total solid (TS) composition of 20% and a volatile 
solid composition of 90% (VS/TS), resulted in 900 kg of VS. Using a stoichiometric 
equation of the substrate (C16.4H29O9.8N), Browne & Murphy calculated the 
theoretical biomethane potential of food waste to be approximately 550 L.CH4/kg 
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VS, with a methane content of approximately 57%.228 Zhang et al. achieved a yield 
of 435 L.CH4/kg VS with an average VS destruction of 81%.
299 This was assuming a 
total biogas yield of 465.4 m3/tonne of dry material, with a CH4 and CO2 content of 
73% and 27%, respectively.299 Given that this latter data is experimentally derived, 
this lower yield of methane was used for the energy balance. As such, 391,500 L of 
methane was calculated to be generated from 5000 kg of wet food waste (Table 
6.5). At a density of 0.71 g/L228 and a LHV of 50 MJ/kg, 13,898.5 MJ of energy would 
be contained within the methane gas.  
Table 6.5: Energy and material transfer for the production of methane from food waste by 
anaerobic digestion. 
 Input (kg) Input (MJ) Output (kg) Output (MJ) 
Food waste (wet)
a
 5000 19000 - - 
Electricity
b
 - 1150 - - 
Heat added
b
 - 1600 - - 




5000 165 - - 
Methane yield
d
 - - 258.4 13898.5 
Carbon dioxide yield - - 286.7 - 
Remaining biomass (d.wt)
e
 - - 454.9 - 
a
LHV of dry food waste was 19 MJ/kg. 
b
Data refers to a single-stage, continuous stirred tank rector operating at 35°C with a 10% dry matter 
content, using sorted municipal organic waste. 
c




Methane yield is assumed to be 435 L.CH4/kg VS. 
e
Unconverted biomass and biomass of anaerobic microorganisms. 
 
These calculations indicated that the primary energy input corresponds to 20.8% of 
the energy content of the biogas produced, with an overall energy yield of 2.77 MJ/ 
kg wet food waste. This is analogous to Berglund & Böejesson, who suggested a 
primary energy input of 20-40% of the resulting biogas.311 This can be as high as 
50% depending on the feedstock. The lowest energy inputs are derived from food 
industry waste without gas upgrading, which is comparable to the results presented 
in this study.311 If the biogas were to be used as a transportation fuel or heating 
fuel, upgrading would need to occur to remove unwanted gases such as CO2, 
followed by pressurisation. This process is estimated to be approximately 5% of the 
energy content of the resulting biogas.311 Once transportation of the food waste to 
the digestion facilities and upgrading/inefficiencies surrounding CHP are taken into 
account, this figure would increase. Methane losses during the digestion process, 
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storage of the digestate and upgrading are also possible. These have previously 
been determined as 2-3% of the total methane produced.311 Methane has a global 
warming potential of 23 times that of CO2 over a 100 year period, and as such these 
losses are not insignificant.228 
In addition to the biogas, a nutrient-rich digestate is also produced during the AD 
process which can be used as a fertiliser or soil conditioner.83 This is because the 
concentration of macro- and micro-nutrients present in food waste do not change 
significantly during AD and would therefore provide the essential elements for plant 
growth if used as an organic fertiliser.299  However, the Animal by-products 
regulation existing in EU countries only allows source-segregated digestate (food 
waste not mixed with other food waste or other waste material) to be spread on 
agricultural land, which should be taken into account when attributing a use to this 
nutrient-rich stream.228 
6.3.7 Comparison of SCO and AD processes 
The primary energy input for the SCO process was calculated to be 0.88 MJ/kg wet 
food waste, with an energy yield in the oil to be 0.58 MJ/kg. For the process 
analysed, this indicated an energy loss of 0.30 MJ/kg food waste. In contrast, the 
primary energy input for the AD process was calculated to be 0.58 MJ/kg wet food 
waste, with an energy yield of 2.77 MJ/kg, thus an energy surplus of +2.19 MJ/kg 
food waste. However, when using a life cycle approach to compare processes, there 
are always associated uncertainties, especially when the data is not gathered at the 
site being assessed. Therefore caution should be used when drawing on the 
conclusions found. This being said, the main area of energy input for the SCO 
process was during the hydrolysis of the food waste. To decrease this energy input, 
enzymatic hydrolysis operating at lower temperatures may be preferable. However 
the high cost associated with large-scale enzyme loading may be detrimental to the 
economic viability. Furthermore, high glucose concentrations can result in catabolic 
repression of the enzymes.83 Simultaneous saccharification and fermentation (SSF) 
has therefore been reported as an alternative in which the enzyme hydrolysis and 
subsequent fermentation occur simultaneously, thus mitigating the risks of 
allosteric repression and reducing processing costs.83 Kim et al. explored SSF for the 
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production of bioethanol from food waste, and found that ethanol yields reduced 
by 28% compared to separated hydrolysis and fermentation.302 However, 
energetically and economically this may be a preferred method for SCO production. 
The biogas derived from AD can be used for heating, electricity generation, as a 
vehicle fuel or distributed onto the natural gas grid.311 In contrast, the oil obtained 
from the SCO process can be used to produce road transport fuel, aviation fuel, or 
as a platform commodity for upgrading into materials such as plastics.222 The retail 
price of first generation biodiesel is approximately US $1.13 /kg (assuming a density 
of 0.88 kg/L), however oil prices can reach as high as US $45-50 /kg for plant-
derived lipids that are high in linolenic acid (18:3).282 In comparison, the retail price 
of methane, has an retail price of US $0.60 /kg (assuming a density of 0.66 kg/m3), 
the price of which will be prone to fluctuation if more AD facilities and hydraulic 
fracturing sites are commissioned.313 
During the SCO process, only 15% of the energy content of the food waste resulted 
in the final oil. This was mostly due to only some of the carbohydrate in the food 
waste being converted into oil, with the protein, oil and unconverted lignocellulose 
fraction of food waste unconsumed by the reaction. Silva et al. found that more 
biogas was produced when used cooking oil and cooked meats were added to the 
reactor,314 and thus the unconverted products of the SCO process may make an 
ideal substrate for the AD process. Indeed, it would also be a valorisation route for 
the spent yeast biomass following oil extraction. An integrated SCO and AD process 
is therefore proposed in Figure 6.60, in which the carbohydrates within the food 
waste are transformed into oil with the remaining biomass converted into a 
methane-rich biogas. Depending on the lipid profile of the oil produced, thus could 
be transesterified or hydrogenated to yield a road transport and aviation fuel, 
respectively, or be a suitable replacement for palm oil as discussed in detail in 
Chapter 3 (Section 3.1.3). 
Due to the large number of different species of bacteria associated with AD 
processes, it can make processes difficult to compare and have a complete 
understanding of how the different species interact with one another, especially 
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with variable feedstocks. This is especially true for the proposed integrated process 
in which a fraction of the food waste is being removed prior to anaerobic digestion. 
For complicated waste streams such as food waste these problems are exacerbated 
due to the many biochemical pathways occurring simultaneously during the 
breakdown of different substrates.310 Therefore greater exploration into the 
potential of a coupled SCO and AD process from food waste is required. 
 
Figure 6.13: A proposed integrated system for single cell oil and biogas production from food 
waste. The arrows represent material and energy transfer within the system. The blue boxes 
represent the transfer of food waste within the system, with the green boxes representing 
additional material and energy requirements. 
 
6.4 Conclusion 
The work presented here demonstrated that microwave irradiation is a suitable 
method for the simultaneous extraction and transesterification of lipids from R. 
glutinis. The same yield of oil was obtained in 30 s at 120 °C comparable to 4 h of 
Soxhlet extraction. However, in order to fully transesterify the resulting oil, 25 wt.% 
catalyst loading was required at longer reaction times. When assessing the energy 
return on investment (EROI), long reaction times were found to be most 
detrimental to the EROI. Low levels of catalyst loading, also negatively affected the 
EROI. As such, providing the system is optimised to the feedstock used, microwave 
irradiation was shown to offer a powerful technique for laboratory use as well as to 
reduce future industrialised biofuel processes. 
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The latter half of this chapter assessed two potential value-added routes are 
though the production of single cell oils (SCOs) from oleaginous microorganisms, or 
by methanisation via anaerobic digestion by comparing these two routes 
energetically. As SCOs only make use of the carbohydrate fraction of food waste, 
and the process involves an energy-demanding pretreatment step, there was a net 
energy loss across the system. In contrast, anaerobic digestion produced an energy 
surplus, but methane offers limited end uses. Therefore, an integrated system was 
proposed which offers the potential for a high-value oil product, with the energy 
most likely derived from combined heat and power though the combustion of 
methane produced by anaerobic digestion. 
  














“Don’t cry because it’s over, smile because it happened.”  
 
Dr. Seuss 




The approaches and results presented in this thesis represent a multidisciplinary 
perspective on some of the challenges associated with producing a commercially-
viable yeast oil for use if fuel and commodity applications. The key conclusions from 
this research are presented below, alongside the initial aims of the project (in bold) 
and how the aims were achieved: 
1. Develop understanding of the effect of environmental growth conditions on the 
lipid productivity from the yeast, Rhodotorula glutinis and Rhodotorula minuta. 
The use of experimental design, incorporating a response surface methodology 
examined the effects of varying C/N ratio and temperature on the lipid yield and 
lipid profile of the resulting oil. The resulting oil was compared to fuel and palm oil 
specifications. 
 The oil from Rhodotorula glutinis was shown to be highly variable depending 
on the C/N ratio and growth temperature, but the response surface 
methodology was highly successful in indicating growth conditions suitable 
for bespoke lipids with tailored properties. Following transesterification, the 
conditions yielded an oil high in oleic acid resulting in a biodiesel 
comparable to rapeseed methyl ester, whereas the highly saturated oil had 
similar properties to palm oil. 
 The oil obtained from Rhodotorula minuta was similar regardless of the C/N 
ratio, but greater biomass and lipid were produced at lower cultivation 
temperatures. The lipid profile suggested that upon transesterification, the 
resulting biodiesel would make an ideal replacement for petrodiesel. 
2. Understand the potential of ultra-sonication to enhance the conversion of 
glucose to oil using Rhodotoula sp. The development of an experimental rig in 
which a sonication flow-cell was connected to a bioreactor, enabled preliminary 
investigations into the effect of ultrasonication on Rhodotorula sp. at different 
stages of the growth cycle. 
 The use of ultra-sonication during the fermentation process marginally 
improved glucose-to-oil conversion when used in the stationary phase of 
Chapter 7: Conclusions, general discussion & future direction 
181 
 
cell growth. No positive effect was shown when ultra-sonication was used 
during the stationary phase of growth. Further investigation is required to 
assess if the use of ultra-sonication for SCO production would be viable for 
commercial processed. 
3. Assess the potential for Rhodotorula sp. to produce oil from low-cost waste 
substrates. Rhodotorula sp. was grown on model growth media, representing 
different challenges in the use of depolymerised lignocellulose was constructed 
(mixed sugar substrates and the presence of microbial inhibitors). Food waste and 
Miscanthus giganteus were also depolymerised and Rhodotorula sp. grown on the 
resulting hydrolysate. 
 R. glutinis and R. minuta were shown to be able to assimilate a wide variety 
of sugar substrates and showed tolerance to common non-acidic microbial 
inhibitors present in depolymerised feedstocks. Whereas R. glutinis could 
tolerate low concentrations of acids, R. minuta showed little growth in the 
presence of acids. 
 Depolymerised Miscanthus giganteus was not deemed a suitable feedstock 
for the production of oil from R. minuta due to low biomass and lipid yields, 
whereas thermochemically-treated food waste offered greater potential as 
a substrate for SCO production. 
4. Examine the energetics surrounding the extraction of yeast oil using microwave 
extraction. The use of energy return on investment calculations enabled the 
experimental data from the simultaneous extraction and transesterification of yeast 
oil using microwave extraction to be assessed for viability. The experimental 
conditions tested included varying the reaction time, temperature and catalyst 
loading. 
 Simultaneous extraction and transesterification of yeast oil using microwave 
extraction was shown to be highly effective under a variety of conditions. 
Only short reaction times (0.5 min) and sufficient catalyst loading (25 wt.%) 
yielded viable conditions on the basis of energy return on investment 
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calculations, providing the oil content of the cell was greater than 20% 
(w/w). 
5. Compare the energy balances for the valorisation of food waste to microbial 
oil, to the methanisation of food waste using anaerobic digestion. Energy balances 
using an LCA approach were constructed for both routes using data from the 
literature.  
 Theoretical energy balances undertaken on the valorisation of food waste 
indicated that there was a net loss of energy across the system in the waste-
to-oil route, whereas the waste-to-biogas route yielded a net surplus of 
energy. Due to the current need for liquid fuel in transportation networks, a 
combined process to produce oil and biogas was proposed. 
7.2 General discussion 
Throughout this thesis, the potential of Rhodotorula sp., for the production of 
sustainable lipids has been demonstrated. It has become clear that both R. glutinis 
and R. minuta offer great potential as a more sustainable replacement for 
petrodiesel than the current production method utilising rapeseed oil, which is 
directly food-competitive. It has also been demonstrated that under suitable 
growth conditions, oil from R. glutinis would also be a suitable replacement for 
palm oil (Chapter 3). However, in order for such processes to be economically 
viable with current technology, researchers need to be savvy, assessing the process 
as a whole. This notion formed the reasoning for Chapter 4, in which the novel 
process of sonication was tested for its feasibility to increase glucose conversion 
efficiencies for SCO production. Although an increase of 24% was observed in the 
lipid coefficient between the sonicated and non-sonicated fermentation, the 
culture did not yield more lipid overall due to a lower lipid content of the cells. 
However, using the analogy of a dose response curve, the conditions tested were 
only one of several possibilities, and as such further research into this field may 
prove fruitful. 
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While R. glutinis is known to yield up to 72% lipid with maximum a biomass yield of 
185 g/L,74 the conditions employed to achieve such claims are likely to be at odds 
with process engineering and basic economics. This is especially true when 
developing a production process that is directly competitive with commodity plant 
oils, whose prices are associated with significant fluctuations, thereby making 
process development more difficult. Indeed, this was the case for the cocoa butter 
substitute, produced from C. curvata, in which the price of cocoa butter decreased 
by 40% during the product development process.35  
While there was a significant drop in vegetable oil prices during 2009-10, the 
general market trend is upwards (Figure 7.1). If this projection is reliable, then by 
2020 the average price of vegetable oil could be more than US $2 /kg oil. Koutinas 
et al. estimated that the cost of microbial oil to be US $3.4 /kg in 2014, suggesting 
that a 50% reduction in the cost of manufacture is required over the next decade 
for microbial oils to become cost-competitive with vegetable oils.282 The authors 
propose that lower costs of feedstocks, adaptation of robust yeast strains, 
innovative fermentation design and valorisation of by-products are imperative to 
reduce production costs.282 
 
Figure 7.1: Price of common vegetable oils in the U.S. for the period 2003 – 2013, with 2014 values 
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In-line with this, two low-cost feedstocks were tested for their potential substrates 
for the cultivation of Rhodotorula sp. (Chapter 5). Although the growth of R. minuta 
on Miscanthus hydrolysate was relatively unsuccessful, producing both low biomass 
and lipid yields, growth of Rhodotorula sp. on depolymerised food waste offered 
greater promise. Using a thermochemical hydrolysis method, the food waste 
hydrolysate contained a total sugar concentration of 66 g/L, and yielded biomass 
concentrations of approximately 10 g/L, with an oleic acid content of 65% (w/w). 
The development of food waste as a substrate for SCO production will therefore 
form the basis of the future work section. 
Chapter 6 concentrated on the energetics of the production process that formed 
the basis of this thesis. The first half of the chapter involved the exploration of a 
one-step system for the extraction and transesterification of yeast oils. Although 
microwave extraction proved a powerful technique for fast extraction oils, 
achieving similar yield in 30 sec compared to 4 h of traditional Soxhlet extraction, it 
is difficult to see how, from a process development perspective this could be used 
at scale. To the author’s knowledge, only a single article has been published 
describing continuous microwave extraction. This was performed on the microalga, 
Scenedesmus obliquus, of which 77% of the recoverable oil was extracted in 30 min. 
Energy requirements and process scale-up of this method is yet to be established. 
Therefore, the results obtained with this thesis, for the time being at least, are only 
applicable to similar lab-scale studies. 
The latter half of Chapter 6 involved the assessment of SCO production from a life 
cycle analysis perspective in comparison with anaerobic digestion. Due to the large 
amounts of energy involved during the thermochemical pretreatment of the food 
waste, SCO production was deemed unfeasible from an energetic perspective. 
However, the broad range of applications surrounding the use of lipids as a 
chemical feedstock far outweighs that of methane. As such, a combined production 
process was proposed in which the methane produced from the anaerobic 
digestion of residual food waste (after SCO production) could be used in a 
combined heat and power plant to provide the energy for SCO production. 
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Another method of increasing the process economics is based on the biorefinery 
model of producing multiple product streams from a single feedstock. These may 
include other oleochemical products, such as nutritional polyunsaturated fatty 
acids, solvents, adhesives, lubricants, plastics or platform chemicals. These 
products, with a greater profit margin may become economically viable before fuel 
production does. By products such as pigments could also help with economic 
viability. Similarly, speciality or substitute oils such as γ-linolenic acid may have to 
be the focus of SCO production until the cost of production decreases significantly 
to make the production of commodity oils economically viable. However, as few 
yeast produce this type of oil in greater quantities than ~1%, significant research 
into genetic modification would be required, again increasing the costs of 
manufacture. 
7.3 Future direction 
With the global population set to reach 9.5 billion by 2075,229 not only will the 
production of food need to increase, but the effective management and treatment 
of biodegradable waste will be of increasing importance. One can look at this 
scenario in one of two ways. Firstly, with an increasing population, there is the 
argument that a greater quantity of food waste will be produced. Alternatively, it is 
equally possible to imagine a scenario that with an increasing demand for food, 
most likely coupled to increased prices, food will be more highly valued and thus a 
lower quantity culminates in the waste processing stream. Understanding the 
change in trends is going to be key in assessing the true feasibility of food waste as 
a resource for SCO production. One of the biggest challenges surrounding food 
waste valorisation is the inherent heterogeneity, as it is highly affected by the 
source from which the waste is derived.224 Nutritional habits, seasonality and 
location (both geographically and building type e.g. schools, prisons etc) could 
affect the composition of the food waste. 
Within the UK, household food waste collected at the kerb-side can be contained 
within newspaper or cornstarch caddy liners. No research has investigated how the 
presence of these, as well as other contaminants such as the bioplastics, poly lactic 
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acid (PLA) or polyhydroxybutyrate (PHB) would affect the production of SCO from 
food waste. Indeed, it would be an ideal scenario to imagine the food waste, as well 
as the packaging in which it was contained to be able to be treated in the same 
waste stream. 
Furthermore, dietary habits globally are likely to change over the next few decades. 
Meat consumption has doubled in the past 30 years, and it is expected to double 
again by 2050. This is partly due to the rising proportion of middle class citizens in 
China, India and Russia.315 However, the production of animal protein is deemed 
unsustainable due to land usage, GHG emissions and water consumption. The 
production and consumption of high-protein alternatives is therefore likely to 
increase. This may include texturised plant protein such as tofu, produced from 
soya or Quorn™, contain mycoprotein produced from Fusariun venenatum. 
Similarly, Beyond Meat® using soy and pea protein within their products.316 More 
unusual sources of protein may also enter our diets, such as Exo cricket protein bars 
made from ground crickets. Dried crickets contain 69% protein, and are estimated 
to be 20 times more efficient as a source of protein than cattle.317 Indeed 
biotechnology may also offer some interesting alternative protein sources. 
AquaBounty Technologies have been genetically modified Atlantic salmon (Salmo 
salar) through the addition of two genes, to produce the AquAdvantage® salmon, in 
which a Chinook salmon (Oncorhynchus tshawytscha) growth hormone has been 
inserted under the control of an ocean pout (Zoarces americanus) promotor. 
Instead of the salmon promotor gene which is only active during Spring and 
Summer, the ocean pout promotor is active all year round which enables the 
salmon to be reared to full size in 18 months rather than 36 months.318 Similarly, 
the lab-grown burger produced by Prof. Mark Post’s research team at Maastricht 
University may provide an insight as to how we can continue to maintain a red-
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